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Abstract 

 Skeletal muscle plays a pivotal role in everyday life. Not only does it allow locomotion but 

it also helps with temperature regulation and a myriad of metabolic pathways. The organized 

structure and niche of skeletal muscle, in part, allows it to achieve these tasks. Skeletal muscle 

is comprised of bundles of myofibers packaged within fascicles. Hundreds of myonuclei reside in 

each myofiber. Each nucleus specializes within the myofiber based on its location, with myonuclei 

near the neuromuscular junction assisting with signal transmission at the synaptic cleft and 

myonuclei near the myotendinous junctions helping maintain integrity. The multinucleated skeletal 

muscle syncytium arises from myogenic progenitors which fused to each other to form mature 

muscle fibers. In disease, such as Duchenne muscular dystrophy (DMD), these progenitors, also 

known as muscle satellite cells (MuSCs), are activated to repair damaged muscle fibers and form 

new muscle fibers. The regenerative program employed by MuSCs utilizes identical myogenic 

regulatory factors, such as MyoD and Myogenin, that govern myogenic progression during 

development. Previous studies have implicated an overactive regenerative program in advancing 

the pathogenesis of DMD. Given the broad array of genetic programs regulated by MyoD and its 

important role in priming myoblasts for fusion, we sought to determine if a distinct program 

activated by MyoD, namely the fusogenic program, had an effect on myofibers. To test the 

hypothesis that reactivation of the fusogenic program in myofibers is deleterious, we employed a 

doxycycline-inducible system to activate expression of the skeletal muscle fusogens Myomaker 

and Myomerger in developed myofibers. We found that both Myomaker and Myomerger 

destabilized the myofiber membrane in a dose-dependent manner, leading to muscle damage 

and pathology. Dual expression of both Myomaker and Myomerger exacerbated these effects on 

skeletal muscle myofibers. In summary, reactivation of the fusogens within mature muscle fibers 

leads to membrane damage, muscle atrophy, and pathology. These data explain why Myomaker 

and Myomerger expression is so tightly regulated in myoblasts during development and 
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regeneration. They also reveal that myofiber-expression of the fusogens are a potential 

therapeutic target to reduce disease progression in muscular dystrophy.  
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Chapter 1: Introduction 

I. Embryological Origins of Skeletal Muscle 

Embryological development in vertebrates is a highly regulated process governed by stem 

cell proliferation and differentiation. Morphogenesis commences with gastrulation, the formative 

process by which the three germ layers – ectoderm, mesoderm, and endoderm – arise1. 

Coordinated expression of BMP, Shh, and Wnt signaling pathways orchestrates gastrulation, 

prodding epiblast thickening and the formation of the primitive streak in the caudal region of the 

median plane2–6. Caudal elongation of the primitive streak occurs alongside proliferation of its 

cranial end, leading for the formation of a primitive node7. A portion of the cells which sit atop the 

yolk sack, termed epiblasts, invaginate and form a monolayer from which endoderm is derived8,9. 

Epiblasts which undergo epithelial to mesenchymal transition but do not fully migrate form the 

mesoderm while those that do not migrate form the ectoderm10,11. 

A portion of the invaginating epiblasts migrate cranially from the primitive node to form the 

notochordal process12. The notochordal process expands cranially until reaching the prechordal 

plate, the site where ectoderm and endoderm are fused. In addition to forming the notochord, 

these epiblasts pattern the mesoderm of the median plane, forming (medially to laterally) paraxial 

mesoderm, intermediate mesoderm, and lateral mesoderm (Fig. 1)3,13–16. 
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Figure 1: Norchord development. Epiblast invagination leads to the formation of the notochord. 

Other populations of epiblasts partially migrate through the neural fold to form separate 

mesodermal structures: paraxial mesoderm, intermediate mesoderm, and lateral mesoderm. 

 

The paraxial mesoderm differentiates and forms cuboidal bodies called somites on both 

sides of the notochord. Shh, Wnt, and BMP signaling from the notochord, neural tube, surface 

ectoderm, and lateral plate mesoderm partition the somites into ventromedial and dorsolateral 

regions17. Epithelial-to-mesenchymal transitioning within the ventromedial region and migration 

towards the ventral region of the neural tube leads to sclerotome formation from which the 

vertebrae and ribs form18. Cells within the dorsolateral region remain epithelial and comprise the 

dermomyotome (Fig. 2)19. The dermomyotome further develops, expanding laterally. Cells in the 

lateral lips of the dermomyotome expressing Myf5 and Mrf4 migrate ventrally to form a distinct 
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myotome beneath the dermatome from which skeletal muscles of the body and limbs are 

derived20,21. 

 

Figure 2: Neurulation and somite development. Invagination of the neural plate at the neural 

folds leads to the development of a neural tube and dorsal surface ectoderm22. Differentiation of 

the paraxial mesoderm leads to somite development. The ventral half of the somite undergoes 

epithelial to mesenchymal transition to form the sclerotome (SC), which later gives rise to the 

vertebral column, meninges, and ribs23. The remaining dorsal portion of the somite subsequently 

differentiates to form the dermomyotome (DM), the origin of muscle, connective tissue, 

endothelium, and cartilage24. 

 

Oddly enough, craniofacial musculature has a different origin than trunk and limb 

musculature. While commonly mistaken as having a neural crest origin, head muscles originate 

from cranial paraxial mesoderm, more specifically the prechordal, paraxial, and splanchnic 

mesoderm components25,26. Muscles which comprise the head are broadly divided into three 

groups: 1) tongue and posterior neck muscles, 2) pharyngeal muscles (those of the jaw, anterior 



P a g e  | 4 

 

neck, and face), and 3) extraocular muscles (EOMs)26. Although muscles of the tongue and 

posterior neck muscles were originally thought to both be derived from the occipital somites, it 

was more recently discovered that the posterior neck muscles actually originate from the lateral 

plate mesoderm adjacent to the most anterior somites27. The latter two groups arise from cranial 

paraxial mesoderm26,28. 

 

Figure 3: Myogenic genetic networks (adapted from Braun and Gautel. Nat Rev Mol Cell Bio, 

2011). Different genetic networks of transcription factors regulate myogenesis based on 

developmental origin. A core set of transcription factors are expressed in all groups of muscles: 

Myf5, Mrf4, MyoD, and Myogenin. Craniofacial muscle development is initiated by Pitx2 whereas 

limb and trunk muscle development is initiated by Pax3. 
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Highly coordinated genetic networks determine cell fate of skeletal muscle stem cells (Fig. 

3). These genetic programs have largely been unraveled through loss-of-function experiments in 

mice and chick embryos. Limb and facial muscles fail to develop in embryos lacking Myf5 and 

MyoD, but some trunk muscles are still present20. Conversely, mice deficient in Pax3, Myf5, and 

Mrf4 fail to develop trunk muscles but have normal head muscles29. Thus, somitic myogenesis 

requires Pax3-complementation of the canonical myogenic developmental pathway20,29. In the 

absence of Myf5 and Mrf4 or the homeobox transcription factor Pitx2, however, EOMs fail to 

development, indicating a lack of alternative signaling pathways to activate Myogenin and 

downstream myogenic stem cell differentiation30,31. A small number of EOMs and pharyngeal arch 

muscles are observed in Myf5;Mrf4 double mutants, hinting at a parallel pathway for Pitx2 to 

activate MyoD32. Despite these differences in origin, MyoD or Myf5 is required for activation of 

Myogenin and subsequent differentiation of skeletal muscle stem cells33. 

 The stem cells which form the bulk of prenatal skeletal muscle can be binned into three 

groups termed founder stem cells (FSC). FSC1 arises from the dorsal and ventral lips of the 

dermomyotome, expressing Pax3 (and eventually Myf5/Mrf4/Myod)26. However, not all cells from 

FSC1 require Pax3, as Pax3-null embryos still develop a myotome29,34,35. FSC2 migrates from the 

central dermomyotome to the underlying myotome, expressing Pax3/Pax7 (and eventually 

Myod/Myf5)26. Finally, the FSC3 population originates from the ventral dermomyotome of select 

somites, developing into limb, tongue, and diaphragm skeletal muscle, expressing Pax3, Met, 

Lbx1, and Meox1 (and eventually Myf5/Myod/Mrf4)20,31,34. The majority of adult skeletal muscle 

stem cells is understood to arise primarily from FSC2 and FSC3, as FSC1 is exhausted early in 

embryogenesis31. However, additional work is needed to validate this premise. Overall, all skeletal 

muscles, sparing those in the head, are derived from the dermomyotome. The epaxial portion of 

the dermomyotome, that which is adjacent to the neural tube, gives rise to dorsal muscle groups 
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while the hypaxial portion gives rise to limb muscles36. With regards to specific origin, trunk and 

tongue muscle stem cells originate from the Pax3+ lineage, head and EOM muscle stem cells are 

derived from the MesP1+ lineage, and the Isl1 lineage comprises the stem cells of pharyngeal 

muscles37. 

 

II. Myogenesis 

Upon formation of the dermomyotome, key transcription factors, termed myogenic 

regulatory factors (MRFs), coordinate the next steps of myogenesis. During murine development, 

myogenesis can be separated into two phase: an early (primary) phase around E10.5-E12.5 and 

a later (secondary) phase around E14.5-17.538,39. In primary myogenesis, Myf5- and Mrf4-

expressing cells in the lateral regions of the dermomyotome delaminate, migrating ventrally to 

form the myotome20,21. As myocytes develop in the myotome, they begin to differentiate, 

expressing slow (Myh7) and embryonic (Myh3) myosin heavy chains (MyHCs), α-actins (cardiac 

(Actc1) and skeletal (Acta1)) and desmin, and metabolic enzymes such as β-enolase and 

carbonic anhydrase III40–47. Wnt11 signaling directs their elongation along the anterior-posterior 

axis48–50. Slow myosin heavy chain fibers begin to develop as more cells continually migrate from 

the dermomyotome51,52. Shortly after depletion of the Myf5- and Mrf4-expressing cells of the 

dermomyotome, the central dermomyotome loses its epithelial character and Pax3-expressing 

cells from this region delaminate and begin to seed the myotome35,53–55. 

As the embryo elongates, myogenesis proceeds in a rostral to caudal fashion, sequentially 

adding somites56,57. Limb muscles develop as cells from the lateral dermomyotome migrate to the 

developing limb buds58,59. While the myogenic program of the trunk and limbs is slightly divergent 

from that of the EOM and muscles derived from the pharyngeal arches, a key set of transcription 

factors drive myogenesis: Pax3 and the MRFs Myf5, MyoD, Mrf4, and myogenin33,60–62. 
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Regardless of the location (somite, extraocular, pharyngeal arch), however, myogenin is globally 

responsible for the terminal differentiation of myoblasts to myocytes63–65. 

During secondary myogenesis, a portion of the Pax3+ myogenic progenitors begin to 

express Pax7 and downregulate Pax366. Secondary (fetal) myofibers, characterized by β-enolase, 

Nfix, or MyLC3 expression, arise from the fusion of Pax7+ myogenic progenitors to themselves or 

to the primary myofibers67–70. Muscle growth during secondary myogenesis is sustained by the 

fusion and proliferation of Pax7+ progenitors71. Postnatally, however, muscle growth primarily 

occurs through fiber hypertrophy and myofibril addition72,73. As muscle fibers develop, they 

become more specialized through the expression of specific MyHC isoforms74. Oxidative slow 

twitch muscle fibers are characterized by slow MyHC (Myh7) expression. More glycolytic, or fast 

twitch, muscle fibers express fast MyHC (Myh2, Myh1, Myh4, in order of decreasing oxidative 

capacity)75. Developmentally, the MyHC isoforms are expressed in a set sequence, with 

embryonic and slow MyHC expressed first, followed by perinatal MyHC in the fetal and neonatal 

stages and fast MyHC isoforms during the later fetal stages66. Fast-type fiber diversity is 

regulated, in part, by the Six and Eya transcription factors76,77. In concert with physiological 

demands and innervation, these transcription factors help pattern the fiber type in each muscle 

fiber, leading to unique metabolic traits and electrophysiological properties74. 

Muscle fibers hypertrophy not only through fusion of myogenic progenitors but also 

through myofibrillogenesis. The sarcoplasm of muscle fibers is comprised primarily of myofibrils 

which themselves are composites of sarcomeres, the contractile unit of muscle66. The myofibrils 

span the entire length of the muscle fiber, connecting at myotendinous junctions at each end73,78. 

A specialized plasma membrane, the sarcolemma, envelops each myofiber and anchors to a 

specialized basal lamina, the endomysium79,80. The dystrophin-glycoprotein complex anchors the 

sarcolemma to the extracellular matrix (ECM)81. Invaginations of the sarcolemma called T-tubules 

abut cisternae, specialized sarcoplasmic reticulae which store calcium, which altogether comprise 
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triads (a T-tubule surrounded by terminal cisternae on both sides laterally). These triads, which 

develop perinatally, are closely associated with the myofibrils, allowing for transduction of 

sarcolemmal depolarization through the fiber during neuronal excitation82–84. 

The Pax7+ myogenic progenitors not only participate in secondary myogenesis but they 

also form the pool of adult muscle stem cells35,53,54,85,86. In some muscles, such as the diaphragm, 

Pax3 expression is maintained in the stem cell pool35,87. Maintenance of these satellite cells 

requires Notch signaling; these myogenic progenitors cannot properly develop in its absence88. 

While nearly all satellite cells transiently express MyoD prenatally, a subset of Pax3/7+ cells 

proliferate without upregulating other MRFs, such as Myf535,53,89. During the fetal and perinatal 

stages of muscle growth, when the rate of muscle mass accrual is highest, satellite cell 

progenitors comprise approximately 30% of the mononuclear cell population66,90. Shortly after 

birth, however, these progenitors reduce in number to a smaller pool of quiescent Pax7+ satellite 

cells, accounting for a small percentage of the total mononuclear cell population90–92. 

III. Disease in Skeletal Muscle 

Disruptions in any component of the skeletal muscle motor unit or its surrounding 

extracellular environment may lead to disease. Skeletal muscle diseases can broadly be 

categorized into four categories: dystrophinopathies, inflammatory myopathies, neuromuscular, 

and metabolic diseases93. Duchenne muscular dystrophy (DMD), classified as a 

dystrophinopathy, is the most prevalent of these, affecting approximately 1 in 5,000 live male 

births94. Although it primarily affects males, given its X-linked inheritance, females can also be 

affected, but they usually exhibit a milder phenotype. DMD typically presents around 2-3 years of 

age, manifesting with difficulties walking and climbing stairs. To compensate for weakness in the 

pelvic and lower limb muscles, affected children will utilize a technique termed Gower’s maneuver 

to stand up95. This method involves using their hands to push up on their knees from a prone 
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position to stand up, leading to hypertrophied calf muscles96. Patients usually become wheelchair-

bound by the time they reach their teenage years97. 

The most prevalent cause of mortality in patients with DMD used to be respiratory failure98. 

However, improved treatment strategies and management of DMD patients has extended the 

median lifespan from approximately 20 years of age to over 30 years of age98,99. As a result, 

cardiac disease has emerged as a leading cause of death in these patients98,100–102. Not only have 

cardiac complications been underappreciated in DMD patients but also intellectual 

disabilities103,104. Delayed speech acquisition, intellectual disability, autism spectrum disorder, and 

attention deficit disorder have been implicated in DMD. The variability of neurological symptoms, 

which are not progressive like the skeletal and cardiac symptoms97, may be due to the isoform of 

dystrophin affected. In muscle, only one isoform is expressed while multiple isoforms are 

expressed in the brain. The location of the dystrophin mutation, therefore, may impact the 

manifestation of neurological symptoms in each DMD patient105. Although there are numerous 

neurological symptoms reported to be associated with DMD, they are not progressive like the 

skeletal and cardiac muscle symptoms97. 

Elucidating the genetic cause of DMD was difficult at first. Clinical observations had 

determined that it had an X-linked inheritance pattern106. It wasn’t until the late 1970s and early 

1980s that the DMD locus had been narrowed down to the Xp21 region of the X chromosome107. 

Following a heated competition between several labs to discover the causative gene and a 

monumental cloning endeavor, the DNA sequence was successfully cloned and a protein 

sequence was predicted, indicating that the DMD protein might serve a structural role in 

muscle108. The complete cDNA sequences of the mouse and human homologues were generated 

soon thereafter, distinguishing the gene as the largest ever known109,110. Successful purification 

of the protein product, dystrophin, confirmed previous predictions of size and absence of 

expression in muscle biopsies from DMD patients111. 
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Figure 4: The Dystrophin-Glycoprotein Complex. Dystrophin is a critical structural protein 

which links the intracellular F-actin elements of the cytoskeleton to the extracellular matrix. It both 

binds to and serves as a membrane scaffold to other proteins in the sarcolemma, including 

dystroglycans and sarcoglycans. 

 

The discovery of dystrophin catalyzed a myriad of studies seeking to reveal its precise 

function. These studies have uncovered dystrophin as a critical structural protein linking 

intracellular cytoskeletal components to a plasma membrane complex termed the dystrophin-
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glycoprotein complex (DGC)112. Not only is dystrophin necessary for membrane stabilization but 

also as a scaffold for many dystrophin-associated proteins (Fig. 4)106. More recently, post-

translational modifications, especially the addition of glycosylation moieties to the extracellular 

components of the DGC, have been shown to play an important role maintaining the stability of 

this complex113. 

DMD has been historically characterized as a skeletal muscle disease ultimately resulting 

in necrosis114. However, the mechanism of cell death within skeletal muscle has been disputed. 

Harmful factors, such as calpain activity115, reactive oxygen species116, and nuclear factor kappa 

beta activation117 have been reported in DMD. Given the important role of dystrophin in mediating 

muscle cell stability, there is a growing consensus that the plasma membrane stability may be 

culpable in initiating disease118. When dystrophin is absent, the plasma membrane becomes more 

susceptible to injury, leading to excess calcium ion influx into the myofiber and muscle damage119–

124. 

Unique susceptibilities to myopathies arise from the divergent origins of skeletal muscle. 

DMD, for example, affects the majority of limb skeletal muscles while oddly sparing EOM and 

laryngeal muscles even though every cell in DMD patients lack dystrophin125,126. Because EOM 

and laryngeal muscles are both embryologically derived from different cell origins compared to 

limb muscles, this has been proposed as a reason for their enhanced myogenic progenitor cell 

activity127–130 and altered calcium homeostasis131,132. These observations provide support for the 

notion that dystrophin deficiency itself is not sufficient for disease but rather events secondary to 

its absence133. 

In addition to diseases, birth defects have also been linked to the different cell origins of 

skeletal muscle. Certain birth defects manifest in both skeletal and cardiac muscle, such as 

DiGeorge Syndrome. There exists a substantial overlap in the expression of head muscle markers 

and cardiac markers in the pharyngeal mesoderm, suggestive of a dual contribution to 
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myogenesis and cardiogenesis134–136. Furthermore, lineage-tracing studies have demonstrated 

an overlap in the progenitor populations which contribute to pharyngeal muscles and the second 

heart field derivatives37,135,137,138. The overlap in progenitor contributions and physical proximity 

during early embryogenesis leads to linked cardiac and craniofacial birth defects139–141. Better 

understanding the embryologic origins of skeletal muscles could be leveraged in the future to 

develop more targeted treatments for myopathies and birth defects. 

DMD has historically been treated with corticosteroids to curtail disease progression142. 

While the precise mechanism by which this therapeutic acts is not fully understood, steroids are 

believed to have a dampening effect on the immune system, reducing cytokine production and 

lymphocyte reaction, as well as stimulating muscle growth through insulin-like growth factors and 

enhanced myoblast proliferation143. Despite the benefits of improved motor function, reduced 

cardiomyopathy, and blunted progression of scoliosis, steroids have several undesirable side 

effects, not limited to immunosuppression, muscle weakness, osteopenia, and blunted growth144. 

In order to reduce these side effects, a novel steroid, vamorolone, has been developed that has 

distinct anti-inflammatory activity without the promiscuous gene transcriptional activities which 

contribute to the negative effects of gold standard corticosteroids, such as prednisone145,146. 

Cell-based therapies, which first showed promise after donor myoblasts were observed to 

fuse with existing myofibers following skeletal muscle graft, arose as an alternative to 

symptomatic treatment147. A decade later, successful fusion of dystrophin-positive myoblasts into 

dystrophic muscle was demonstrated, providing support for cell therapy as a potential therapy for 

DMD148. Despite these promising studies, satellite cell-based therapies have not yielded 

promising results, potentially due to the host immune response149,150. More successful cell-based 

therapies have involved nondonor-derived mesoangioblasts in animal models, but preliminary 

results expose unanticipated challenges in developing such treatments for DMD151–153. 
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To circumvent the challenges of cell-based therapies, other groups have attempted to 

restore functional dystrophin in dystrophic muscle via alternative methods. Because the large size 

of dystrophin makes it unfavorable for viral transfection of dystrophic tissue, groups have 

attempted adding an analogous structural component to dystrophic muscle, such as 

minidystrophins154–159 or microdystrophins160–165. In addition to dystrophin substitutes, antisense 

oligonucleotide-mediated exon skipping has emerged as a potential alternative to traditional 

treatments. These agents utilize synthetic nucleotide analogues to skip the mutation-containing 

exons responsible for the patient’s DMD166. Although they are only effective for certain mutations 

and do not restore full-length dystrophin, the resulting protein product is more functional than the 

lack thereof167. To date, four exon skipping agents have been approved by the FDA, covering 

nearly one third of all DMD mutations167,168. 

Although dystrophin restoration is a promising treatment for DMD patients, therapeutic 

success still hinges on the immune system. Not only have cellular and humoral responses been 

documented against the delivery vehicle (i.e. viral components) but also against dystrophin-

positive myofibers169,170. These immune responses have the potential to reduce the therapeutic 

efficacy171. Immunomodulatory agents, such as steroids172, rapamycin173, and 

immunoproteasome inhibitors174, have variable effectiveness reducing this counterproductive 

immune response but may augment dystrophin restoration treatments175. Altogether, these 

studies indicate that fixing the causative genetic contributor to DMD, by itself, may not be sufficient 

to prevent disease progression, highlighting a need to develop parallel treatments which 

cooperate with gene therapies to provide meaningful clinical benefit to the patient. 

 

IV. Regeneration of Skeletal Muscle 

Satellite cells not only play a critical role in the development of skeletal muscle but also its 

regeneration. Depletion of the satellite cell pool in muscle leads to impaired regeneration176,177. 
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Progenitor-null muscle has fewer myofibers, increased fibrosis, and elevated intracellular fat 

accumulation following injury178–180. This pathology is rescued with satellite cell transplantation 

into the depleted muscle180. 

Broadly, skeletal muscle regeneration can be divided into three overlapping stages: 1) 

inflammatory response, 2) activation, differentiation, and fusion of the satellite cell pool, and 3) 

remodeling of the myofiber milieu181. The second stage can be subdivided into distinct phases, 

broadly characterized by their expression of different MRFs, of satellite cell quiescence, 

stimulation, migration, proliferation, differentiation, and fusion (Fig. 5)36. Relative MRF expression 

is a key determinant of myogenic progenitor activation and progression through these stages of 

regeneration. Indeed, a high ratio of Pax7 to MyoD is suggested to promote quiescence while a 

low ratio may favor differentiation182. Each stage of myogenic regeneration will be reviewed. 

 

Figure 5: Skeletal Muscle Regeneration (adapted from Dumont et al. Comprehensive 

Physiology, 2015). Upon muscle injury, quiescent satellite cells (Pax7+ and Myf5 +/–) are 

activated and become myoblasts, gaining expression of MyoD. After proliferating, they may fuse 

to each other or to damaged myofibers. 
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A. Quiescence 

The majority of satellite cells within unperturbed skeletal muscle are quiescent183. This 

stage is characterized by a lack of cell cycle progression, low rate of metabolism, and low RNA 

content184. Although quiescent satellite cells are intuitively understood to be dormant, 

maintenance of this cell state is an active process. Compared to activated satellite cells, over five-

hundred genes are upregulated in quiescent satellite cells, most of which are involved in negative 

regulators of the cell cycle and myogenic inhibitors185. In addition to cell cycle regulation, the 

satellite cell niche plays a critical role in stem cell quiescence. M-cadherin expression on the 

satellite cell and its neighboring myofiber membrane interact and molecularly immobilize it186. 

Additionally, quiescent satellite cells express elevated levels of tissue inhibitor of 

metalloproteinases to counteract ECM degradation by metalloproteinases187. 

Notch signaling plays a pivotal role in satellite cell quiescence188. Deficient Notch signaling 

triggers a loss of satellite cell quiescence189. Interestingly, satellite cells with reduced Notch 

signaling do not undergo apoptosis but rather prematurely differentiate without undergoing cell 

division, fusing with adjacent myofibers190,191. Notch signaling has been shown to promote 

quiescence in several different manners. First, Notch signaling may directly activate Pax7 

expression, leading to self-renewal of the myogenic progenitor pool192. Second, upregulation of 

the Hes and Hey family genes, canonical Notch targets, inhibits MRF expression, indirectly 

blunting differentiation192,193. Finally, crosstalk with other pathways regulates the quiescence of 

satellite cells. Coordination of Notch signaling and BMP4/SMAD1 inhibits myogenic 

differentiation194. Also, hypoxic conditions of the stem cell niche permit HIF-1α to activate 

expression of Notch-responsive promoters, helping maintain quiescence195. Finally, crosstalk 

between the Wnt and Notch signaling pathways via GSK3β determines satellite cell progression 

to proliferative expansion196. 
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B. Activation 

Satellite cells respond to changes in their niche, some of which coerce activation. Upon 

injury, growth factors such as FGF2 are released from the ECM, triggering satellite cell 

activation197. Indeed, FGF receptors are upregulated in activated stem cells compared to 

quiescent stem cells198. Syndecan-4 mediates FGF2 signaling, triggering an increase in 

intracellular calcium which leads to NFATc translocation to the nucleus and satellite cell 

activation199,200. Satellite cell activation is also stimulated by FGF2-mediated activation of the p38 

MAPK pathway and inhibiting this pathway prevents activation201,202. In parallel to FGF2, HGF is 

another critical factor for satellite cell activation. It, too, is released from the ECM upon injury203. 

Syndecan-4 is also necessary to mediate HGF signaling199, which involves HGF binding to c-Met, 

a receptor on quiescent satellite cells, to promote entry into the cell cycle204. 

Another molecule known to be released from tissue upon injury is nitric oxide (NO). 

Inhibition of the enzyme responsible for NO production, NO synthase, blunts satellite cell 

response to injury205. NO has been shown to stimulate matrix metalloproteinase (MMP) 

expression and increase the release of growth factors from the ECM206. 

The canonical growth factor IGF-1 may also activate satellite cells207. Several different cell 

types serve as sources of IGF-1, such as fibroblasts and myofibers208. IGF-1-mediated stimulation 

of the Akt-mTOR pathway and subsequent downregulation of the FOXO transcription factor has 

been well studied in skeletal muscle209. FOXO downregulation by IGF-1 inactivates p27kip, a cell 

cycle repressor, and triggers satellite cell cycling210. 

TNF-α is a cytokine is that is produced and released upon muscle injury36. It has been 

shown to activate satellite cells, leading them to enter the cell cycle211. TNF-α-mediated activation 

of the NF-κB pathway silences Notch1 expression, obstructing quiescent cell signaling and 

promoting satellite cell activation212. 
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The plasma membrane composition of satellite cells also plays a role in their quiescence. 

Quiescent, but not proliferating, satellite cells have abundant sphingomyelin stores in their plasma 

membrane213. A series of enzymatic reactions may catalyze the conversion of sphingomyelin to 

sphingosine-1-phosphate (S1P), which can prompt satellite cell entry into the cell cycle and 

induce its differentiation214–216. Interestingly, S1P signaling has differential effects on cell migration 

depending on which receptors it activates217. Altogether, stimulation of S1P preferentially nudges 

satellite cells from quiescence and into a more differentiated state. 

 

C. Migration 

Quiescent satellite cells reside more or less randomly dispersed along the length of 

myofibers218. Upon muscle injury and subsequent activation, they migrate to the lesion locus219. 

A multitude of studies have unveiled the extraordinary migratory capacity of activated satellite 

cells, even venturing to neighboring fibers to repair damage219–221, which is higher before they 

begin proliferating220,222. Both adhesive and soluble molecules play a critical role in directing 

satellite cells to the appropriate region. 

Although fibronectin and collagen have been shown to enhance satellite cell migration in 

vitro, laminin is generally considered the best inducer in vivo220. In addition to the membrane 

proteins integrin-α7 and integrin-β1, which play a role in laminin binding, CD34 is another 

membrane protein expressed in satellite cells critical for migration, as CD34-deficient satellite 

cells exhibit impaired migratory capacity36,223. CD44, a multidomain signaling platform with the 

capability of interacting with collagen, fibronectin, and laminin224, has also been shown to regulate 

satellite cell motility225. 

While the ECM may serve as a scaffold for satellite cell migration, it may also act as an 

obstacle to overcome. Satellite cells exploit MMPs to surmount this impediment. MMPs consist of 

a broad range of enzymes capable of remodeling the ECM226. MMP inhibition has been shown to 
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blunt satellite cell migration227,228. More specifically, MMP-1 is capable of degrading collagen types 

I, II, and III to facilitate myoblast migration229. MMP-2 and MMP-9 are upregulated in regenerating 

skeletal muscle230 and overexpression of MMP-9 enhances myogenic cell migration and 

engraftment231. More recently, satellite cell-derived MMP-13 has been found to be required for 

efficient muscle growth and regeneration232. Regulation of MMP activity is thought to occur 

primarily through tissue inhibitors of MMP (TIMPs). While TIMPs were originally thought to 

function as MMP inhibitors, as their name suggests, there is accumulating evidence that 

interactions between TIMPs, MMPs, and the ECM is more nuanced than originally predicted233,234. 

Not only is the ECM a critical element of satellite cell migration but also soluble molecules. 

Among the components of crushed skeletal muscle, which itself has been found to modulate 

satellite cell migration, TGF-β and HGF were found to individually exhibit chemotactic activity235. 

The chemotactic activity of the growth factors FGF-2 and FGF-6 have also been reported220,236. 

Wnt7a has been shown to mediate myogenic progenitor dispersion through the Fzd7 receptor via 

the planar cell polarity pathway237. Integrin expression, such as β1-integrin, which is critical for 

laminin binding220, is stimulated by interleukin-4238. In addition to chemoattractant molecules, 

repulsive molecules direct satellite cell migration. Eph receptor and ephrin ligand interactions 

nudge satellite cells away from uninjured myofibers, supplementing the positive chemoattractants 

in directing them to repair damaged myofibers239. 

 

D. Proliferation 

Upon reaching a damaged locus of skeletal muscle, activated satellite cells proliferate 

prior to fusion240. When proliferation is blocked in vitro, myoblasts undergo terminal 

differentiation241. Due to activation of redundant pathways, however, it has been challenging to 

fully dissect factors which activate satellite cells from those that promote their proliferation. For 

example, although FGF-2 may stimulate proliferation of myoblasts in vitro this activity is likely due 
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to enhanced satellite cell activation242. Additionally, although the proinflammatory cytokine TNF-

α promotes satellite cell activation via stimulation of serum response factor211, it, along with IL-1β, 

may stimulate IL-6 expression during the early regenerative phase243,244. IL-6, in turn, stimulates 

myoblast proliferation245,246. 

Despite challenges with distinguishing factors which have a binary effect on satellite cell 

activation or proliferation, the pathways which promote proliferation over differentiation (or vice 

versa) have been more clearly uncovered. The JAK1-STAT1-STAT3 pathway plays an important 

role in promoting the proliferation of myoblasts and preventing premature differentiation247. A 

handful of microRNAs play an important role in regulating gene expression at this axis. The 

microRNAs miR-221 and miR-222 thwart differentiation by delaying Myogenin and p27 

expression, a crucial differentiation transcription factor and a cell cycle inhibitor, respectively248. 

Additionally, miRNA-133 represses serum response factor, a key driver of myogenic 

differentiation249,250. 

 

E. Differentiation 

Satellite cells express a similar genetic program when differentiating compared to fetal 

myogenesis. In fact, all of the MRFs (MyoD, Myf5, Mrf4, and Myog) are re-expressed during 

regeneration18. Proliferating myoblasts, which express Pax7, Myf5, and MyoD, progress into 

differentiation through the downregulation of Pax7 and upregulation of Myogenin, becoming 

MyoD+ Myogenin+ myocytes86,251,252. MyoD lies at a critical nexus between satellite cell 

proliferation and differentiation. Myoblasts which lack MyoD fail to upregulate Myogenin and Mrf4, 

leading to impaired muscle regeneration253–255. MyoD helps to facilitate the transition from 

proliferation to differentiation by halting the cell cycle256–258 and stimulating Myogenin 

expression259. 
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Upon activation by MyoD, Myogenin activates a set of genes involved in muscle 

contractibility, such as MyHC, creatine kinase, components of voltage-dependent calcium 

channels, actinin α2, and troponin260. Interestingly, despite their relatedness, MyoD cannot 

compensate for the absence of Myogenin261. However, Mrf4 can substitute for Myogenin during 

early stages of myogenesis262. This could be attributed to the greater homology between 

Myogenin and Mrf4 in contrast to Myogenin and MyoD despite all four MRFs, including Myf5, 

having very similar topology17. 

Other transcription factors promote myogenic differentiation. In parallel to MyoD, SMAD2 

also promotes Myogenin expression, independent from its canonical TGFβ receptor complex 

signaling263. A member of the myocyte enhancer factor (MEF) family, MEF2C, has been shown 

to physically interact with MyoD or Myogenin to activate downstream gene programs264. A positive 

regulatory feedback mechanism between MEF2C and the MRFs further potentiates the myogenic 

differentiation program265,266. Despite functional redundancy within the MEF family, the MEF 

transcription factors play a critical role in skeletal muscle regeneration, as myoblasts lacking these 

factors fail to differentiate267. 

In addition to transcription factors, signaling pathways also regulate myoblast 

differentiation. As previously mentioned, GSK3-mediated crosstalk between the Notch and 

canonical Wnt signaling pathways mediates the transition to differentiation196. Myoblast 

differentiation is also stimulated by p38α, a MAPK signaling protein268, which antagonizes the 

proliferation-stimulating JNK pathway to decrease myoblast proliferation269. p38α also positively 

regulates myoblast differentiation through its involvement with MyoD/E47 heterodimerization and 

phosphorylation of MEF2A and MEF2C, the latter of which acts as a coactivator of MyoD268,270.  
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F. Fusion and Myotube Formation 

After differentiating, myocytes may fuse to damaged myofibers or to each other to form 

new myofibers271,272. This fusion process has been historically well-studied in Drosophila due to 

experimental ease for observing fusion. The first step(s) of the fusion process involves cell 

recognition and adhesion. These steps are modulated by Dumbfounded (Duf), (Sticks and stones) 

Sns, (Roughest) Rst, and (Hibris) Hbs proteins in Drosophila273–279. In line with its role in satellite 

cell quiescence, Notch signaling downregulates the expression of adhesion proteins which are 

important for fusion, such as Sns280. Similar proteins have been investigated in mice, such as 

Nephrin (Sns homolog), β1-integrin, focal adhesion kinase, M-cadherin, and N-cadherin281,282. 

Upon contact of myoblasts, the Duf and Sns proteins form a fusion-restricted myogenic adhesive 

structure (FuRMAS)283 that contains F-actin at the sites of cell contact284. In response to altered 

distribution of phosphatidylserine, a membrane phospholipid which has been implicated in 

myoblast fusion285,286, Bai3 recruits ELMO/DOCK proteins to the membrane, subsequently 

activating Rac1287. Rac1, a member of the Rho GPTase family, drives actin polymerization 

through activation of Actin related protein (Arp2/3)288. PI(4,5)P2 helps localize Arp2/3 fusion 

machinery to the fusion site289. In Drosophila, actin-mediated mechanical forces generate 

podosome-like membrane protrusions in fusion-competent myoblasts towards mononucleated 

founder cells290. 

Once properly positioned, myoblasts employ the fusogenic proteins Myomaker and 

Myomerger to complete the fusion process in vertebrates (Fig. 6). Both fusogens are activated by 

the MRFs MyoD and Myogenin and are necessary for muscle regeneration291–296. Myomaker 

functionally assists in achieving hemifusion between myoblasts, an intermediate stage in which 

the outer leaflet of the plasma membrane bilayer is united between two cells but the inner leaflet 

remains distinct (Fig. 6). Myomerger drives completion of the fusion process through its pore-

forming ability297. Although the mechanism by which Myomaker participates in myoblast fusion 
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remains unclear, despite its homology to lipid hydrolases298–301, more is known about the role of 

Myomerger in myoblast fusion. Its extracellular alpha helices interact with phosphatidylserine to 

drive fusion pore formation and complete the fusion process302,303. 

 

Figure 6: Membrane remodeling during myoblast fusion299. After close membrane apposition 

achieved by actin remodeling, Myomaker assists with the development of a hemifusion state 

whereby the outer leaflet of the plasma membrane bilayer is united between the two cells but the 

inner leaflet remains distinct. The pore-forming activity of Myomerger promotes complete cell 

fusion and cytoplasm union. 

 

While interactions between these proteins have been observed297,304, it remains unknown 

whether Myomaker and Myomerger functionally interact, especially if they have independent 

functions. One model suggests that Myomaker and Myomerger directly interact to promote 

myoblast fusion. This model is supported by findings from an elegant experiment with human 
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Myomaker and Myomerger double knockout myoblasts. Heterologous fusion was the highest 

when the mammalian homolog of Myomaker was expressed in trans to the mammalian homolog 

of Myomerger rather than in cis300. Despite this finding, Myomaker and Myomerger lack obvious 

domains which would facilitate such an interaction. In contrast, SNARE proteins have 

considerably large extracellular domains which coordinate timely vesicle fusion for 

neurotransmitter transmission across synapses305. 

An alternative model proposes that individual activities of Myomaker and Myomerger 

facilitate the fusion process. Myomerger-null myoblasts undergo hemifusion while Myomaker-null 

myoblasts do not, indicating the Myomaker plays a role in achieving this step of fusion. 

Additionally, myoblast fusion can proceed in Myomerger-null myoblasts with the addition of 

membrane-disrupting agents, supporting the concept that both fusogens are not necessary for 

myoblast fusion to occur but rather the resulting fusogen activities297. Although this model is more 

physically plausible given the current knowledge on the myoblast fusion process, the laterality of 

these fusogens in myoblast fusion remains a conundrum. In vitro, Myomaker is required on both 

cells while Myomerger is only required on one cell294,304,306,307. In vivo, however, data suggests 

Myomaker expression is only required in the myoblast and not the myofiber308. Resolving this 

enigma will elucidate the mechanism by which Myomaker and Myomerger participate in myoblast 

fusion.  
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Abstract 

Background 

Skeletal muscle development and regeneration depends on cellular fusion of myogenic 

progenitors to generate multinucleated myofibers. These progenitors utilize two muscle-specific 

fusogens, Myomaker and Myomerger, that function by remodeling cell membranes to fuse to each 

other or to existing myofibers. Myomaker and Myomerger expression is restricted to differentiating 

progenitor cells as they are not detected in adult myofibers. However, Myomaker remains 

expressed in myofibers from mice with muscular dystrophy. Ablation of Myomaker from dystrophic 

myofibers results in reduced membrane damage, leading to a model where persistent fusogen 

expression in myofibers, in contrast to myoblasts, is harmful. 

Methods 

Dox-inducible transgenic mice were developed to ectopically express Myomaker or Myomerger 

in the myofiber compartment of skeletal muscle. We quantified indices of myofiber membrane 

damage, such as serum creatine kinase and IgM+ myofibers, and assessed general muscle 

histology, including central nucleation, myofiber size, and fibrosis. 

Results 

Myomaker or Myomerger expression in myofibers independently caused membrane damage at 

acute time points. This damage led to muscle pathology, manifesting with centrally nucleated 

myofibers and muscle atrophy. Dual expression of both Myomaker and Myomerger in the 

myofiber exacerbated several aspects of muscle pathology compared to expression of either 

fusogen by itself. 

Conclusions 

These data reveal that while myofibers can tolerate some level of Myomaker and Myomerger, 

expression of a single fusogen above a threshold or co-expression of both fusogens are damaging 

to myofibers. These results explain the paradigm that their expression in myofibers can have 
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deleterious consequences in muscle pathologies and highlight the need for their highly restricted 

expression during myogenesis and fusion. 

Keywords 

Myomaker, Myomerger/Myomixer, muscle pathology, myocyte fusion  
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Introduction 

Skeletal muscle is comprised of multinucleated myofibers formed from the fusion of 

activated satellite cells, the resident stem cell of skeletal muscle. During development, satellite 

cells differentiate into myocytes and then fuse to each other to form the skeletal muscle 

syncytium36,309,310. Myomaker and Myomerger are two muscle-specific fusogens necessary for 

this fusion process during development and regeneration291,294,304,307. Myomaker and Myomerger 

are membrane active proteins that function independently at distinct points of the fusion 

pathway297. While Myomaker functions at or before the hemifusion step of the pathway, where 

lipids of the outer leaflet of the plasma membrane mix, Myomerger drives pore formation and 

fusion completion. Myomaker has seven transmembrane domains and an indispensable 

palmitoylated C-terminal cytoplasmic tail306. Although Myomaker shares structural characteristics 

with lipid hydrolases, its precise activity that confers hemifusion competence is not understood298–

301. Myomerger, in contrast, is a single-pass transmembrane protein with two extracellular α-

helical domains that inserts in membranes causing destabilizations needed for formation of fusion 

pores302,303. 

While absolutely essential for muscle regeneration, expression of these muscle fusogens 

is highly regulated and specific to the myoblast stage311. Their expression is not detected in 

myofibers after fusion and genetic data indicates that transcription of the Myomaker gene is 

dispensable in myofibers for their fusion with progenitor cells308,312. Moreover, Myomaker 

expression in myofibers during muscle overload and dystrophic disease is contributed from fusion 

of progenitor cells indicating that myonuclei within the myofiber lack the ability to transcribe 

Myomaker308,313, further highlighting the degree to which the expression of these fusogens is 

transcriptionally restricted. Stringent control of Myomaker and Myomerger expression is likely 

needed due to their inherent membrane-remodeling activities. Indeed, Myomerger helices within 

its ectodomain insert in membranes to convert hemifusion events to full fusion302,303. Given 
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Myomaker is needed to achieve cell hemifusion, a thermodynamically unfavorable event314, it is 

plausible that it, too, may have activity which remodels the plasma membrane. We propose that 

the consequences of these membrane-remodeling effects by the fusogens could be deleterious 

in certain cell types such as myofibers where they are normally not expressed. This concept is 

supported by evidence in which Myomaker was genetically deleted in dystrophic myofibers 

resulting in a reduction of membrane damage308. Through ectopic expression of the fusogens in 

otherwise normal myofibers, we sought to further test the model that consequences of their 

membrane-remodeling effects could be independently deleterious. 

In this study, we assessed the impact of Myomaker and Myomerger activity within the 

myofiber compartment. To study the fusogens in an in vivo setting, transgenic mice were 

generated to ectopically express Myomaker or Myomerger within myofibers using a doxycycline-

inducible system. We found that both fusogens can individually impact myofiber membrane 

integrity. When expressed together, muscle pathology was exacerbated compared to expression 

of either fusogen by itself. Altogether, these data support a paradigm whereby Myomaker and 

Myomerger, while necessary for myoblast fusion, can independently contribute to muscle 

pathology when expressed in the mature skeletal myofibers, even in the absence of dystrophin-

deficiency. 
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Results 

Development of an inducible model for ectopic fusogen expression in myofibers 

To ectopically induce expression of the muscle fusogens in the myofiber compartment, we 

employed a doxycycline-inducible system. Each gene was independently inserted downstream of 

a tetracycline response element (TRE) at the Col1a1 locus (Fig. 1A,B). This construct also 

contained Cre recombinase downstream of Myomaker or Myomerger, linked by an internal 

ribosome entry site (IRES). These mice were crossed with a previously generated transgenic 

mouse which utilizes the human skeletal α-actin (HSA) promoter to drive expression of reverse 

tetracycline transactivator (rtTA)315. The resulting mouse lines, HSArtTA; Col1a1TRE-Mymk-IRES-Cre 

(iMymk) and HSArtTA; Col1a1TRE-Mymg-IRES-Cre (iMymg), allowed for both temporal and spatial control 

of Myomaker or Myomerger expression in myofiber compartments of skeletal muscle.To assess 

induction of the fusogens in various muscles, Myomaker and Myomerger mRNA was measured 

in the tibialis anterior (TA), rectus femoris, and gastrocnemius (gastroc) muscles after a three-day 

induction with doxycycline chow (Fig. 1C,D). Protein expression of Myomaker and Myomerger 

was validated in the soleus, extensor digitorum longus (EDL), TA, gastroc, and rectus femoris 

muscles after three days of induction (Fig. 1E,F). Controls used for 1C-F were dox-treated 

Col1a1TRE-Mymk or Col1a1TRE-Mymg mice, which lacked HSArtTA. We also confirmed that the mouse 

models did not have leaky expression of Myomaker or Myomerger in the absence of doxycycline 

in the gastroc (Fig. 1G,H). 

 

Myomaker expression in myofibers leads to membrane damage and muscle pathology 

Gene expression downstream of the TRE element has been validated as soon as 24 hours 

after induction with doxycycline with the HSA promoter315. Thus, we first wanted to assess the 

impact of short-term Myomaker expression in the myofiber compartment. Evidence of myofiber 

membrane damage was present as early as three days after induction, as shown by the elevated 
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serum creatine kinase (CK) (Fig. 2A) and increased proportion of IgM+ myofibers (Fig. 2B). The 

proportion of IgM+ myofibers in each muscle appeared to correlate with the level of Myomaker 

expression (Fig 1E, 2B). Previous studies report that dystrophic myofibers exhibit an altered 

response to an atomic force microscopy (AFM)-based indentation probe, which is generally 

interpretated as a reduction in myofiber stiffness316. Gene-mediated rescue of dystrophic 

myofibers restores myofiber stiffness, suggesting that a cause of disrupted myofiber architecture 

in dystrophic myofibers is the lack of dystrophin317. To determine if Myomaker in myofibers 

impacts the biophysical properties of myofibers, such as stiffness, we performed AFM on control 

and iMymk myofibers. We observed that after three days of induction, Myomaker expression 

within myofibers caused a reduction in myofiber stiffness (Fig. 2C). These data are consistent 

with the concept that Myomaker may disrupt the myofiber membrane and alter its biophysical 

properties. 

Consistent with previous reports we also observed reduced stiffness of dystrophic 

myofibers (Fig. 2C), which was unexpectedly comparable to that of myofibers with ectopic 

Myomaker expression. Since we previously showed that a reduction of Myomaker in dystrophic 

myofibers leads to more stable myofiber membranes, we also wanted to evaluate stiffness in this 

model. We deleted Myomaker in myofibers by treating mdx4cv; MymkloxP/loxP; HSACreERT2 308 with 

tamoxifen starting at two months of age. Ablating Myomaker from dystrophic myofibers resulted 

in a normalization of myofiber stiffness (Fig. 2C). Overall, these data reveal the deleterious effects 

of Myomaker in both wild-type and dystrophic myofibers. 

We next wanted to evaluate the long-term effects of Myomaker expression in myofibers. 

We sacrificed mice twelve weeks after activation of Myomaker in myofibers and, surprisingly, we 

did not observe direct signs of myofiber membrane damage based on levels of creatine kinase in 

the serum or IgM+ myofibers (Fig. 3 A,B). The lack of detectable membrane damage could be due 

to reduced levels of Myomaker expression after twelve weeks of induction compared to three 
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days (Fig. S1A,B). Despite this apparent reduction in Mymk levels, we detected central nuclei 

(Fig. 3C), a marker of myofiber repair, reduced muscle masses (Fig. 3D), and reduced myofiber 

size in the rectus femoris (Fig. 3E) after twelve weeks of Myomaker expression. Altogether, these 

data implicate Myomaker as a contributor to muscle pathology. We interpret the pathological 

effects in the long-term to be a result of Myomaker-induced membrane damage at an early stage 

after activation of the transgene. 

 

Myomerger expression is damaging to skeletal myofibers causing altered muscle 

histology 

 Because myoblast fusion also requires Myomerger and this protein is likely activated in 

muscle pathologies, given its similar transcriptional activation to Myomaker291,294, we wanted to 

test the effects of Myomerger in the myofiber compartment. No evidence of membrane damage 

or changes in muscle mass were observed following a three-day induction of Myomerger in 

myofibers (Fig. S2 A-C). Even after eight weeks of Myomerger induction within myofibers, 

myofiber membrane damage was absent and no changes in muscle mass or histology were 

observed (Fig. S2D-F). 

 These data conflicted with an alternative approach to assessing the impact of Myomerger 

within myofibers. Given its high transduction efficiency in skeletal muscle, we utilized adeno-

associated virus serotype 9 (AAV9) with a CMV promoter to drive expression of Myomerger in 

skeletal muscle318. AAV9-Myomerger or AAV9-GFP (control) was intramuscularly injected in the 

TA of two-month-old wild-type mice and muscle was harvested two weeks after the injection. 

Successful transduction of AAV9-Myomerger was confirmed by western blot analysis (Fig. S3A). 

Despite the level of Myomerger protein, at the level of the whole muscle, being lower compared 

to the iMymg model (Fig. S3B), central nucleation was observed two weeks after injection of 

AAV9-Myomerger, suggesting damage and subsequent regeneration (Fig. S3C). To resolve why 
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regeneration was observed with viral transduction of skeletal muscle but not the myofiber-

inducible model, despite lower levels of Myomerger in the AAV system, we performed 

immunofluorescence for Myomerger to determine expression at the level of individual myofibers. 

We found that expression on a per myofiber basis was significantly higher with AAV9-Myomerger 

compared to the inducible model (Fig. S3D). We interpret the Myomerger-negative myofibers in 

the AAV system to be derived from fusion of progenitors that were not transduced with AAV9. 

These data associate Myomerger with induction of regeneration and suggest that myofibers may 

have a threshold of Myomerger expression which they can tolerate. 

We genetically increased expression of Myomerger in the myofiber with the inducible 

transgenic mice. Mice homozygous for the Col1a1TRE-Mymg-IRES-Cre transgene (iMymg/Mymg) had 

higher Myomerger mRNA levels compared to hemizygous mice (Fig. 4A). Myomerger protein was 

also elevated in the TA and rectus femoris muscles of iMymg/Mymg mice compared to iMymg 

mice (Fig. 4B). Several indices of myofiber membrane damage were elevated after fourteen days 

of induction, the earliest timepoint where changes in serum CK (Fig. 4C) and the proportion of 

IgM+ myofibers (Fig. 4D) were detected, suggesting that the higher myofiber expression of 

Myomerger can indeed result in myofiber membrane damage. Using the previously described 

AFM-based indentation approach, we found that the stiffness of these myofibers was reduced 

compared to the control, indicating that damage from Myomerger levels and activity may impact 

myofiber stiffness (Fig. 4E). Assessing if Myomerger had a long-term effect in myofibers, we 

observed altered pathology (Fig. 4F), but the proportion of IgM+ myofibers was not significantly 

changed compared to the control (Fig. 4G). We also observed an increase in regeneration, 

reduced muscle mass indices, and reduced myofiber size (Fig. 4H-J). Overall, these data reveal 

that accumulation of Myomerger above certain threshold levels negatively impacts myofiber 

membrane integrity. 
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Dual myomaker and myomerger expression in myofibers exacerbates muscle pathology 

 Thus far, we have demonstrated that Myomaker and Myomerger are individually capable 

of negatively impacting the myofiber membrane and leading to muscle pathology. However, they 

are normally expressed together as myoblasts are fusing to repair damaged myofibers or 

generating new myofibers295,312. To study the impact of Myomaker and Myomerger co-expression 

in myofibers, we crossed the two inducible mouse lines to generate HSArtTA; Col1a1TRE-Mymk-IRES-

Cre, Col1a1TRE-Mymg-IRES-Cre (iMymk/Mymg). Myomaker mRNA levels in the iMymk/Mymg mouse 

were reduced from that of the iMymk mouse (Fig. S4A), but the level of reduction was not 

statistically significant. Myomaker protein content also appeared slightly lower (Fig. 5A). Reduced 

mRNA levels were observed for Myomerger in iMymk/iMymg muscle compared to the iMymg 

mouse (Fig. S4A) but such differences were not observed at the protein level (Fig. 5A). Since we 

have already established that this level of Myomerger does not elicit effects on muscle pathology 

(Fig. S2), this model allows us to test the combinatorial effects of Myomaker and Myomerger 

activities. The iMymk/Mymg mouse exhibited increased levels of membrane damage compared 

to control mice after three days of dox-treatment (Fig. 5B,C). When assessing the stiffness of 

these fibers, we found that it was reduced compared to the control (Fig. 5D), similar to reductions 

observed in iMymk (Fig. 2C) and iMymg/Mymg (Fig. 4E) myofibers. 

Downstream pathology was evident in iMymk/iMymg mice after twelve weeks of dox 

treatment (Fig. S4B). Due to the lack of myofiber membrane damage or downstream 

consequences on muscle pathology in the iMymg mouse (Fig. S2), indices of pathology in the 

iMymk/Mymg mice were only compared to iMymk mice. For centrally nucleated myofibers, in the 

iMymk mice we observed 7.2% in the TA, 18.1% in the rectus femoris, and 3.8% in the soleus 

(Fig. 3C), but the iMymk/Mymg mice exhibited 20% in the TA, 24% in the rectus femoris, and 

19.2% in the soleus (Fig. 5E). Effects on muscle masses and myofiber sizes were also 

exacerbated in iMymk/iMymg mice. iMymk mice exhibited muscle mass reductions of 20% in the 
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TA and 24% in the rectus femoris (Fig. 3D), whereas iMymk/iMymg mice displayed reductions of 

42% in the TA and 52% in the rectus femoris (Fig. 5F). The average myofiber size was reduced 

by 3% in the soleus, 9% in the TA, and 25% in the rectus femoris of iMymk mice (Fig. 3E) and by 

18% in the soleus, 23% in the TA, and 32% in the rectus femoris of iMymk/iMymg mice (Fig. 5G). 

Consistent with the concept of an exacerbated phenotype when both fusogens are expressed in 

myofibers, we detected increased fibrosis in iMymk/iMymg muscle (Fig. 5H). These data indicate 

that ectopic co-expression Myomaker and Myomerger has a combinatorial impact on muscle 

pathology.  
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Discussion 

In this study, we sought to evaluate the consequences of Myomaker and Myomerger within the 

terminally differentiated unit of skeletal muscle, the myofiber. We show that short-term induction 

of Myomaker in the myofiber compartment led to compromised myofiber integrity, which aligns 

with previous work that linked the myofiber activity of Myomaker to dystrophic pathology308. Acute 

expression of Myomerger similarly led to compromised myofiber integrity. This loss of integrity 

triggered increased pathology in both inducible models, including centrally nucleated fibers and 

reduced muscle mass indices. In sum, we postulate that expression of the fusogens in the short-

term yields membrane damage causing detectable changes in muscle histology in the long-term. 

These data are consistent with the concept that expression of the muscle fusogens needs to be 

highly restricted during myoblast fusion to prevent negative outcomes within the myofiber. 

Despite the unambiguous damaging consequences of Myomaker and Myomerger in the 

myofiber compartment, careful analysis of the data reveals that myofibers have a threshold for 

which they may tolerate fusogen expression. Myofiber membrane damage was not observed after 

induction of Myomerger until expression was genetically increased (Fig. 4). The same paradigm 

holds true for Myomaker, where lower levels of Myomaker after twelve weeks of expression 

compared to three days is not sufficient to induce detectable myofiber membrane damage (Fig. 

3B). While this study implicates the fusogens as having a negative effect on myofibers, it does 

not definitively discount the possibility that Myomaker and Myomerger could have functional roles 

on the myofiber for fusion in some contexts. 

When Myomaker and Myomerger were co-expressed, indices of myofiber membrane 

damage, muscle regeneration, and muscle atrophy were exacerbated. When Myomerger was 

expressed by itself, no detectable levels of serum CK or IgM+ myofibers were observed (Fig. S2). 

However, when the same level of Myomerger was expressed with Myomaker, elevated levels of 

IgM+ myofibers were observed in the short-term and increased centrally nucleated myofibers, 
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muscle atrophy, and fibrosis were observed in the long-term (Fig. 5). These data are consistent 

with the paradigm that these two fusogens have independent but overlapping membrane 

remodeling activities, which drive fusion in myoblasts but cause membrane instability in 

myofibers. 

To evaluate the biophysical consequences of Myomaker and Myomerger in the myofiber, 

we utilized an AFM-based indentation approach to measure myofiber stiffness. Myofiber stiffness 

is primarily a function of two parameters: cytoskeletal components and plasma membrane 

integrity. Actin and myosin are the main cytoskeletal contributors to skeletal muscle stiffness while 

cholesterol and lipid saturation are membrane contributors319,320. Cell stiffness is associated with 

changes in function, increasing as myocytes differentiate to myotubes319. Although previous 

studies utilizing AFM-based indentation to quantify skeletal muscle stiffness have reported 

variable stiffness values for skeletal muscle, absolute stiffness values measured by AFM 

indentation protocols are strongly dependent on the experimental parameters, model, and method 

used to analyze the results321–324. For example, cell fixation with PFA increases the measured 

stiffness325. Despite divergent quantifications of cell stiffness, there is a general consensus that 

dystrophic muscle is less stiff than its wild-type counterpart316,317,326. The reason behind this 

difference has previously been attributed to the loss of structural integrity provided by dystrophin, 

a crucial protein linking intracellular cytoskeletal components to the basal lamina327,328. Here, we 

provide evidence that reduced myofiber stiffness in dystrophy may not be primarily caused by 

lack of dystrophin. The activity of the muscle fusogens, essential for myoblast fusion during 

regeneration, individually led to reduced myofiber stiffness and ablation of myomaker in 

dystrophic myofibers restored stiffness to a level comparable to that of wild-type myofibers. These 

data support the concept that ectopic fusogen expression and activity in myofibers may contribute 

to reduced stiffness in dystrophic myofibers. 
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Defective function of myogenic progenitors has been implicated in muscular dystrophy 

pathology. Although repetitive rounds of degeneration and regeneration lead to an exhausted 

satellite cell pool329–331, other studies have shown that an increased number of satellite cells are 

present in dystrophic muscle332,333. Despite this discordance, it is apparent that dystrophic satellite 

cells exhibit impaired regeneration334,335. The inability to replace necrotic myofibers culminates in 

fibro-fatty replacement of skeletal muscle and muscle atrophy336,337. Collectively, those data 

indicate that the regenerative process goes awry in dystrophy, which could overall accelerate 

pathology. However, there is increasing evidence that the regenerative program has maladaptive 

features during skeletal muscle disease338,339. Indeed, ablation of satellite cells in dystrophic 

mouse models results in a situation where remaining myofibers exhibit increased size and 

stabilized membranes340. Based on this work, one could envision a scenario where reduction of 

satellite cell activity could be a valuable therapeutic approach. However, in the long-term, ablation 

of satellite cells or blockade of their fusogenic activity results in muscle wasting in a dystrophic 

setting308. Interestingly, attenuation of the MyoD pathway in dystrophic myofibers blunts 

sarcolemma instability340, which is consistent with a maladaptive function in this setting for 

Myomaker and Myomerger given that these proteins are transcriptionally induced by MyoD. Thus, 

instead of broadly modulating satellite cells and their corresponding regenerative capacity that 

has beneficial consequences for long-term muscle maintenance, specifically targeting negative 

consequences of chronic fusion, namely persistent delivery of progenitor-derived Myomaker and 

Myomerger to myofibers, could be an approach to mitigate pathology in dystrophic tissue. 

One limitation of our study is that we are only able to detect robust membrane damage 

through IgM analysis and serum CK levels. These methods of assessing myofiber membrane 

damage may not detect more moderate levels of damage. This is exemplified by elevated levels 

of centrally nucleated myofibers despite initially low proportions of IgM+ myofibers in the iMymk 

soleus (Fig. 2B and 3C) and iMymg/Mymg rectus femoris (Fig. 4D,H). Thus, the analytical 
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pipelines used to determine loss of membrane integrity were not able to stratify the deleterious 

effects of the fusogens. Additionally, the nature of membrane damage caused by Myomaker and 

Myomerger may not be identical. Another limitation of our study is that we are unable to uncouple 

the potential activity of the fusogens at the plasma membrane and intracellular compartments. 

Previous studies have demonstrated that Myomaker not only resides at the plasma membrane 

but also in the Golgi and post-Golgi vesicles341. Additionally, Myomerger has been shown to also 

associate with intracellular membrane compartments294. Overexpression of either fusogen could 

accordingly have a negative impact in other membrane-bound organelles, which perhaps could 

explain why we observed a strong atrophy phenotype. Our study was also limited by the lack of 

measurements for the same muscle. For example, myofiber stiffness was not quantified for the 

TA or rectus femoris due to inherent challenges with isolating individual myofibers from these 

muscles and we did not assess long-term pathology in the EDL, which was used for AFM 

measurements. However, there is a consistent pattern of elevated levels of myofiber membrane 

damage early (measured by the proportion of IgM+ myofibers and serum CK) and muscle 

pathology in the long term (elevated centrally nucleated myofibers and muscle atrophy). 

In summary, this study supports a paradigm whereby Myomaker and Myomerger are 

essential for fusion of muscle progenitors but have deleterious consequences within myofibers. 

The adverse effects of Myomaker and Myomerger in myofibers could explain why their expression 

is so tightly restricted to the myocyte stage of the muscle lineage. Persistent and dysregulated 

activation of the regeneration program in skeletal muscle may lead to unintended consequences 

of these membrane-active fusogens disrupting the myofiber membrane, further exacerbating 

myofiber membrane damage in pathologic conditions, like muscular dystrophy. Down-regulation 

of these fusogens in myofibers may serve as a potential therapeutic option for reducing muscle 

damage in muscular dystrophy. 
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Methods 

Mice 

This study was performed entirely in mice using either commercially available transgenic 

mice or novel transgenic mice generated as described below. All mice used in this study were 

maintained on a C57BL/6 background. For ectopic expression of the muscle fusogens, 

doxycycline-inducible transgenes, TRE3G-Myomaker-IRES2-Cre-pA and TRE3G-Myomerger-

IRES2-Cre-pA, were targeted into the Col1a1 safe harbor (CaSH) locus using a CRISPR/Cas9-

mediated approach developed by Transgenic Animal and Genome Editing Core at Cincinnati 

Children’s Hospital Medical Center. The transgenes were inserted to a genetic location ~1.65kb 

downstream of the Col1a1 gene in a reverse orientation. This was achieved using a sgRNA (target 

sequence: GGGAGGAAACCTGCCCTTGG) and a donor plasmid containing the transgene 

flanked with the 5’ and 3’ homologous arms at the length of 2.5 kb and 3.0 kb, respectively. The 

donor plasmids were amplified and purified with the EndoFree Plasmid kit (Qiagen). The targeted 

transgenic mice were generated via pronuclear injection of fertilized C57BL/6 eggs with Cas9 

protein (IDT, Catalog #1081059), synthetic sgRNA (Synthego), and the donor plasmid at a 

concentration of 40 ng/μl, 20 ng/μl, and 4 ng/μl, respectively. The injected eggs were transferred 

immediately into the oviductal ampulla of pseudopregnant CD-1 females for development and 

birth. The pups were then genotyped by long-range PCR and Sanger sequencing. These mice 

(Col1a1TRE-Mymk IRES-Cre and Col1a1TRE-Mymg IRES-Cre) were crossed with mice carrying the HSArtTA 

allele to drive fusogen expression in the myofiber compartment315. Dual expression of Myomaker 

and Myomerger was generated by breeding the Col1a1TRE-Mymk IRES-Cre mice with Col1a1TRE-Mymg 

IRES-Cre mice, followed by breeding with the HSArtTA mouse. Myofiber-specific deletion of Mymk in 

the dystrophic background was accomplished by introducing an HSACreERT2 allele into the 

MymkloxP/loxP mdx4cv mouse308,342. 



P a g e  | 40 

 

 To induce fusogen expression in myofibers, 1- to 2-month-old mice were provided chow 

supplemented with 0.0625% doxycycline (TestDiet). Tissue was collected immediately upon 

completion of doxycycline treatment. 

 Tamoxifen (MilliporeSigma) was prepared in corn oil with 10% ethanol at a concentration 

of 25 mg/mL. Mice were given intraperitoneal injections of tamoxifen (0.075 mg/kg/d) for four days 

to induce recombination. For experiments with the HSACreERT2 allele, mice were then maintained 

on tamoxifen by injection every third day. 

 AAV9-GFP and AAV9-Myomerger were generated by Vigene Biosciences and 

intramuscularly injected (5 x 1011 genome copies/injection, diluted with sterile PBS) into the TA 

muscle of 2-month-old mice while under inhaled isoflurane anesthesia. The injection site was 

prepared by first removing hair with hair clippers and then sanitizing the area with chlorhexidine 

gluconate and allowing it to dry. 

 

Muscle collection and sample preparation 

 Mouse hindlimb muscles were dissected, dried, and weighed. Tibias were dissected and 

remaining tissue was digested proteinase K (0.4 mg/mL) overnight at 55°C, after which tibia length 

was measured using digital calipers. Muscles were embedded in 10% tragacanth/PBS 

(MilliporeSigma) and frozen in 2-methylbutane cooled in liquid nitrogen. We used 10-μm sections 

for all histology. For RNA and immunoblot preparations, tissues were flash-frozen in liquid 

nitrogen immediately upon collection. 

 

Histological analyses 

 Immunohistochemical studies were performed as described previously with minor 

modifications308. Briefly, sections were fixed in 1% PFA/PBS and permeabilized with 0.2% Triton 

X-100/PBS. Sections were blocked using 2% BSA, 1% heat-inactivated goat serum, and 0.1% 
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Tween-20/PBS. Primary antibodies were incubated overnight at 4°C and secondary Alexa Fluor 

antibodies (1:300) were applied at room temperature for 30 minutes. Anti-laminin antibody (1:300, 

MilliporeSigma, stock No. L9393) was used to visualize the outline of all myofibers present in 

each muscle section. IgM primary antibody conjugated to Texas Red (1:100, MilliporeSigma, 

stock No. SAB3701210) was used to highlight myofibers with compromised membrane integrity. 

Anti-ESGP antibody (1:100, R&D, stock No. AF4580) was used to stain Myomerger protein on 

muscle sections. Immunostained slides were imaged using a Nikon A1R confocal system. 

Centrally located myonuclei were quantified from two 10X images using ImageJ (NIH). IgM 

positive myofibers and myofiber size were quantified from the entire muscle section using NIS-

Elements software (Nikon). 

Picrosirius red staining was used to quantify muscle fibrosis. Briefly, fresh-frozen sections 

were incubated overnight in Bouin’s solution. After a five-minute wash in PBS, sections were 

incubated in working Weigert’s hematoxylin for five minutes before a one-hour incubation in 

picrosirius red. Sections were dipped two times in 0.5% acetic acid and three times in ethanol. 

Three one-minute exchanges in xylenes were performed before mounting. Picrosirius red stained 

sections were imaged using an Olympus BX60 widefield microscope. Fibrosis was quantified from 

two 10X images using ImageJ (NIH). 

Gross pathology was assessed with hematoxylin and eosin (H&E) staining. Fresh-frozen 

sections were incubated in 10% formalin for five minutes before washing in PBS for two minutes 

followed by a two-minute wash in tap water. After incubating sections in working Weigert’s 

hematoxylin for five minutes, they were rinsed with tap water until tap water ran clear. Sections 

were dipped ten times in 0.7% Eosin Y, ten times in 95% ethanol, ten times in 95% ethanol, ten 

times in 100% ethanol, ten times in 100% ethanol, ten times in xylene, ten times in xylene, and 

ten times in one last xylene solution before mounting. H&E stained sections were imaged using 

an Olympus BX60 widefield microscope. All image analyses were performed in a blinded fashion. 
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RNA analysis 

 Total RNA was isolated from muscle samples using established TRIzol protocols (Life 

Technologies, stock No 15596018). cDNA was synthesized with the Superscript VILO cDNA 

synthesis kit (Invitrogen, Thermo Fishers Scientific, stock No. 11754250). Standard qPCR 

methods were used with PowerUp SYBR Green Master Mix (Applied Biosystems, Thermo Fisher 

Scientific) and the assay was performed on the Bio-Rad CFX96 Real-Time System with the 

following primers: GAPDH: forward, 5’-TGCGACTTCAACAGCAACTC-3’; reverse, 5’-

GCCTCTCTTGCTCAGTGTCC-3’, Mymk: forward, 5’-ATCGCTACCAAGAGGCGTT-3’; reverse, 

5’-CACAGCACAGACAAACCAGG-3’, Mymx: forward, 5’-CAGGAGGGCAAGAAGTTCAG-3’; 

reverse, 5’-ATGTCTTGGGAGCTCAGTCG-3’. mRNA levels were quantified using the ΔΔCt 

method343. 

 

Western blotting 

 After measuring the mass, muscles were homogenized in muscle lysis buffer (10 mM Tris, 

1 mM EDTA, 0.5% Triton X-100, and 50 mM NaF buffer, pH 7.4) supplemented with a protease 

inhibitor cocktail (Sigma Aldrich, stock No. 5056489001). Solubilization was allowed to proceed 

on a nutator for 2 hr at 4°C. Protein lysates were prepared for SDS-PAGE analysis by heating at 

95°C for 5 min in 1x Laemmli sample buffer containing 10% beta-mercaptoethanol. Proteins were 

resolved on discontinuous polyacrylamide gels (12% for myomaker and 15% for myomerger) and 

transferred to Immobilon-FL PVDF membranes (Millipore Sigma, stock No. IPFL00010). 

Membranes were blocked in 5% milk/TBST for 1 hr at room temperature before incubation with 

primary antibodies in 5% BSA/TBST against Myomaker (1:250, provided from Dr. Leonid 

Chernomordik laboratory), Myomerger (1:200, R&D, stock No. AF4580), and GAPDH (1:5,000, 

Millipore, stock No. MAB374) overnight on a nutator at 4°C. The resulting immunoblots generated 
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after incubation with relevant secondary antibodies (goat anti-rabbit IgG DyLight 800, Cell 

Signaling Technology, stock No. 5151; donkey anti-sheep IgG Alexa Fluor 680, Invitrogen Thermo 

Fisher Scientific, stock No. A21102; goat anti-mouse IgG DyLight 680, Cell Signaling Technology, 

stock No. 5470; goat anti-mouse IgG Dylight 800, Cell Signaling Technology, stock No. 5257) 

were scanned, imaged, and analyzed using the Odyssey CLx imaging system (LI-COR 

Biosciences, stock No. 9140). Protein expression was quantified using densitometric analysis 

tools on ImageJ (NIH). The band intensities of Myomaker and Myomerger were measured and 

standardized to the intensity of the housekeeping gene, GAPDH. 

 

Serum creatine kinase 

Serum creatinine kinase levels were measured using a Roche c 311 clinical chemistry 

analyzer per manufacturer instructions. 

 

Atomic force microscopy 

 Atomic force microscopy was used to measure stiffness of single muscle fibers. For 

isolation of single muscle fibers, whole EDL muscles were incubated in 0.22% type I collagenase 

(MilliporeSigma C0130) in DMEM at 37°C for 40 minutes. Following incubation, muscles were 

triturated in PBS to release individual myofibers. The myofibers were subsequently washed with 

PBS before fixing in 4% PFA/PBS for 10 minutes at room temperature, after which the fixed fibers 

were washed again with PBS and stored at 4°C. Fixed myofibers were placed on double-sided 

tape applied to the bottom of 60 mm plates. The plates were centrifuged at 400 g for 10 min at 

room temperature to attach the myofibers to the tape322. Attached myofibers were submerged in 

0.22 μm-filtered PBS prior to measurement by AFM. Stiffness was quantified using the contact 

mode of force mapping on a NanoWizard 4 XP BioScience atomic force microscope with a 

HybridStage (Bruker). A Nikon Eclipse Ti-U inverted microscope permitted precise positioning of 
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the cantilever tip above the myofiber. Before each experiment, the cantilever was calibrated while 

submerged in PBS in a region of the dish that did not contain a myofiber nearby. A z closed loop 

with constant force, 0.05 nN setpoint, 1.0 μm z length, 2.0 μm/s z speed, and 0.0 s contact time 

was used to make sixty-four measurements were collected from a 10 x 10 μm area of the 

myofiber. The calibrated spring constant of cantilever D was used to convert the photodiode signal 

into a force value (knom = 0.03 N/m, MLCT-BIO; Bruker). Young’s modulus was extracted from 

each force-indentation curve using a modified Hertz model with the Bilodeau formula for a 

quadratic pyramidal indenter344: 

, 

where F is the indentation force, E is Young’s modulus, v is Poisson’s ratio (approximated as 0.5, 

the value for isotropic incompressible materials), δ is the indentation (vertical tip position), and α 

is the half face angle of the pyramid (17.5° for cantilever D). The equivalent radius of a contact 

circle was calculated as the following: 

, 

where ae is the equivalent radius of contact circle, δ is the indentation (vertical tip position), and α 

is the half face angle of the pyramid (17.5° for cantilever D). The data curve was fitted using a 

least squares fit with the Levenberg-Marquardt algorithm. The contact point, baseline, and 

Young’s modulus values were all fitted simultaneously. Measurements were taken at three 

different locations and averaged to yield the stiffness of a given myofiber. The mean stiffness of 

three unique myofibers comprised the myofiber stiffness for a given mouse. 

 

Statistics 

 All statistical analysis was performed using GraphPad Prism 9 software. Data are 

presented as mean ± standard error of the mean. Groups were assessed for normality using a 

Shapiro-Wilk test and analyzed using a one-way ANOVA with post hoc Tukey’s for multiple 
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comparisons. Significant differences between two groups were determined using a two-tailed 

unpaired Student’s t test. Statistical significance throughout was set at P values less than 0.05. 

Specific statistical tests are noted in the figure legends.  
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Figures 

Figure 1. Validation of transgenic models to activate Myomaker and Myomerger expression 

in myofibers. A Schematic of the breeding strategy for inducible expression of Myomaker within 

myofibers. B Schematic of the breeding strategy for inducible expression of Myomerger within 

myofibers. C qPCR analysis of Myomaker mRNA levels from the TA, rectus femoris, and gastroc 

muscles after three days of dox treatment. D qPCR analysis for Myomerger mRNA levels from 
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the TA, rectus femoris, and gastroc muscles after three days of induction. E Western blot for 

Myomaker expression in the soleus, EDL, TA, gastroc, and rectus femoris after three days of dox 

treatment. F Western blot for Myomerger expression in the soleus, EDL, TA, gastroc, and rectus 

femoris after three days of dox treatment. G Western blot for Myomaker expression in the gastroc 

muscle after two weeks of induction. H Western blot for Myomerger in the gastroc after two weeks 

of induction. Statistical analyses and presentation: Data are presented as mean ± SEM; C,D two-

tailed Student’s t test; *P < 0.05, **P < 0.01.  
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Figure 2. Myomaker expression in myofibers is associated with myofiber membrane 

damage and reduced myofiber stiffness. A Serum CK levels are elevated after three days of 

Myomaker induction in myofibers. B Representative images of immunofluorescence staining for 

IgM in the rectus femoris after three days of Myomaker induction reveal an elevated proportion of 

IgM+ myofibers compared to the control. Quantification of the percentage of IgM+ myofibers in the 

soleus, EDL, TA, and rectus femoris is shown below the images. Scale bar = 100 μm. C Atomic 

force microscopy on isolated myofibers reveals reduced myofiber stiffness with Myomaker 

expression in myofibers three days after induction. Myofiber stiffness in dystrophic myofibers is 

restored to wild-type levels after ablation of Myomaker from myofibers. Each bar represents the 

average stiffness of three myofibers from a given mouse. Statistical analyses and presentation: 

Data are presented as mean ± SEM; A,B two-tailed Student’s t test; *P < 0.05, ****P < 0.0001; C 
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one-way ANOVA between experimental groups with a Tukey’s post hoc test; **P < 0.01, ***P < 

0.001.  



P a g e  | 50 

 

 

Figure 3. Long-term Myomaker expression in myofibers leads to elevated centrally 

nucleated myofibers and muscle atrophy. A Serum CK levels are not elevated after twelve 

weeks of Myomaker expression in myofibers. B Immunofluorescence staining for IgM in the rectus 

femoris after twelve weeks of Myomaker induction. Quantification of the percentage of IgM+ 

myofibers in the soleus, TA, and rectus femoris is shown below the images. Scale bar = 100 μm. 

C Quantification of myofibers with centrally localized nuclei in the soleus, TA, and rectus femoris 

reveals elevated levels of regeneration with Myomaker expression in myofibers. D Muscle mass 

to tibia length ratios of the rectus femoris and TA were reduced after twelve weeks of Myomaker 

expression in myofibers. E Myofiber size, quantified by minimum Feret’s diameter, was quantified 
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in the soleus, TA, and rectus femoris. Statistical analyses and presentation: Data are presented 

as mean ± SEM; C-E two-tailed Student’s t test; *P < 0.05, **P < 0.01.  
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Figure 4. Muscle pathology results from elevated Myomerger expression in myofibers. A 

qPCR analysis reveals elevated levels of Myomerger in the TA and rectus femoris muscles of 
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homozygous mice compared to heterozygous mice after two weeks of induction. B Quantification 

of Western blots demonstrate elevated Myomerger protein content in the TA and rectus femoris 

muscles of iMymg/Mymg mice compared to iMymg mice after two weeks of induction. C Serum 

CK levels in iMymg/Mymg mice are elevated after two weeks of Myomerger expression. Levels 

are also significantly higher than two weeks of Myomerger expression in iMymg mice. D 

Quantification of the proportion of IgM+ myofibers reveals elevated levels of damage in the soleus 

and TA muscles after two weeks of Myomerger expression. E Myofiber stiffness is reduced after 

two weeks of Myomerger expression in myofibers by atomic force microscopy. Each bar 

represents the average stiffness of three myofibers from a given mouse. F Representative 

sections of the TA muscle from iMymg/Mymg mice after eight weeks of Myomerger expression 

revealed a lack of significantly elevated proportion of IgM+ myofibers (G). H Elevated levels of 

centrally nucleated myofibers were observed in the soleus, TA, and rectus femoris. Scale bar = 

100 μm. I Muscle mass to tibia length ratios were reduced in the TA and rectus femoris after eight 

weeks of Myomerger expression in myofibers. J Myofiber size, quantified by minimum Feret’s 

diameter, was quantified in the soleus, TA, and rectus femoris. Statistical analyses and 

presentation: Data are presented as mean ± SEM; A, C one-way ANOVA with a Tukey’s post hoc 

test compared samples from the same muscle; *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001; 

B, D-E, G-J two-tailed Student’s t test, identical muscles were compared in D, G-J, stiffness 

values were compared between the two groups using average values from each mouse for E; *P 

< 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001.  
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Figure 5. Expression of both Myomaker and Myomerger in myofibers results in 

combinatorial effects. A Western blots for Myomaker and Myomerger expression in the soleus, 
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EDL, and rectus femoris after three days of dox treatment. B Serum CK levels after three days of 

induction in myofibers. C Quantification of the proportion of IgM+ myofibers in the soleus, EDL, 

TA, and rectus femoris after three days of induction reveal an elevated proportion of IgM+ 

myofibers compared to the control in all four muscles. D Myofiber stiffness assessed by atomic 

force microscopy is reduced after three days of concurrent Myomaker and Myomerger 

expression. Each bar represents the average stiffness of three myofibers from a given mouse. E 

Quantification of myofibers with centrally localized nuclei in the soleus, TA, and rectus femoris. F 

Muscle mass to tibia length ratios of the TA and rectus femoris. G Myofiber size in the soleus, TA, 

and rectus femoris, quantified by Minimum Feret’s diameter. H Picrosirius red staining revealed 

elevated fibrosis when both Myomaker and Myomerger are expressed in myofibers. Scale bar = 

100 μm. Fibrosis is quantified as the percentage of total area staining positive for Picrosirius red. 

Statistical analyses and presentation: Data are presented as mean ± SEM; B-G two-tailed 

Student’s t test, identical muscles were compared in C, E-G, stiffness values were compared 

between the two groups using average values from each mouse for D; *P < 0.05, **P < 0.01, ***P 

< 0.001, ****P < 0.0001. H one-way ANOVA with a Tukey’s post hoc test; **P < 0.01, ***P < 0.001. 
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Supplemental Figures 

Figure S1. Myomaker expression is lower after twelve weeks of induction compared to 

three days of induction. A qPCR analysis of Myomaker mRNA levels from the TA and rectus 

femoris muscles after twelve weeks or three days of induction. B Quantification of Western blot 

for Myomaker expression in the TA and rectus femoris relative to GAPDH expression 
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demonstrates reduced Myomaker protein after twelve weeks of induction compared to three days 

of induction. Statistical analyses and presentation: Data are presented as mean ± SEM; A one-

way ANOVA with a Tukey’s post hoc test compared samples from the same muscle; ***P < 0.001, 

****P < 0.0001; B two-tailed Student’s t test; ** P < 0.01.  



P a g e  | 58 

 

Figure S2. Myomerger expression in myofibers of iMymg mice does not lead to pathology. 

A Serum CK levels are not elevated after three days of Myomerger expression in myofibers. B 

Immunofluorescence staining for IgM after three days of Myomerger induction. Quantification of 
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the percentage of IgM+ myofibers in the soleus, TA, and rectus femoris is shown below the 

images. Scale bar = 100 μm. C Muscle mass to tibia length ratios of the TA and rectus femoris 

are not altered after three days of Myomerger expression in myofibers. D Serum CK levels are 

not elevated after eight weeks of Myomerger expression in myofibers. E Immunofluorescence 

staining for IgM after eight weeks of Myomerger induction. Quantification of the percentage of 

IgM+ myofibers in the soleus, TA, and rectus femoris is shown below the images. Scale bar = 100 

μm. F Muscle mass to tibia length ratios of the TA and rectus femoris muscles are not altered 

after eight weeks of Myomerger expression in myofibers. Statistical analyses and presentation: 

Data are presented as mean ± SEM; A,C,D,F two-tailed Student’s t test (within the same muscle 

for C and F).  
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Figure S3. Elevated Myomerger expression leads to muscle regeneration. A Western blot 

for Myomerger validated transduction by AAV9-Myomerger two weeks after IM injection in the TA. 

B Western blot of Myomerger revealed higher levels of Myomerger in iMymg muscle after two 

weeks of dox treatment compared to AAV9-Myomerger injected muscle two weeks after IM 
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injection. C Histological analysis revealed elevated levels of centrally nucleated myofibers in the 

TA two weeks after IM injection with AAV9-Myomerger. Scale bar = 100 μm. D Myomerger 

immunofluorescence staining of the TA revealed elevated levels of Myomerger after AAV9-

Myomerger (two weeks post-injection) compared to the myofiber inducible mouse model after two 

weeks of dox treatment. Fluorescence intensity of Myomerger antibody staining is quantified in 

arbitrary units (AU). Scale bar = 100 μm. Statistical analyses and presentation: Data are 

presented as mean ± SEM; C two-tailed Student’s t test; *P < 0.05; D one-way ANOVA with a 

Tukey’s post hoc test; ***P < 0.001, ****P < 0.0001.  
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Figure S4. Myomaker and Myomerger expression in myofibers leads to muscle pathology. 

A qPCR analysis comparing Myomaker and Myomerger mRNA levels in the gastroc muscle 

between iMymk, iMymg, and iMymk/Mymg mice after three days of induction. B Representative 

H&E sections from the TA of Col1a1TRE-Mymk/TRE-Mymg and HSArtTA; Col1a1TRE-Mymk/TRE-Mymg mice. 

Scale bar = 200 μm. Statistical analyses and presentation: Data are presented as mean ± SEM; 

A one-way ANOVA with a Tukey’s post hoc test; **P < 0.01, ****P < 0.0001.  
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Chapter 3: Discussion 

 

Function of Myomaker and Myomerger in myoblast fusion 

Independent functions of Myomaker and Myomerger have been shown to contribute to 

myoblast fusion297. Still, it remains unclear if these two muscle fusogens functionally interact to 

achieve myoblast fusion in a physiologic setting. Previous studies have revealed interactions 

between Myomaker and Myomerger, supporting a model whereby Myomaker and Myomerger 

directly interact during the fusion process297,304. However, these interactions were observed when 

the fusogens were overexpressed and labeled with an epitope. A separate study failed to detect 

any appreciable interaction between Myomaker and Myomerger with endogenous protein307. In 

another study, mammalian homologs of Myomaker and Myomerger were found to synergize in 

trans with one another300. Even so, it is not clear which epitopes of these fusogens could feasibly 

interact, given the lack of a long enough protrusion from the cell membrane for such an interaction 

to take place. Lack of unambiguous data demonstrating functional interactions between 

endogenous Myomaker and Myomerger is a major shortcoming of this direct interaction model. 

Less biased methods, such as proximity ligation assay or fluorescence resonance energy transfer 

assays, could serve to test the fidelity of this model. 

Another model for myoblast fusion proposes that the independent activities of Myomaker 

and Myomerger contribute to myoblast fusion. Indeed, Myomaker can assist with myoblast fusion 

in the absence of Myomerger. Furthermore, Myomerger can advance fusion pore formation in 

cells which lack Myomaker297. However, this model fails to explain the increase in fusion observed 

when Myomaker and Myomerger are expressed on opposing membranes compared to the same 

membrane of Myomaker- and Myomerger-null human myoblasts300. Thus, while Myomaker and 

Myomerger may have independent activities, their cooperative role in cell fusion exposes gaps in 

this model. 
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A more evolved model of myoblast fusion proposes that the activities of Myomaker and 

Myomerger, which independently contribute to myoblast fusion, cooperate when the proteins are 

co-expressed, leading to an augmented fusion process. This model is supported by the trans 

synergy of Myomaker and Myomerger300 as well as findings from this thesis, whereby dual 

expression of Myomaker and Myomerger led to increased pathology in myofibers. Given the 

activation of Myomerger by phosphatidylserine residues303, it is plausible that Myomaker could 

catalyze changes in the plasma membrane which are permissive for Myomerger activity. The 

precise mechanism by which Myomaker acts, however, remains unknown. The hypothesis that 

Myomaker has a membrane remodeling activity is supported by its structural homology to 

hydrolases, such as the adiponectin receptor298–300, which has ceramidase activity301. Ceramide 

and its derivatives have been shown to play a role in myoblast fusion345,346. Even if Myomaker 

does not possess enzymatic control over ceramide, its histidine residues may allow it to bind 

membrane lipids299 and impact membrane curvature347. The facilitation of hemifusion or 

modulation of the plasma membrane environment, whether through ceramide metabolism, 

ceramide rearrangement, or phosphatidylserine asymmetry, could allow regulation of Myomerger 

activity, providing a layer of control over the fusion process. 

 

Differential skeletal muscle susceptibilities in DMD 

Despite global mutations in the dystrophin gene, skeletal muscles are differentially 

affected in DMD. While most research has been focused on pathogenesis within limb muscles, 

which seem to be distinctly susceptible348, craniofacial muscles, such as extraocular and internal 

laryngeal muscles, are more or less spared in DMD125,349–351. The differential skeletal muscle 

susceptibilities seem to be linked to the embryological origin of each muscle. While the limb 

muscles are derived from somitic mesoderm36, EOM originate from prechordal and cranial 
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paraxial mesoderm of the first pharyngeal arch352,353 and intrinsic laryngeal muscle originates from 

occipital somites353,354. 

There are several proposed explanations for the observed differences in pathology 

between different skeletal muscle groups. First, the regenerative capacity of EOM stem cells has 

been shown to be higher than their limb muscle counterparts125,348. Although EOM satellite cells 

engraft better into host muscle compared to limb satellite cells130, they lose some components of 

their distinct regenerative identity32. Thus, an alternative explanation for the differential pathology 

is that the stem cell niche within EOM is inherently unique. Indeed, a distinct population of 

progenitors, including a portion of myogenic progenitors, express a cell stress-mediator 

PW1/Peg3. This progenitor population, which is maintained in EOMs but not in limb muscles 

throughout life, may foster a promyogenic environment for satellite cells through paracrine 

interactions129. Another mononuclear population, defined by the cell markers CD34+/Sca-1-/CD45-

/CD31-/M-cadherin-, is maintained in EOMs but not limb muscles over time. This population, which 

is resistant to elevated levels of oxidative stress and toxins and acutely proliferates throughout 

life, may also stave off pathology in EOM127. 

Not only does the EOM niche foster a divergence in regenerative capacity but also the 

transcriptional programs activated by EOM satellite cells. Proteomic analysis of EOM satellite 

cells has revealed that these stem cells may handle cellular stress better356. Their more robust 

qualities could be conferred by the altered myosin heavy chain expression or metabolic 

adaptations357. When comparing the transcriptome of EOM and limb muscle satellite cells, cell 

signaling pathways demonstrate the greatest divergence126. Among the cell signaling pathways, 

activation of adenylyl cyclase downstream of the thyroid-stimulating hormone receptor was 

recently purported as an explanation for the enhanced regenerative capacity of EOM satellite 

cells358. 
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Given these unique differences in niche and progenitor phenotype, it is unclear if altered 

regulation of the fusogens plays a role in the reduced susceptibility to DMD pathology of EOM 

muscles. Mdx EOM has dystrophin-competent and dystrophin-deficient myofibers, which pattern 

similarly to fiber type, based on utrophin expression. Despite these differences in dystrophin 

retention, both groups of myofibers are spared in mdx, suggesting an alternative model from the 

prevailing mechanical stabilization hypothesis for the DGC in skeletal muscle359. Indeed, 

sarcolemmal disruption was insufficient to elicit changes in EOM phenotype, supporting the 

concept that factors other than the DGC stability may spare the EOM from pathology in DMD360. 

Rather, altered regulation of calcium-handling proteins may play a role in EOM protection132,361. 

While it is apparent that Myomaker and Myomerger play a role in limb muscle DMD 

pathogenesis, further work is needed to clarify if altered activity or regulation of the fusogens 

impacts the susceptibility of other muscles, such as craniofacial muscles, in disease. Comparing 

Myomaker or Myomerger expression within dystrophic EOM fibers to dystrophic limb myofibers 

could provide insight into differential regulation of these fusogens. It is possible that the enhanced 

regenerative capabilities of the satellite cells within EOM can better regulate fusogen expression, 

downregulating it more promptly after fusion to the myofiber. Additionally, ectopically expressing 

Myomaker and Myomerger within EOM fibers may shed light on the susceptibility of these fibers 

to fusogen activity. This analysis could be performed on the transgenic mice generated in the 

aforementioned studies in Chapter 2. If they are more resilient to membrane damage compared 

to their limb muscle counterparts, there could be several different explanations. First, the EOM 

fibers might be inherently less susceptible to the activities of Myomaker and Myomerger. This 

reduced susceptibility could be conferred by a distinct plasma membrane composition or 

organization which is more resilient to the membrane activities or Myomaker or Myomerger. 

Alternatively, EOM fibers may express a unique set of proteins which counteract the maladaptive 

behaviors of Myomaker and Myomerger within the myofiber. Another reason to explain potentially 
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reduced susceptibility to fusogen activity within EOM myofibers could be the extracellular 

environment. Unique properties of the EOM niche may confer additional benefits to myogenic 

regeneration129. This is supported by the fact that EOM satellite cells phenocopy their surrounding 

myofibers when transplanted in limb muscle, failing to express MyHC isoforms and metabolic 

components more characteristic of EOM32. 

 

Alternative contributors to DMD pathogenesis 

There is a growing body of evidence implicating the MyoD regenerative program in 

contributing to progression of dystrophic pathology. Irradiating a dystrophic limb to deplete 

satellite cells reduced muscle damage, albeit at the expense of regenerative capacity, compared 

to the contralateral, nonirradiated limb338. A separate study found that silencing Nfix, a 

transcription factor which regulates fetal myogenesis, led to reduced pathology in two dystrophic 

mouse models, α-sarcoglycan- and dystrophin-deficient339. More recently, ablation of the satellite 

cell pool in δ-sarcoglycan- and dystrophin-deficient dystrophic mouse models led to reduced 

pathology and increased sarcolemmal stability340. These observations are in concordance with an 

overactive MyoD-centric regenerative program triggering expression of Myomaker and 

Myomerger, both of which may be activated by MyoD340,362. Indeed, stem cell-derived myomaker 

has been implicated in reducing sarcolemmal stability in dystrophic mice308. 

While ablation of Myomaker from the myofiber compartment of dystrophic skeletal muscle 

may enhance sarcolemmal stability, this experiment was performed in a mouse model which does 

not fully phenocopy the human disease. The mdx mouse in the C57 background can compensate 

for the loss of dystrophin through upregulation of utrophin363,364. To overcome this limitation, 

alternative mouse models were developed to better model human DMD. A double knockout 

mouse lacking dystrophin and utrophin was developed which has similar degeneration of limb 

and diaphragm muscles and premature death365. Additionally, the C57 mdx mouse was bred onto 
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the DBA/2J background to generate D2.mdx mice366. In order to test the hypothesis that 

Myomaker and Myomerger membrane activities play a major role in DMD pathogenesis, 

downregulation of these proteins in more representative DMD mouse models is needed. 

 

Figure 1: Pathways regulated by MyoD. MyoD, one of the four MRFs, regulates an array of 

pathways, not limited to the cell cycle, chromatin accessibility and recruitment of RNA 

polymerase, activation of other transcription factors, such as Myogenin, myoblast fusion, 

metabolism, and cytoskeletal proteins. 

 

If downregulation of the muscle fusogens is not sufficient to reduce disease progression 

in the more representative DMD mouse models, alternative pathways stimulated by an overactive 

MyoD regenerative program may be culpable. MyoD resides at a nexus of pathways involved in, 
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but not limited to, chromatin accessibility, metabolism, cell fusion, cytoskeletal structure, and 

regulation of other transcription factors. In light of the fact that long term attenuation of satellite 

cell regeneration may be maladaptive for skeletal muscle as a whole308 and satellite cell 

exhaustion may be permissive to DMD pathogenesis331,367–369, specifically targeting the 

maladaptive features of the MyoD regenerative program may provide more viable therapeutic 

opportunities to reduce disease progression. 

A central question probed in this study is the impact of excessive regeneration within 

skeletal muscle. Myofibers need to be repaired following damage in order to prevent the onset of 

necrosis and subsequent degradation. An inability to replace damaged myofibers leads to muscle 

atrophy180 and increased fibrosis in disease308. Counterintuitively, downregulation of the 

regenerative program reduces pathology and muscle damage in muscular dystrophy338–340. Such 

studies juxtapose the beneficial effects of skeletal muscle regeneration following exercise370,371. 

A potential explanation for this conundrum is the fact that dystrophic muscle may respond 

differently to regeneration than wild-type muscle. A “2-hit” model in muscular dystrophy has been 

proposed, whereby the first hit is the underlying genetic defect and the subsequent initiation of 

the regenerative program is the second hit340. Another possibility is that regeneration is inherently 

different in disease compared to exercise. Indeed, numerous studies in animal models and 

humans have suggested that exercise itself may provide benefits to dystrophic skeletal muscle372–

377. Altogether, it is apparent that regeneration benefits dystrophic muscle. Identifying how 

regeneration differs between exercise and dystrophy may provide alternative therapeutic avenues 

for patients with muscular dystrophy. 

Given that downregulation of Myomaker in dystrophic myofibers reduces pathology308, it 

remains unclear if dystrophic myofibers are more susceptible to the activities of the fusogens 

compared to their wild-type counterparts. Myomaker and Myomerger expression is lower in mdx 

muscle compared to the inducible model muscle. However, there is a greater level of myofiber 
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membrane damage in dystrophy. There are several explanations for this phenomenon. First, wild-

type myofibers may be more resistant to injury compared to dystrophic myofibers, especially 

because dystrophic myofibers lack dystrophin, a critical structural protein connecting the inner 

cytoskeleton to extracellular laminin. Next, activation of the regenerative program may not only 

activate fusogen expression but also expression of other cytoskeletal components, some of which 

could be maladaptive. Further studies are needed to validate if dystrophic muscle adapts as the 

disease progresses and how such adaptations make it less susceptible to the activities of 

Myomaker and Myomerger. 

A key challenge assessed in the discussion section of the previous chapter is the ability 

to detect myofiber membrane damage. Although the tools we utilized are considered to be 

sensitive markers of myofiber membrane damage (serum creatine kinase and the proportion of 

IgM+ myofibers), these markers may not be sensitive enough to detect more minute damage to 

the sarcolemma. For example, myofiber membrane damage after induction of fusogen expression 

in myofibers, quantified by the proportion of IgM+ myofibers, generally seemed to peak around 

2%, similar to another study which assessed the impact of suppressing the regenerative program 

in dystrophic muscle340. Inability of this method to detect myofibers with lower levels of membrane 

damage significantly impedes the potential resolution of this method. Conversely, elevated serum 

creatine kinase values sometimes could not be accurately quantified due to instrumental 

limitations. As a result, this method lacked the ability to appropriately stratify myofiber membrane 

damage. These limitations in the quantification of myofiber membrane damage hampered our 

ability to accurately assess the impact of Myomaker and Myomerger on sarcolemmal integrity. 

In addition to limitations in detection of myofiber membrane damage, the manner in which 

myofiber stiffness was assessed could have been more physiological relevant. Myofiber 

membrane stiffness was quantified perpendicular to the plane of the myofiber in a compressive 

fashion. However, muscle fibers primarily contract and relax along the longitudinal axis during the 
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cross-bridge cycle. Thus, assessing the tensile properties of myofibers rather than compressive 

properties might provide more insight into the impact of the fusogens within myofibers. 

In sum, we sought to test the hypothesis that expression of the muscle fusogens in 

myofibers was deleterious. Our data support this hypothesis, explaining why expression of 

Myomaker and Myomerger is so tightly restricted to myoblasts during development and 

regeneration. Downregulation of the fusogens within myofibers may provide an alternative 

therapeutic avenue for patients with muscular dystrophy. Because myofiber membrane damage 

was exacerbated when both Myomaker and Myomerger were expressed in myofibers, this 

suggests that these fusogens may have cooperative functions during myoblast fusion. However, 

it remains unclear if these fusogens directly or indirectly interact during this process. 
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