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Abstract 

 

Volume overload (VO) induced heart failure results from an increase in blood 

volume (preload) to the heart. The heart responds to increases in hemodynamic load 

through compensative remodeling. VO has a distinct pattern of remodeling compared to 

pressure overload induced heart failure, which results in fibrosis. VO results in a net 

decrease in extracellular matrix (ECM). This loss of ECM contributes to the progression 

of the disease due to the loss of structural integrity.  

Since cardiac fibroblasts (CFs) are the main cells responsible for maintaining 

ECM in the heart, we characterized the in vitro phenotype of CFs isolated from a rat VO 

model, aortocaval fistula (ACF). Compared to sham operated animals, ACF fibroblasts 

displayed a phenotype that we described as “hypofibrotic”. ACF CFs secreted relatively 

less collagen and profibrotic molecules, such as α-smooth muscle actin (αSMA) and 

connective tissue growth factor (CTGF). Interestingly, ACFs produce approximately 

twice as much transforming growth factor-β1 (TGF-β), a key profibrotic stimulus, as 

their sham counterparts. However, there were no changes in the canonical TGF-β 

pathway that could account for the hypofibrotic phenotype observed in ACF fibroblasts. 

 Since others have shown that the cytoskeleton and the Rho/ROCK pathway play 

a role in fibroblast phenotype, we characterized the actin cytoskeleton in sham and ACF 
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fibroblasts. We found that ACF CFs have significantly less F-actin than sham CFs. We 

were able to show that it is possible the actin cytoskeleton might account for phenotypic 

differences in CFs by chemically altering the amounts of F-actin and G-actin. When the 

cells were treated with a ROCK inhibitor, which allows F-actin to depolymerize into G-

actin, CFs displayed a more hypofibrotic phenotype. Conversely, enhancement of F-actin 

with jasplakinolide treatment forced the CFs to have a profibrotic phenotype.  

Numerous studies have linked substrate modulus with effects on the cytoskeleton. 

Stiff substrates tend to increase cytoskeletal organization and increase F-actin resulting in 

stress fiber formation in vitro. We wondered if changes in tissue modulus may account 

for differences in observed phenotype. To know if changes in tissue modulus account for 

changes in CF phenotype, we first characterized the tissue stiffness changes. We used 

biaxial tensile testing, which yields a direct measure of tissue modulus, an intrinsic 

property of the material. Here we show that ACF rats have approximately half the tissue 

modulus compared to control rats.  

Since increased stiffness is positively correlated with CF changes towards a more 

profibrotic phenotype, we postulated that decreased substrate stiffness may lead to a more 

hypofibrotic phenotype. Specifically, we hypothesized that sham CFs on softer substrates 

would have a more hypo-fibrotic phenotype; conversely, CFs from ACF would behave 

more like normal cells on a higher stiffness. Although the phenotype of sham CFs was 

shifted to a more hypofibrotic direction on soft substrates, ACF fibroblasts had many 

indications of a dampened response to stiffness reminiscent of the effect known as 

“mechanical memory” described by others 1,2.   
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Chapter 1 : Introduction 

1.1) Etiology and biomechanics of heart failure 

Altered hemodynamic loads change the stress within the heart walls leading to 

compensative changes in the heart relative to the duration and types of loads. One 

common type of altered hemodynamic load is pressure overload (PO). PO results from an 

increase in afterload, i.e. increasing the end load the heart has to work against to eject 

blood out of the heart. Common causes of PO include chronic high blood pressure and 

aortic stenosis. Another type of altered hemodynamic load is volume overload (VO). VO 

is an increase in preload (i.e. an increase in end-diastolic volume). Physiological VO can 

occur during pregnancy 3 or high intensity exercise 4. However, chronic exposure to VO, 

such as with ventricular septal defects or mitral regurgitation, can lead to maladaptive 

remodeling in order to compensate for cardiac load changes. 

Compensation during heart failure (HF) results in remodeling of the heart to more 

efficiently pump blood. Following Laplace’s Law, the wall stress, or the tension within 

the heart wall is approximated by: 

𝜎𝑤𝑎𝑙𝑙 = 𝑃
𝑟

2𝑡
     Eq. (1) 

Wall stress (σwall) is approximated by multiplication of the chamber pressure (P) and the 

internal radius (r) of the chamber divided by two times the thickness of the left ventricle 

(LV) wall (t). Compensative remodeling through concentric hypertrophy, occurring in 
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PO, attempts to decrease wall stress, which is a major determinant of oxygen demand 5–7. 

PO remodeling occurs in response to the increase in chamber pressure (P) with an 

increase in wall thickness (t) by adding sarcomeres in parallel to result in a subsequent 

decreased wall stress (σwall).  

In VO the heart chamber dilates (increasing r), which is initially beneficial 

because it maximizes use of the Frank-Starling mechanism. The Frank-Starling 

mechanism describes an increase in contractility due to increased preload. That is, the 

heart pumps the volume that it receives, within some limits. Strain from increased 

preload on cardiomyocytes leads to increased calcium sensitivity, resulting in increased 

actin-myosin cross bridge formation, and, therefore, increased force output 8. The 

increased myocyte force output allows the heart to pump more blood with each heart 

beat. However, this increase in preload corresponds to increased wall tension, σwall. 

Increased wall tension increases myocardial oxygen demand 5. Chronic increase in 

chamber volume causes sarcomeres to be added in series to decrease wall tension and 

ensures sarcomeres are not extended past an optimal length. However, this removes the 

Frank-Starling advantage and encourages further distension of the chamber and 

eventually leads to HF. 

1.2) Distinct patterns of extracellular matrix remodeling in heart failure  

In addition to macroscopic changes in remodeling in the chamber (e.g. wall 

thickness, chamber dimensions), there is microscopic remodeling leading to changes in 

extracellular matrix (ECM). In PO there is an increase in ECM production, leading to 

fibrosis 9. In VO, there is a net decrease in ECM in the initial and compensative phases of 



3 

 

HF 10. These changes in ECM content are important in both types of HF. In PO, the 

increase in ECM and resulting fibrosis have been implicated in diastolic heart failure, 

where the chamber becomes stiff and relaxation and filling are impeded 9,11. Fibrosis can 

also interfere with conductance of the action potential throughout the heart, impeding 

coordination of contraction and causing arrythmias 9,12. In VO, where there is too little 

ECM, this decrease in ECM can be important as it could contribute to myocyte slippage, 

the inability to transmit force throughout the ventricle, and excess tissue deformation 9,13. 

The ECM provides a scaffold for myocytes and other cells within the heart and is an 

important determinant of structural integrity in the myocardium. Myocytes interact with 

ECM through integrins and focal adhesion complexes. These integrin/focal adhesion 

complexes help transmit mechanical force from the myocytes through the ECM allowing 

coordination in contracting the heart.  

1.3) Cardiac fibroblast phenotype 

Cardiac fibroblasts (CFs) are the most numerous cell type in the heart and are 

responsible for ECM maintenance. In healthy hearts, CFs maintain a balance of matrix 

degradation and deposition. CFs respond to a variety of cues that regulate the balance of 

ECM ranging from neurohormonal regulation, inflammation, oxidative stress, and 

mechanical stress 14. There is also crosstalk from other cells in the heart, such as 

myocytes, mast cells, and other CFs that send signals to CFs, which secrete new ECM 

proteins and degrade existing ECM via matrix metalloproteinases (MMPs) 14.  

CFs are dynamic cells which display considerable phenotype plasticity. It is well 

established that fibroblasts, with increased cytoskeletal tension in the presence of 
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transforming growth factor-β1 (TGF-β), activate into myofibroblasts, a profibrotic 

phenotype that exhibit a mature cytoskeleton incorporated with α-smooth muscle actin 

(αSMA) and secrete an abundance of ECM proteins. Previous terminology described 

fibroblast “differentiation” into myofibroblasts, but the more recent view is that 

fibroblasts “activate” into myofibroblasts, since “differentiation” implies a terminal 

phenotype. Myofibroblasts may revert back to a normal, or quiescent, fibroblast 

phenotype. Results presented in this dissertation suggest that fibroblast phenotype goes 

beyond the dichotomous fibroblast/myofibroblast phenotype and should be described as 

more of a spectrum of phenotypes. 

In the typical view, fibroblasts are classified as either fibroblast, proto-

myofibroblast or myofibroblast (Figure 1.1), especially in the context of diseases in 

which fibrosis, or excess ECM proteins, are a prevalent. With this method of 

categorization, “fibroblasts” are basal or quiescent cells representative of fibroblasts in 

healthy tissue. A “myofibroblast” is an activated profibrotic phenotype characterized by 

contractile αSMA stress fibers and increased secretion of ECM components and 

profibrotic factors. Myofibroblasts are usually only activated during wound healing. In 

the heart, myofibroblasts are rarely seen outside of the valves in healthy tissue and only 

appear during fibrosis and in infarct areas 15. A “proto-myofibroblast” is a phenotype 

between fibroblasts and myofibroblasts in culture that have stress fibers resulting from 

increased cytoskeletal tension but have not yet transformed into secretory myofibroblasts 

(until the addition of TGF-β) 16. However, fibroblasts from hearts in the acute and 

compensated phases of VO likely do not fit into any of these categories. In VO the LV 
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has a net decrease in ECM proteins as well as increased MMP and natriuretic protein 

expression 17 even in the presence of elevated profibrotic factors TGF-β 10 and 

Angtiotensin-II 18. If these changes in the tissue are due to changes in CF phenotype, it 

would suggest that CFs from VO have a more hypofibrotic phenotype compared to 

normal CFs and are quite opposite of the myofibroblast phenotype.  

 

 

 

Figure 1.1: Three classifications of fibroblasts. 

Image taken from: Tomasek, J. J., Gabbiani, G., Hinz, B., Chaponnier, C. & Brown, R. 

A. Myofibroblasts and mechano-regulation of connective tissue remodelling. Nat. Rev. 

Mol. Cell Biol. 3, 349–63 (2002). 
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To identify the effect of CF phenotype in VO heart failure, one could assess the 

phenotype of isolated CFs from VO in culture compared to CFs from normal hearts. 

Several markers are established as being important to distinguish myofibroblast and 

fibroblasts. The classic indicators of a myofibroblast phenotype are increased αSMA 

protein, especially when aligned with F-actin stress fibers; increased type-I collagen 

secretion; fibronectin; and CTGF compared to normal fibroblasts 15,16. The difficulty in 

assessing in vitro phenotypes is that in vitro culture conditions, such as the use of growth-

factor enriched media, stiff polystyrene culture dishes, and high levels of oxygen tension, 

contribute to activation of fibroblasts into myofibroblasts 11,19,20. The longer fibroblasts 

are in culture, the more myofibroblast population and profibrotic markers tend to increase 

2,21. This can be problematic if one wants to study CFs that are very unlike 

myofibroblasts. One way to mitigate this issue and to maintain a phenotype closer to the 

in vivo phenotype is to limit the amount of time in culture. In this work, we only use CFs 

that are non-passaged for this reason.  

Another way researchers attempt to maintain the in vivo phenotype is by 

mimicking the in vivo environment by providing a substrate with an appropriate elastic 

modulus. An elastic modulus near physiological or pathological levels of the native tissue 

in which the specific cell type resides is most appropriate. There is a wide range of tissue 

moduli throughout the body: the brain is ~0.5 kPa 22, normal lungs are 2-4 kPa 23, and the 

periodontal ligament connecting teeth is about 10-50 MPa 24. In comparison, the typical 

tissue culture polystyrene plastic has an elastic modulus on the order of GPa similar to 

the elastic modulus of bone and teeth 25. Normal myocardial tissue modulus is reported to 



7 

 

be in a range of ~10-100 kPa 26,27 and infarct tissue is consistently more stiff than normal 

tissue due to fibrosis and scar formation 26–28. To our knowledge, there are not any reports 

of the tissue stiffness of VO myocardium. Knowing approximate tissue moduli is 

important because there is growing evidence that cells cultured on substrates outside of 

their native stiffness change their phenotype in response to those changes in modulus.  

1.4) Substrate stiffness regulates fibroblast phenotype 

The effect of stiffness on fibroblast phenotype is often studied in diseases where 

fibrosis and scar formation are an issue; such as wound healing, lung disease, and 

myocardial infarction. Fibrosis and scar formation are often associated with increased 

tissue stiffness, and this increased stiffness is suggested to be linked to the persistence of 

myofibroblasts 2,29,30. In wounds, fibroblasts migrate to the site of injury and activate into 

highly contractile and secretory myofibroblasts. The migratory phenotype of fibroblasts 

is key to arriving at the site of injury, where these cells later use their contractile αSMA 

reinforced cytoskeleton to help close the wound31. During healing, myofibroblasts secrete 

ECM to replace provisional matrix with granulation tissue. In normal tissue, 

myofibroblasts undergo apoptosis after a wound is healed; however, in fibrotic tissue, 

myofibroblast persistence can be detrimental as they contribute to hypertrophic scar 

formation 31. Increased mechanical stress leads to increased myofibroblast populations 

related to hypertrophic scar formation 32 and increased αSMA expression in skin wounds 

33. In gingival and foreskin fibroblasts, the amount of αSMA increases with increasing 

substrate stiffness 34,35.  
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In the lung, fibrotic lesions can have a modulus six times that of normal tissue 23. 

Lung fibroblasts plated on stiffer gels, reminiscent of fibrotic lung tissue, become 

activated, and fibroblasts plated on soft gels, similar to healthy tissue compliance, remain 

quiescent 23. Activated lung fibroblasts produce excess matrix proteins, have decreased 

matrix proteolytic gene expression, and are more proliferative. Liu et al. suggest that the 

fibrotic stiffening of the lung is sufficient to initiate a fibrogenic program to activate 

fibroblasts and allow feedback amplification of stiffness through matrix synthesis 23.  

There is limited research on the effect of stiffness on cardiac fibroblasts, but some 

think that stiffness may play a role in persistent myofibroblasts in myocardial infarct 

scars and fibrosis 11,36,37. In a mixture of neonatal cardiomyocytes and fibroblasts, 

fibroblast populations dominated over cardiomyocytes on gels of 144 kPa stiffness, a 

stiffness approximating infarct tissue as measured by AFM; in contrast, on softer gels 

fibroblasts did not dominate over cardiomyocytes 38. Additionally, the stiffness-

dependence of αSMA iss demonstrated with decreased αSMA in CFs seeded on 

nanofibrous scaffolds with a decreasing modulus 39. After activating and replating 

neonatal CFs on a range of polyacrylamide gels from 0.3-30 kPa, CFs maintained a 

myofibroblast phenotype but displayed decreasing αSMA expression with decreasing 

stiffness 40. Valvular myofibroblasts are deactivated by a phototunable substrate that was 

reduced from ~32 kPa to ~7 kPa, as indicated by decreased αSMA stress fibers, CTGF 

expression, and proliferation 30. These fibroblasts were then reactivated with exogenous 

TGF-β addition, as evidence by increased expression of αSMA, collagen type I alpha-1, 

and fibronectin relative to the deactivated fibroblasts without TGF-β. These studies 
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support the idea that substrate stiffness modulates CF phenotype and their subsequent 

ability to produce ECM and profibrotic proteins.  

1.5) Mechanosensing substrate stiffness and the role of the cytoskeleton 

Cells are able to sense stiffness by attaching to and pulling on their surroundings. 

The actin-myosin cell machinery and cell adhesions are necessary for the transmission of 

force between a cell and its substrate. Cells attach to their substrates through 

mechanosensitive adhesion complexes. These adhesion complexes are dynamic protein 

structures that consist of integrins on the cell surface and other proteins, such as vinculin 

and talin, that connect at cytoskeleton-associated proteins. Integrins bind to adhesive 

extracellular proteins, such as collagens, elastins, and fibronectins, creating a link 

between the cell and its surroundings. Once attached, the cell is able to pull on its 

substrate by contraction of its cytoskeleton.  

Not only do integrins play a role in adhesion, but they also play a role in TGF-β-

mediated activation of myofibroblasts. Specifically, integrins αvβ5 and αvβ3 are shown 

to play a crucial role in activating latent TGF-β 41. TGF-β is secreted as an inactive 

complex bound to Latency-Associated Peptide (LAP) and anchored to the ECM via the 

latent TGF-β-Binding Protein (LTBP) 42. Integrins αvβ5 and αvβ3 attach to the latent 

TGF-β complex and enable the cell to pull against the ECM  to free and to activate TGF-

β 41,42. Blocking αvβ5 and αvβ3 with peptides or antibodies decreases TGF-β activation 

and myofibroblast activation 41. Wipff et al. provide evidence that integrin-mediated 

fibroblast contraction of compliant ECM substrates is less effective at activating TGF-β 

when compared to more stiff substrates 43. 
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Ingber et al. propose a “cell tensegrity” model that states contraction of the 

cytoskeleton can directly cause changes in gene expression without chemical signals 

because the cytoskeleton is physically connected to the nuclear structure 44. The 

cytoskeletal network directly connects to and rearranges nuclear scaffolds, chromatin and 

DNA, and, therefore, can alter gene expression. This happens via the linker of 

nucleoskeleton and cytoskeleton (LINC) 44. Additionally, tension applied to the nucleus 

through the actin network can increase nuclear pore size, allowing for increased diffusion 

through to the nucleus 44.  

Cells match external forces from their surroundings with internal tension by 

altering their cytoskeleton. A network of microtubules that resist compression and 

microfilaments, which creates tension, work together to create a homeostatic balance 

against extracellular forces. When cells are on a stiff substrate they increase their 

cytoskeletal organization by polymerizing globular actin (G-actin) monomers into 

filamentous actin (F-actin). F-actin acts as struts within the cell to provide structural 

support. Not only does the actin cytoskeleton provide structural support, but it also plays 

a part in the mechanism of pulling on the cell’s surroundings. It is reported that cell 

modulus corresponds to substrate modulus up to ~5 kPa, above 10 kPa they no longer 

match the modulus of the substrate and begin forming stress fibers 45. Ghosh et al. report 

that increased cytoskeleton organization corresponds to an increase in the modulus of 

dermal fibroblasts on gels of a higher elastic modulus relative to fibroblasts on softer gels 

46. Similarly, Shulze et al. determined that an increased cell modulus of dermal fibroblasts 

taken from older donors correlated with increased F-actin relative to G-actin 47. Also, CFs 
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treated with cytochalasin D, a drug that inhibits the polymerization of actin, have a 

decreased cell modulus 48.  

Rho-kinase (ROCK) phosphorylates myosin and other myosin-related proteins to 

cause an  increase in actin stress fiber formation and contractility of a cell. ROCK plays a 

role in responding to stiffness because it influences the polymerization of F-actin and the 

cell’s ability to pull on its substrate, and therefore, sense substrate modulus. ROCK is 

shown to increase the relative ratio of F-actin to G-actin 49,50. In two different studies, the 

addition of a ROCK inhibitor to lung fibroblasts caused a decrease in αSMA and F-actin 

stress fibers, reversing the effect of increased modulus, and decreasing the activation of 

fibroblasts 23,49. In addition, the inhibition of ROCK is shown to prevent myofibroblast 

activation and collagen type-I synthesis in lung and Tenon’s fibroblasts 51,52. 

1.6) Mechanotransduction of substrate stiffness in fibroblasts 

Several transcriptional regulators appear to link alterations in the cytoskeleton 

associated with a response to substrate stiffness to changes in gene expression. One 

mechanism that potentially explains the transduction of stiffness to gene expression 

involves myocardin-related transcription factor A (MRTF-A, also known as 

megakaryoblastic leukemia 1 protein, MKL1). MRTF-A transduces mechanical stress via 

the polymerization state of the actin cytoskeleton. MRTF-A is sequestered by G-actin 

monomers in the cytosol and freed after polymerization into F-actin. Once freed, MRTF-

A is able to translocate to the nucleus. In the nucleus, MRTF-A promotes a fibrogenic 

program including expression of αSMA, transgelin, and calponin by interacting with the 

serum response factor (SRF) 53. On stiff (~20 kPa) polyacrylamide gels, human lung 
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fibroblasts increase F-actin, and have an increase in MRTF-A nuclear translocation, and, 

in turn, an increase in αSMA compared to soft gels (~0.5 kPa) 49. However, MRTF-A 

null fibroblasts did not have increased αSMA in response to increased stiffness 49. 

Another mechanotransduction factor is the yes-associated protein (YAP), which 

translocates to the nucleus when there is increased cytoskeletal tension or changes in cell 

shape and adhesion 54,55. YAP nuclear translocation promotes connective tissue growth 

factor (CTGF) expression and is associated with the myofibroblast activation of 

mesenchymal stromal cells 56, lung fibroblasts 57, and cancer-associated fibroblasts 58. 

One study suggests that the degree of F-actin organization acts as a regulator of YAP 

transcriptional activity 59. YAP is suggested to act as a mechanical rheostat that stores 

information from past mechanical environments to influence cell fate 1. This type of 

“mechanical memory” of substrate stiffness also occurs in lung fibroblasts 2. Lung 

fibroblasts initially plated on soft substrates and then moved to stiff substrates known to 

activate fibroblasts into myofibroblasts have a dampened response to the stiff substrates 

as evidenced by reduced levels of myofibroblasts.  

1.7) Summary of dissertation focus 

Since CF function impacts VO heart failure, we hypothesize that CFs from VO 

hearts are less fibrotic than those from control hearts (Chapter 2). In other systems 

reduced stiffness is shown to reduce fibrotic potential; so we also hypothesized that VO 

hearts are softer than normal hearts. To test this, we measured the myocardial tissue 

modulus with biaxial tensile testing (Chapter 3). Additionally, since softer substrates 
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have been shown to make fibroblasts less fibrotic we hypothesized that reduced stiffness 

promotes a hypofibrotic phenotype in CFs (Chapter 4). 

1.8) Experimental contributions.  

This work was substantially improved by its collaborative nature. I performed all 

of the experimental work presented in this thesis with the exception of: 1) ACF surgeries, 

echocardiography, and several cardiac fibroblast isolations that were performed by Jean 

Zhang, 2) osmotic mini pump surgeries and pressure-volume loop data acquisition 

performed by Aaron Trask, and 3) all of the data within Figures 2.1 and 2.2 which were 

done by Mary Cismowski and Aaron West.  



14 

 

 

 

 

Chapter 2 : Cardiac Fibroblasts Isolated from Volume Overload Induced Heart 

Failure Display a Hypofibrotic Phenotype and Alterations in the Cytoskeleton 

2.1) Introduction 

Cardiac fibroblasts (CFs) are the most abundant cell type in the heart and exhibit 

considerable plasticity, allowing them to adapt to extracellular cues, such as growth 

factors, neurohormones, and the mechanical environment. Under normal conditions, CFs 

regulate a dynamic balance between extracellular matrix (ECM) deposition and 

degradation to maintain left ventricular (LV) structural and mechanical stability. 

However, in response to myocardial injury and mechanical stress, CFs undergo 

phenotypic differentiation to repair and preserve myocardial structural integrity. Under 

chronic stress, however, these CF changes contribute to adverse LV remodeling and 

ultimately heart failure (HF). 

One form of mechanical stress is volume overload (VO). VO occurs when the 

heart chronically pumps an increased volume of blood (preload). VO HF is poorly 

researched compared to HF resulting from pressure overload or post-infarct, which are 

associated with extensive myocardial interstitial fibrosis. In contrast, we 10,60 and others 

61–64 show that VO results in changes in ventricle geometry (dilation and increased 

eccentricity of LV), mechanics (increased wall stress and decreased chamber stiffness) 

and, eventually, deleterious changes in function. Structural changes are accompanied by a 
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net loss of ECM and interstitial collagen 10,18,60. Intriguingly, this net ECM loss occurs 

despite increased expression of pro-fibrotic signaling molecules such as angiotensin II 18 

and transforming growth factor-β1 (TGF-β) 10.  

Cardiac fibroblast phenotype is often described as a dichotomy between normal 

fibroblasts or myofibroblasts, characterized by increased expression of α-smooth muscle 

actin (αSMA), collagen I/III, and connective tissue growth factor (CTGF). However, the 

fibroblast phenotype in VO HF does not fit into that dichotomous system. Here we 

describe CFs isolated from VO HF as a hypofibrotic phenotype, quite opposite of 

myofibroblasts, and as producing a net decrease in ECM when compared to control CFs. 

We investigate the role of the cytoskeleton as a possible factor contributing to the 

hypofibrotic phenotype observed. 

The cytoskeleton is an important component of mechanotransduction of 

extracellular mechanical stress to indirect modulation of gene expression. Dynamic 

regulation of the actin cytoskeleton is mediated by RhoA-ROCK signaling and by the 

balance between actin-polymerizing and de-polymerizing proteins. The actin 

cytoskeleton in turn, integrates signals from both biochemical (e.g. TGF-β1) and 

mechanical inputs to indirectly modulate gene expression by controlling the nuclear-

cytoplasmic shuttling of transcriptional regulators 65. One such example is myocardin-

related transcription factor A (MRTF-A), 66 also known as Megakaryoblastic leukemia 1 

protein (MKL1). Monomeric G-actin binds and sequesters MRTF-A and, upon actin 

polymerization into F-actin, MRTFA is released and allowed to translocate to the nucleus 
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where it interacts with serum response factor (SRF) to regulate the increased expression 

of genes such as αSMA, SM-22, and calponin 53.  

Additionally, another transcriptional regulator, yes-associated protein (YAP) is 

related to fibroblast activation and matrix remodeling 57,58. YAP is active in the nucleus 

and nuclear translocation is shown to be dependent upon cytoskeletal tension 54,55. One 

study suggests that the degree of F-actin organization acts as a regulator of YAP 

transcriptional activity 59. Anseth and co-workers suggested that YAP acts as a 

mechanical rheostat in mesenchymal stem cells that stores information from past 

mechanical environments to influence cell fate 1. This type of mechanical “memory” of 

substrate stiffness also occurs in lung fibroblasts 2. Lung fibroblasts initially plated on 

soft substrates and then moved to stiff substrates, known to activate fibroblasts, have a 

dampened response to the stiff substrates as evidenced by reduced levels of myofibroblast 

activation.  

We hypothesized that sustained VO results in CFs with a hypofibrotic phenotype. 

To test this hypothesis, CFs were isolated from rats experiencing aortocaval fistula (ACF) 

-induced VO and from rats subjected to a sham operation. Markers and mediators of 

matrix synthesis and degradation where assessed under basal conditions and in the 

presence of exogenous TGF-β. The role of TGF-β signaling and changes in the actin 

cytoskeleton in the phenotype observed in vitro is explored.  

2.2) Materials and Methods 

2.2.1) Animals. Male Sprague Dawley rats (~200 g, Envigo) were housed in 

IACUC approved housing with 12 hour light/dark cycles and were provided continuous 
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access to standard chow and water. Age- and weight-matched rats were used for sham 

and aortocaval fistula (ACF) surgeries. ACF was created under ~2% isoflurane 

anesthesia. First, we performed blunt dissection to expose the abdominal aorta and 

inferior vena cava, then an 18-gauge needle was inserted through the shared wall of the 

vessels and the aorta puncture was sealed with cyanoacrylate glue or sutures. Shunt 

patency was confirmed visually by mixing of arterial blood in the vena cava. Finally, the 

abdomen was closed with sutures, and buprenex was given for pain at 24 and 72 hours 

post-operatively and as needed. Sham surgeries consisted of opening the animal, blunt 

dissection to expose the aorta and inferior vena cava, and closure of the abdomen with 

sutures. VO was confirmed via echocardiography at 4 weeks after surgery by a left 

ventricular end-diastolic diameter of at least 8 mm. 

2.2.2) Cell culture. We used an in vitro culture protocol that allows us to 

characterize cellular phenotypes in adult primary, non-passaged CFs. Briefly, cardiac 

dissection of 4 week ACF and sham rats was followed by isolation of the left ventricle. 

The LV was rinsed in Hank’s Balanced Salt Solution (HBSS) and cut into small chunks 

of ~1 mm2. A series of enzymatic digestions (80U of collagenase type-II, Worthington 

Biochemicals and 0.1% trypsin) was used to free CFs into solution. The cell solution was 

neutralized with 10% fetal bovine serum (FBS) DMEM with 4.5 g/L glucose and pelleted 

in a centrifuge. Cells were filtered through a 100 µM cell strainer (Fisher Scientific) and 

plated. Non-adherent cells were removed after 45 minutes in culture by replacing media 

with 10% FBS DMEM with 1.0 g/L glucose. Cells were washed several times with warm 

PBS 24 hours later, and media was replaced as needed until cells reached ~50-70% 
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confluence. The use of primary culture avoids the well-known effects of passage on CF 

phenotype. CFs were growth-arrested in 0.05% FBS-DMEM for 48 hours prior to 

harvesting or treatment unless otherwise noted.  

2.2.3) Drug Treatments. Cells were pretreated with 50 nM of jasplakinolide in 

DMSO for 1 hour or with DMSO vehicle in serum-free medium. After serum starving for 

1 hour, TGF-β treated cells were treated with 3 ng/mL TGF-β1 (R&D systems) for 24 

hours in serum-free medium. ROCK inhibitor treatment was done using 10 µM 

concentration of Y-27632 (Sigma) for 24 hours in serum-free medium after serum 

starving.  

2.2.4) Real-Time quantitative PCR. TRIzol extraction reagent was used to lyse 

CFs, they were then scraped and sonicated. RNA was extracted with chloroform and 

centrifuged. The aqueous phase was purified using Qiagen RNeasy Mini Kit (Qiagen), 

and RNA concentration was determined using a NanoDrop 2000 (Thermo Scientific) 

spectrophotometer. Reverse transcription was done with the Maxima First Strand cDNA 

Synthesis Kit (Thermo Scientific). Equivalent amounts of cDNA were amplified in 

duplicate with Maxima Probe qPCR master mix (Thermo scientific) and Roche Universal 

Probe and primer pairs for the target genes (see Table 2.1 for primer sequences). 40 

amplification cycles were carried out using an Eppendorf MasterCycler-ep Realplex 

thermocycler. Relative expression was determined by using the 2-ΔΔCtmethod, 

normalizing data to the housekeeping genes Rpl13a and LDHA. 
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Table 2.1: PCR primer sequences 
Target Gene Accession 

Number 

Forward Primer 

Sequence 

Reverse Primer 

Sequence 

α-smooth muscle actin ACTA2 NM_031004.2  tgccatgtatgtggctattca accagttgtacgtccagaagc 

collagen type-1 α-1 COL1A1 NM_053304  tctggtctccagggtcctc gtccatctttgccaggagaa 

collagen type-3 α-1 COL3A1 NM_032085 tcccctggaatctgtgaatc tgagtcgaattggggagaat 

connective tissue growth factor CTGF NM_022266  gctgacctagaggaaaacattaaga ccggtaggtcttcacactgg 

lactate dehydrogenase A LDHA NM_017025.1 gatgatggatcttcagcatgg gcttggagtttgcagtcaca 

MMP-13 MMP13 NM_133530  ggacaagcagctccaaagg ggtccagaccgagggagt 

PPAR-γ Pparg NM_013124.3  ggtgaaactctgggagatcct aatggcatctctgtgtcaacc 

ribosomal protein L13A Rpl13a NM_173340.2  ccctccaccctatgacaaga ggtacttccacccgacctc 

transgelin (SM22) TAGLN NM_031549.2  agtgtggccctgatgtgg tcaccaacttgctcagaatca 

TGF-β1 TGFB1 NM_021578 tcagacattcgggaagcagt acgccaggaattgttgctat 

 

 

2.2.5) Immunofluorescence staining. After fixation with 4% paraformaldehyde for 

30 minutes, CFs were permeabilized with 0.03% Triton X-100 and blocked in BSA and 

goat serum or fish block (for MRTF-A stained cells, which required an anti-goat 

secondary antibody) for 1 hour. CFs were incubated overnight at 4°C with gentle 

agitation with the following primary antibodies: anti-MRTF-A, Santa Cruz sc-21558; 

anti-YAP, Cell Signaling 14074; anti-αSMA, Sigma a2547. Unbound primary antibody 

was removed by washing CFs with PBS several times prior to incubation with fluorescent 

secondary antibodies. CFs were counterstained with DAPI (nuclei), and TRITC 

conjugated phalloidin (F-actin) (Millipore, FAK100) and/or Alexa Fluor 488-conjugated 

DNAse-I (Thermo Scientific), to preferentially stain G-actin (Thermo Fisher Scientific). 

Fluorescent images were taken with an Olympus IX51 microscope or a Zeiss 710 

confocal microscope for cytoskeletal protein images. Fluorescence was quantified using 

ImageJ. 

2.2.6) Immunoblot. CFs were scraped in lysis buffer (1% Triton X, 10 μg/ml 

aprotinin, 0.5 mM PMSF, 500 μM Na3VO4) and conditioned media were concentrated 



20 

 

with Amicon Ultra 0.5 mL Centrifugal Filters with a molecular weight cut off of 10,000 

Da. Proteins were separated by SDS-PAGE gel and then transferred to PVDF 

membranes. Immunoblotting was performed using antibodies against :collagen type I 

(AbCam ab292, 1:2000), αSMA (Abcam ab7817, 1:5000), CTGF (Cell Science CPC100, 

1:1000), phospho-SMAD2/3 and SMAD 2/3 (both from Cell Signaling, 3102, 1:1000) 

ERK1 (Santa Cruz, sc93, 1:5000), and ERK 2 (Santa Cruz, sc154, 1:5000). Relative band 

densities were quantified using Image Lab and normalized to the sum density of ERK1 

and ERK2 proteins.  

The ratio of F-actin to G-actin was analyzed using a kit from Cytoskeleton 

(Denver, CO) and according to the protocol provided. Briefly, cell lysates were scraped 

and collected with F-actin stabilization lysis buffer provided in the kit. Lysates were 

briefly sonicated and centrifuged at 350 x g to pellet unbroken cells and debris, and the 

supernatant was centrifuged at 100,000 x g at 37°C for 1 hour to pellet F-actin. The 

supernatant contained G-actin, and the F-actin pellet was suspended with F-actin 

depolymerizing buffer (provided in the kit) in a volume equal to that of the supernatant. 

The G-actin and F-actin solutions were prepared in SDS loading buffer and separated by 

a 10% SDS-PAGE in parallel. Proteins were transferred to a PVDF membrane, and 

incubated with an anti-pan-actin antibody provided in the kit. Ratios were determined by 

densitometry. Relative total actin was normalized to ERK1/2 and to loading controls 

between multiple blots.  

2.2.7) Proteomics. Proteomic analysis was performed on cell lysates from freshly 

isolated sham and ACF CFs that had been grown for 24 hours on plastic. Briefly, lysates 
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(n=3) were separated by SDS-PAGE, separated into 8 fractions and then subjected to in-

gel trypsin digestion. Capillary-liquid chromatography-nanospray tandem mass 

spectrometry was performed by the Ohio State Proteomics Core facility. Label-free 

quantitation was performed using the spectral counting approach, which relies on the 

number of peptides identified in a given protein normalized to the total count within the 

sample 67. 729 unique proteins were identified by this approach, and 161 proteins were 

differentially expressed between sham and ACF CFs (n=3, p<0.05). We used the DAVID 

6.7 Bioinformatics Resource 68 to identify functional classes of proteins overrepresented 

in the datasets, narrowing our focus to proteins that were: 1) identified in all three 

replicates at P<0.05; 2) had at least 3 spectral hits; and 3) involved actin organization  

2.2.8) ELISA. Freshly isolated cardiac fibroblasts from sham treated (n=6) and 4 

week ACF (n=5) animals were grown on 60 mm dishes in DMEM+10% FBS to 

approximately 70% confluence. Cells were then serum starved for 48 hours in 

DMEM+0.2% FBS. Cells were then placed into DMEM lacking serum for 24 hours and 

media collected. Media was centrifuged at 1500 x g for 5 min to remove any particulates, 

and then stored at -80°C prior to analysis. Cells were washed once in PBS, lysed in 

modified Hunter’s buffer, and protein concentration was determined using a 

bicinchoninic acid protein assay kit (23225, Thermo Scientific, Rockford, IL). Latent 

TGF-β was activated by incubating conditioned media in 0.17 N HCl for 10 minutes at 

25°C, followed by neutralization in 0.17 N NaOH/0.05 M Hepes, pH 8. TGF-β levels 

were then immediately determined using a mouse/rat/porcine/canine-specific ELISA 
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assay and protocol (MB100B, R&D Systems, Inc., Minneapolis, MN), and normalized to 

total cellular protein content.  

2.2.9) Statistics. Results are reported as the mean ± standard error of the mean. 

Two-way analysis of variance was performed followed by post-hoc test to determine 

statistical difference between conditions. Statistical significance was determined with a 

p<0.05.  

2.3) Results 

2.3.1) VO-CFs display a basal hypofibrotic phenotype. There was a 50% decrease 

in both collagen type-I alpha-1 (col1α1) mRNA expression (p=0.0074) and collagen 

type-I secretion into the media (p<0.001, Figure 2.1A). Compared to sham, there was a 

significant decrease in αSMA in both the mRNA (78%, p=0.0015) and protein level (55% 

decrease, p<0.001) in ACF (Figure 2.1B). A similar trend was also observed in CTGF, 

with decreased mRNA and protein in ACFs (p<0.001 and p=0.0022, respectively) 

(Figure 2.1C). There was a marked increase in matrix metalloproteinase 13 (MMP13) 

expression in ACF CFs (p=0.032) (Figure 2.1D). Col3α1 decreased in ACF CFs 

(p=0.0048) (Figure 2.1E) but the percent decrease was less than that in Col1α1, leading to 

a greater Col1α1 to Col3α1 ratio for ACF CFs than sham CF (Figure 2.1F, p=0.045). 

Taken together, these data indicate that CFs isolated from sham and ACF maintain 

distinct phenotypes in culture and that the phenotype of ACFs is hypofibrotic as 

evidenced by decreased basal expression of ECM components, αSMA, and CTGF and by 

increased MMP13. 
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Figure 2.1: Basal CF phenotype description 

Left: mRNA expression as determined by qPCR (relative expression normalized to 

housekeeping gene and sham). Right: cumulative protein expression data (n=4-6). 

Secreted proteins were normalized to total cellular protein. αSMA was normalized to 

ERK1/2 (loading control). *p<0.05 compared to sham. 

 

 

 

2.3.2) VO-CFs have an intact TGF-β-Smad2/3 pathway despite a hypofibrotic 

phenotype. TGF-β is a potent regulator of cardiac myofibroblast differentiation and 
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regulates pro-fibrotic gene transcription through canonical (Smad2/3) and non-canonical 

(e.g. RhoA) pathways. Although isolated ACF CFs have a clear hypofibrotic phenotype, 

they exhibit approximately doubled TGF-β mRNA expression and secretion into the 

conditioned media relative to Sham CFs (Error! Reference source not found.A, 

p<0.001 for both). Others have reported that signaling pathways downstream of TGF-β 

receptor activation can inhibit Smad2/3 phosphorylation 69–71. For example, ANP-induced 

cGMP/PKG activation prevents Smad2/3 phosphorylation and nuclear translocation by 

TGF-β 70,72,73. However, there was normal TGF-β-mediated Smad2/3 phosphorylation 

(Figure 2.2Error! Reference source not found.B) and nuclear translocation (not shown) 

in ACF-CFs. 

Since ACF CFs have elevated endogenous TGF-β levels and intact SMAD2/3 

signaling, we next explored their response to exogenous TGF-β. Compared to Sham CFs, 

TGF-β failed to stimulate collagen type-I secretion in ACF CFs (Figure 2.2C). TGF-β 

induced comparable fold increases in CTGF and α-SMA expression in ACF compared to 

sham (Figure 2.2D-E) but the absolute magnitude of the increase was smaller.  
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Figure 2.2: ACFs have increased TGF- β and intact TGF-β canonical signaling. 

A) TGFβ mRNA and secretion in sham and ACF CFs. B) Immunoblots (top) and 

cumulative data (right; n=6) showing Smad2/3 phosphorylation folllowing 30 or 60 min 

treatment with 3 ng/ml TGF-β. C) TGF-β increases collagen secretion in sham but not 

ACFs. D) TGF-β induces a comparable fold increase but not magnitude increase in 

CTGF E) TGF-β induces a comparable fold increase but not magnitude increase in 

αSMA. *indicates p<0.05 compared to sham 

 

 

2.3.3) Distinct patterns of actin cytoskeleton proteins in sham and ACF CF. 

Proteomics results indicated differences among several cytoskeletal proteins in sham and 

ACF CFs (Table 2.2). Both actin binding proteins (enrichment score 7.7) and cytoskeletal 

proteins (enrichment score 14.7) were over-represented in the ACF data set compared to 
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sham. Actin regulatory proteins increased in ACF CFs vs. sham CFs, included actin 

depolymerizing factors (destrin 66, CapZA 59), and regulators of actin treadmilling and 

branching (ARP2/3) 74,75). Actin regulatory proteins decreased in ACF CFs vs. sham CFs 

included the actin bundling protein, transgelin, and myosin light chain. 

Immunofluorescence staining indicates decreased amounts of both F-actin (p=0.035) and 

G-actin (p=0.024) in ACF CFs compared to sham CFs ( 

Figure 2.3). These data together suggest an instability of the actin structure in 

ACF-CFs even when grown on rigid plastic, a substrate that should promote the 

formation of a stable, actomyosin cytoskeleton. 

 

 

Table 2.2: Proteomics of Cytoskeletal Proteins 
Protein Description/Function Sham 

Spectral 

Counts 

ACF 

Spectral 

Counts 

ACF/

Sham 

Destrin Actin depolymerizing 19.7 27.0 1.40 

CapZA F-actin capping protein, actin depolymerzing 2.7 4.7 1.75 

ARP2 Actin treadmilling/branching 1.7 10.0 6.00 

ARP3 Actin treadmilling/branching 4.7 10.3 2.20 

Transgelin Actin bundling protein 4.7 0.0 0.00 

Myosin light chain Cytoskeletal component 28.0 18.7 0.67 
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Figure 2.3: Decreased F-actin and G-actin in ACF CFs. 

ACF CFs have less F-actin and G-actin as measured by fluorescent staining. * p<0.05 

compared to sham. 

 

 

2.3.4) ROCK inhibitor treatment recapitulates the ACF phenotype in Sham CFs. 

Since ACFs have less F-actin, we hypothesized that we could recreate the ACF 

phenotype in sham CFs by allowing actin depolymerization with ROCK inhibitor 

treatment. After addition of the ROCK inhibitor, Y-27632, the phenotype of sham CFs 

was much closer to the hypofibrotic ACF phenotype as seen by an increase in MMP13 

and a decrease in αSMA and CTGF mRNA expression (Figure 2.4A-C). Sham CFs 

treated with both the ROCK inhibitor and TGF-β were comparable to ACF CFs treated 

with TGF-β alone. For instance, control ACF CTGF expression was not statistically 

different from ROCK inhibitor treated sham CTGF expression (p=0.16), and sham CFs 

treated with both TGF-β and the ROCK inhibitor expressed CTGF at levels similar to 

ACFs treated with TGF-β (p=0.22). Overall, addition of the ROCK inhibitor created a 

more hypofibrotic phenotype. These data point to the possibility that the cytoskeleton or 

the Rho-ROCK pathway is involved in the hypofibrotic phenotype of ACFs.  
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Figure 2.4: ROCK inhibitor induces a more hypofibrotic phenotype. 

 

 

2.3.5) ACFs had a higher G-actin to F-actin ratio that could be decreased with 

Jasplakinolide (Jas) treatment. ACF CFs had a higher G/F-actin ratio compared to sham 

CFs (p<0.001, Figure 2.5A). The ratio was decreased after treatment with Jas, which 

stabilized F-actin, in both sham and ACFs (p=0.025 and p<0.001, respectively). TGF-β 

did not significantly affect the G/F-actin ratio in sham and decreased it 28% in ACF 

(p=0.64 and p=0.019, respectively). The increased G/F-actin ratio in ACF compared to 

sham was mostly due to the significantly lower amounts of F-actin (Figure 2.5B) in ACF 

CFs (p=0.0051). Jas caused an increase in F-actin over control in both ACF and sham. 

The increased F-actin amount in ACF after Jas treatment was not significantly different 

from basal sham CF levels of F-actin. Jas treatment caused a slight decrease in G-actin 

amounts but an overall increase in total actin (Figure 2.5CD). Total actin was slightly 

lower in control ACFs compared to sham (p=0.051, Figure 2.5D). However, Jas 
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treatment caused an increase in total actin compared to basal levels in ACFs to a level 

that was not statistically different from control sham CFs (p=0.29).  

 

 

 

Figure 2.5: Jas treatment increased F-actin. Overall Jas treatment caused the G/F-actin ratio to 

decrease in both sham and ACF (A).  Jas causes a significant increase in F-actin (B) and decrease 

in G-actin (C) compared to control in both sham and ACF. Jas treatment increased ACF CF’s 

total actin (G-actin plus F-actin) to levels similar to control sham CFs (D). 
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Figure 2.6: Jas treatment increases profibrotic phenotype. 

 

 

2.3.6) Enhancing F-actin polymerization with Jas causes a more profibrotic 

phenotype. Overall Jas treatment caused an increase in a pro-fibrotic phenotype as 

measured by αSMA, CTGF, MMP13, and collagen secretion (Figure 2.6). Jas caused a 

larger increase in αSMA expression than TGF-β treatment. Jas caused a 10-fold increase 

in αSMA compared to a 4.5-fold increase with TGF-β treatment in sham and a 15-fold 

increase with Jas compared to a 5.8-fold increase with TGF-β in ACF (Figure 2.6A). 

αSMA protein quantitation also confirmed a large increase after Jas treatment (p<0.001 

for both). While there was no increase in CTGF mRNA with Jas treatment there was a 

significant increase in measured CTGF protein with Jas treatment (Figure 2.6B). CTGF 
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protein increased 3.3-fold for sham and 2.9-fold for ACF with Jas treatment (p=0.034 and 

p=0.023, respectively). Both Jas and TGF-β treatment decreased the elevated MMP13 

mRNA levels seen in basal ACFs (Figure 2.6C). Jas treatment caused an increase in type 

I collagen secretion into the media of both sham and ACF cultures (p=0.033 and 

p=0.0040, respectively, Figure 2.6D). Collectively, these data show that enhancement of 

F-actin resulted in a more profibrotic phenotype.  

2.3.7) Jas causes an increase in nuclear MRTF-A. Since nuclear translocation of 

the transcription factor MRTF-A is regulated by the actin cytoskeleton, and we see 

cytoskeletal differences between sham and ACF, we tested whether MRTF-A 

translocation could account for the differences in ACF and sham phenotype. In addition, 

we tested whether stabilization of F-actin with Jas treatment or treatment with TGF-β 

could increase nuclear MRTF-A. We did not see differences in nuclear MRTF-A between 

non-treated sham and ACF CFs; however, treatment with Jas caused an increase in the 

MRTF-A fluorescence in the nucleus of both sham and ACF (Figure 2.7A) (p<0.001 for 

both). There was not a significant effect of TGF-β treatment on nuclear MRTF-A (p=0.12 

for sham and p=0.89 for ACF). Although Jas caused a significant increase in the fraction 

of MRTF-A that was in the nucleus in sham (p=0.015), the fraction of nuclear MRTF-A 

remained constant with treatment in ACFs (p=0.14) (Figure 2.7B). That is, for ACFs, the 

increase in MRTF-A fluorescence in the nucleus is due to an overall increase in MRTF-

A. Since αSMA is regulated by MRTF-A, we looked at the relationship between αSMA 

expression and the amount of MRTF-A in the nucleus (Figure 2.7C). This plot 
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demonstrated that the decrease in αSMA in ACF CFs was not related to a lack of MRTF-

A in the nucleus. 

 

 

 
Figure 2.7: Jas treatment increases nuclear MRTF-A. 

 

 

2.3.8) Jas treatment caused and increase in nuclear YAP. Since YAP is shown to 

be a mechanosensitve transcription factor that is regulated by the actin cytoskeleton, 76 



33 

 

we measured cellular YAP localization. Treatment with Jas caused an increase in the 

amount of YAP fluorescence in the nucleus of both sham and ACF CFs (p=0.045 and 

p=0.0080, respectively, Figure 2.8A). There was no significant difference between TGF-

β treated CFs compared to control in either sham or ACF (p=0.97 and 0.74, respectively). 

There also were not any significant differences in the amounts of YAP fluorescence in 

the nucleus between sham or ACF. The fraction of YAP was overall lower in ACF 

compared to sham and did not change with any treatments (Figure 2.8B), so the increase 

in YAP fluorescence in the nucleus with Jas treatment was due to an increase in overall 

YAP fluorescence. Since nuclear YAP promotes transcription of CTGF we looked at the 

relationship between CTGF protein and the amount of YAP in the nucleus (Figure 2.8C). 

This demonstrates that the amount of nuclear YAP is not responsible for the decreased 

amount of CTGF. 
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Figure 2.8: Jas treatment increases nuclear localization of YAP. 

  

 

2.4) Discussion 

In this study, we report a hypofibrotic phenotype of CFs isolated from the ACF 

model of VO HF. We indicated that these cells are different from normal fibroblasts 

because, given the same environment as CFs isolated from sham animals, they produced 

less CTGF, αSMA, collagens, and increased MMP13 (Figure 2.1) despite having 
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increased endogenous TGF-β levels (Figure 2.2). We have previously seen an increase in 

MMPs, a decrease in collagens, and an increase in TGF-β in ACF tissue compared to 

sham 17. Here we report those same changes in the isolated CFs, suggesting that CFs may 

be responsible for the decrease in ECM in VO HF. This hypofibrotic phenotype is 

counter to the myofibroblast phenotype found in HF with fibrosis or myocardial 

infarction.  

Since our initial investigation into the TGF-β canonical pathway indicated that 

this pathway was intact (Figure 2.2), we looked at the role of the cytoskeleton in 

phenotype modulation. The actin cytoskeleton controls many aspects of cell phenotype, 

including protein synthesis and signal transduction 51,56,76–78. We discovered several 

cytoskeletal differences between sham and ACF CFs. Our proteomic data indicated that 

there were differences in the profiles of cytoskeletal proteins between sham and ACF 

(Table 2.2). We also saw that ACFs have overall less cytoskeletal actin with decreased F-

actin and G-actin amounts (Figure 2.1 and Figure 2.5). Compared to basal sham CFs, 

ACFs have approximately half the amount of αSMA protein, a molecular marker 

important to the phenotype of myofibroblasts and that contributes to the contractility of 

the cytoskeleton. In addition, we found that, in basal conditions, ACFs have a much 

higher G-actin to F-actin ratio compared to sham CFs as a result of significantly less F-

actin (Figure 2.3). Thus, ACF CFs do indeed have an altered cytoskeleton. 

We manipulated the cytoskeleton with two different drugs, Jasplakinolide to 

enhance F-actin and Y-27632, a ROCK inhibitor, to allow depolymerization of F-actin. 

We hypothesized that ACF CFs treated with Jas would behave more like sham CFs and 
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that sham CFs treated with the ROCK inhibitor would behave more like CFs from ACF. 

The downstream effects of the activation of ROCK includes increased polymerization of 

F-actin and formation of stress fibers. Others have previously reported that when ROCK 

is inhibited with Y-27632 the G/F-actin ratio increases 49,50. Y-27632 is  previously 

shown to decrease αSMA expression 52,79, collagen deposition 52,79, and CTGF 52 in 

Tenon’s fibroblasts, consistent with the decrease in αSMA and CTGF expression seen 

here (Figure 2.4A-B). Overall, the hypofibrotic phenotype was recapitulated in sham CFs 

treated with a ROCK inhibitor, suggesting a possible connection between an altered 

cytoskeleton and the ACF phenotype. 

In these non-passaged primary CFs, 50 nM Jas treatment was enough to cause a 

significant decrease in the G/F-actin ratio and a more profibrotic phenotype in both cell 

types. Other groups tended to use higher concentrations of Jas to see a significant change 

in G/F-actin ratios 51,77, but this is likely because they are using passaged cells that 

already have a somewhat transformed phenotype from being in culture. Treatment of 

human HFL-1 lung fibroblasts used at passages 3-8 and treated with 50 nM of Jas does 

not cause a significant change in G/F-actin ratio, αSMA, or collagen-I 51. However, when 

these same fibroblasts were treated with a 100 nM Jas, it caused a significant increase in 

αSMA, collagen-I as well as a decrease in the G/F-actin ratio. It is probable that our CFs 

are more sensitive to Jas because they are not passaged and, therefore, have not 

developed extensive stress fiber networks which are known to develop on plastic in 

culture. 
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Altering the cytoskeleton with Jas treatment was able to promote nuclear 

translocation of cytoskeleton dependent transcriptional factors MRTF-A (Figure 2.7) and 

YAP (Figure 2.8) in ACF CFs. However, for similar amounts of either YAP or MRTF-A 

in the nucleus, ACF CFs have relatively lower amounts of either CTGF (Figure 2.8C) or 

αSMA (Figure 2.7C) protein. This suggests, that at least on plastic, the profibrotic 

response to cytoskeletal alterations due to Jas treatment is not as pronounced in ACF CFs 

compared to sham CFs. There are likely other factors that promote or maintain a 

hypofibrotic phenotype in ACF CFs.  
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Chapter 3 : Pressure-Volume Loops and Biaxial Tensile Testing to Measure 

Myocardial Tissue Modulus in Volume Overload and Pressure Overload Heart 

Failure 

3.1) Introduction 

Heart Failure (HF) develops as a result of chronic hemodynamic stress due to 

volume overload (aortic or mitral valve regurgitation) and/or in response to pressure 

overload (hypertension or aortic stenosis). These stresses lead to fundamentally different 

patterns of left ventricular (LV) remodeling, contractile dysfunction, and ECM 

remodeling. Chronic pressure overload (PO) is associated with increased LV collagen 

deposition and concentric myocyte hypertrophy, resulting in a dramatic increase in the 

LV wall thickness to chamber diameter ratio. In contrast, volume overload (VO) results 

in a progressive dilatation characterized by a disproportionate decrease in the LV wall 

thickness to diameter ratio, increased myocardial wall stress, eccentric myocyte 

hypertrophy, and matrix degradation.10,80,81  

Changes in the heart’s composition and geometry (e.g., size and shape) can 

influence how much the heart wall deforms due to applied forces. Tissue with a greater 

stiffness deforms less for a given applied force. LV stiffness can contribute to LV 

dysfunction. For example, increased myocardial stiffness decreases cardiac pump 

efficiency by impeding filling and ejection.6 Analysis of LV pressure volume (PV) loops 
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can provide several measures of tissue stiffness including the β index, which is calculated 

from the end-diastolic pressure volume relationship (EDPVR) to assess passive chamber 

stiffness.  

While PV loops can be used to assess changes in the LV chamber stiffness, it is 

not clear how these changes relate to differences in tissue geometry (e.g., thickening of 

the heart wall) or in geometry-independent changes in tissue mechanical properties (e.g., 

due to changes in the ECM or cellular proteins). The ability to account for the effects of 

geometry is important since recent work indicates that the geometry-independent tissue 

mechanical property, referred to as “modulus”, influences the morphology, migration, 

proliferation, survival, and differentiation of many cell types.82 Modulus influences 

cardiac cell phenotype gene expression, 83 sarcomeric structure, 84 contractility and force 

generation,85 cardiac fibroblast activation into myofibroblasts, 41 and ECM regulation.37 

Thus, characterizing tissue modulus changes for hearts experiencing PO and VO may 

enhance our mechanistic understanding of unique patterns of HF progression in these 

fundamentally different hemodynamic states.  

To obtain a geometry-independent measures of tissue mechanical properties from 

PV loop data, chamber stiffness is often normalized to wall volume in an attempt to 

account for differences in size and shape between disease states. Alternatively, more 

sophisticated equations attempt to calculate modulus from PV loop data and measures of 

heart geometry. Both approaches rely on simplifying assumptions (e.g., spherical 

chamber with homogenous mechanical properties) that are known to be inaccurate. There 

has been a growing appreciation for the contribution of chamber geometry on apparent 
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stiffness since Mirsky in 1979 86 and Yin in 1981, 5 to recent patient-specific finite 

element models using anatomical data from computed tomography.87 However, PV loops 

are still commonly used to assess chamber stiffness, despite its known limitations.88–90 

The accuracy of this approach is not clear and has not been experimentally validated 

against direct measures of myocardial tissue modulus. 

Multiple methods for directly measuring tissue modulus exist, such as atomic 

force microscopy (AFM), micropipette aspiration, uniaxial, or biaxial tensile testing. 

There is a range of estimates of myocardial modulus that vary widely depending on 

method and from study to study. For instance, the modulus of myocardial tissue of 

normal adult rodents ranges from approximately 18 kPa 26 to 109 kPa 27 when measured 

by AFM in two different studies. For this reason, it may be helpful to compare relative 

changes in modulus within the same measurement technique and study, as opposed to 

comparing absolute values. AFM is the most commonly used method to measure elastic 

modulus because of its relative simplicity compared to other methods. However, AFM 

and micropipette aspiration are used on the surface of materials and therefore would not 

measure modulus throughout the thickness of the heart wall. They measure mechanical 

properties of a roughly micron-sized region and, therefore, are subject to high variability 

based on what part of the tissue is tested. Tensile testing can be used to measure modulus 

throughout the whole thickness of a tissue. Tensile testing is able to recreate stresses that 

are on the appropriate physiological scale for the tissue. Biaxial testing is most 

appropriate in the case of measuring the myocardium because the heart tissue is 
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anisotropic (having different properties in different directions) and because the heart is 

subjected to multidirectional loads during the cardiac cycle. 

In this study, we paired PV loop analysis in vivo with biaxial tensile testing ex 

vivo to: 1) better characterize mechanical changes in PO and VO HF, and 2) examine the 

ability of PV loops to estimate tissue modulus by comparing results with direct measures 

of modulus via biaxial mechanical testing. This is the first time, to our knowledge, that 

there has been a direct comparison of PO and VO using biaxial tensile testing, or a direct 

comparison of PV loops to biaxial tensile testing. 

3.2) Methods  

3.2.1) Animals. Sprague-Dawley male rats (~200 g, Envigo, Indianapolis, IN) 

were housed in a temperature and humidity controlled environment with a 12-hour 

light/dark cycle. Animals were provided free access to water and standard chow. All 

studies conformed to the NIH Guide for the Care and Use of Laboratory Animals. The 

protocol was approved by the IACUC of the Research Institute at Nationwide Children’s 

Hospital. Control rats with no other treatments were age- and weight-matched to their PO 

and VO counterparts. All animals were sacrificed under 2-4% isoflurane (Baxter, 

Deerfield, IL) by exsanguination followed by cardiac dissection.  

3.2.2) Aortocaval fistula Surgery. VO was induced surgically as described91,92 8-

weeks before sacrifice. Briefly, rats were anesthetized with 2% isoflurane. An abdominal 

incision was created, and the abdominal aorta and caudal vena cava were exposed by 

blunt dissection. An 18-gauge needle was used to create the fistula through the shared 

wall of the aorta and vena cava. The aortic puncture was sealed with cyanoacrylate glue. 
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Shunt patency was confirmed visually by the presence of red arterial blood in the vena 

cava. The abdominal wall and skin were closed using 5-0 suture. Buprenorphine (0.03 

mg/kg, Reckitt Benckiser Pharmaceuticals, Hull, England) was given postoperatively and 

as needed for pain. VO was confirmed at 4- and 8-weeks post-ACF via echocardiography 

to ensure fistula patency. A threshold of 8.0 mm LV end-diastolic diameter (LVEDD) 

was used to verify VO.  

3.2.3) Angiotensin-II infusion. PO was induced by a pressor dose of angiotensin II 

(Ang II)(400 ng/kg/min, Bachem, Torrance, CA, http://shop.bachem.com/h-1705.html) 

infused for 4 weeks subcutaneously via osmotic mini-pumps (2ML4, Alzet, Cupertino, 

CA, http://www.alzet.com/products/ALZET_Pumps/index.html), according to the 

manufacturer’s instructions. The dose and duration was chosen based on previous studies 

that demonstrate hypertension, LV concentric hypertrophy and fibrosis.93 

PV loops. Invasive LV PV loop measurements were performed on a subset of animals 

(n= 4 or 5 per group), that were also used for biaxial mechanical testing after sacrifice, as 

described.92 Rats were anesthetized under 2-4% isoflurane anesthesia and ventilated via 

tracheotomy using a small animal ventilator (SAR-830; CWE, Ardmore, PA). A 

combined micro-tip PV catheter (1.9F; SciSense, London, ON, Canada) was inserted into 

the right common carotid artery and advanced to the LV. PV loops were acquired off-

ventilator, as previously described.92 Baseline LV hemodynamic parameters were 

acquired; preload was varied by brief occlusion of the vena cava to obtain the LV-

EDPVR. Data were acquired and analyzed using Labscribe2 software (iWORX, Dover, 

NH). The β coefficient was estimated by fitting the LV-EDPVR points with the equation: 



43 

 

𝑃 = 𝐴 + 𝑐𝑒𝛽𝑉.  (1) 

P is chamber pressure and V is chamber volume. β is an index of chamber stiffness with 

units of inverse volume (mL-1). A and c are constants. A dimensionless index of chamber 

stiffness, βw, was calculated by multiplying β by the wall volume, estimated by LV 

weight divided by tissue density, in an effort to normalize to chamber size, as described 

by Burkhoff et al.94 Both β and βw are common methods to assess chamber stiffness, but 

they are affected by geometry and pressure within the chamber. Mirsky et al. showed that 

incremental modulus (Einc) can be estimated from measured pressure, cavity volume, wall 

volume (Vw), and calculated mid-wall (Eq. 2)94 or endocardial (Eq. 3)95,96 radii.  
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These estimated incremental moduli are based off a model assuming a heterogeneous 

isotropic material with a simplified spherical geometry with a constant wall thickness.  

3.2.4) Tissue preparation for mechanical testing. After PV loop assessment and 

sacrifice, hearts were rinsed, cannulated and subjected to retrograde perfusion in a 

Langendorf apparatus using 100 mL cold perfusion buffer solution for ~10 minutes. The 

perfusion buffer contained: 137 mM NaCl, 2.7 mM KCl, 5.5 mM glucose, 12 mM 

NaHCO3, 1mM MgCl2, 1mM EGTA (Sigma-Aldrich, St. Louis, MO), 0.2 mM NaH2PO4, 

25 mM 2,3-butanedione monoxime (BDM) (Fisher Scientific, Waltham, MA, 

https://www.fishersci.com/shop/products/2-3-butanedione-monoxime-98-acros-organics-

3/p-4510165), and 1% Triton X-100 (MP Biomedicals, Santa Ana, CA) in distilled water. 

This solution was similar to calcium-free Tyrode’s solution plus EGTA as a calcium 
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chelator, BDM, which inhibits myocyte contraction, and Triton X-100 detergent to 

permeabilize and release intracellular stores of calcium similar to the relaxing solution 

published elsewhere.80 This solution prevented myocyte terminal contraction, which 

artificially increases the tissue’s passive resistance.  

3.2.5) Biaxial mechanical testing. The biaxial testing protocol was adapted from a 

previously published protocol using the same testing system (ElectroForce Planar Biaxial 

TestBench, Bose Corp., Eden Prairie, MN).97 Following perfusion, the LV free wall was 

cut into approximately a 10 mm x 10 mm square with muscle fibers of the endocardial 

surface aligned in the longitudinal-axis direction to minimize shear as described by 

Sommer et al. 98. Two pairs of size 29 fly fishing hooks (The Orvis Company, 

Manchester, VT) with 3-0 silk sutures were attached, evenly spaced, to each of the 4 

sides of the tissue. Distance between hooks on the opposite side of the tissue was 

measured with calipers and used as gauge length. Five markers were placed evenly in a 

quincunx pattern in the center of the tissue square for video strain tracking. The suture 

loops were then fitted on the pulley to allow free shear. The tissue was floated with a 

piece of styrofoam to counteract the effect of gravity in relaxing solution (perfusion 

solution without Triton X-100 or BDM). After the tissue was loaded, a high-frequency 

ultrasound imaging system (Vevo660, VisualSonics, Toronto, Canada) was used to take 

longitudinal and circumferential direction tissue cross-sectional images for thickness 

measurements, following a previously published protocol.99 The tissue was preloaded at 

approximately 0.5 g and preconditioned at least 9 times using an equi-biaxial tensile ramp 

in the a range of 0.5 g to 50 g at 0.5g/s controlled by WinTest 7 software (Bose Corp., 
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Eden Prairie, MN). Strains were tracked with a digital video extensometer built into the 

Bose biaxial testing system. The 10th measurement was used for analysis.  

3.2.6) Constitutive Modeling. The stress-strain data from each sample was fit to a 

reduced Fung type strain energy function (Eq.4), based on the method developed by 

Sacks100 and as previously published.97  

𝑊 =
𝐶

2
(𝑒𝐴1𝐸11

2 +𝐴2𝐸22
2 +2𝐴3𝐸12

2
− 1)  (4) 

𝑆𝑖𝑗 =
∂W

∂𝐸𝑖𝑗
     (5) 

W is the strain energy, or the amount of energy stored in the tissue undergoing the 

deformation. E11 and E22 are Green strains in two-orthogonal loading directions, 

approximating the longitudinal axis direction and circumferential axis direction, 

respectively. E12 is the shear strain. S11 and S22 are the second Piola-Kirchoff stresses in 

either direction, and C and A1, A2, A3 are material constants. Lagrangian stresses (Tij) 

were calculated from the cross-sectional dimensions of the sample and the force output 

from the load cells. Sij were computed from the measured Tij and the deformation 

gradient calculated from the Green strains, as previously published.97 The best fit of 

parameters was found using an unconstrained non-linear solver algorithm that reproduces 

experimentally found stress-strain curves based on Eq. 5. Initial guesses for each 

parameter were varied over several orders of magnitude to verify independence from the 

initial values.  

3.2.7) Histology. N=5 from each experimental group were anesthetized and 

perfusion fixed with 4% paraformaldehyde with 60 mM KCl. Hearts were paraffin 

embedded, and 5 µm thick sections were cut, deparaffinized in xylene, serially rehydrated 
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in ethanol and rinsed in distilled water. Slides were stained with Masson’s Trichrome or 

hematoxylin & eosin staining (Sigma-Aldrich, St. Louis, MO). Low magnification 

micrographs were acquired using a stereomicroscope (Olympus SZX7, Olympus 

Corporation, Center Valley, PA) equipped with illumination (ACE 1, SCHOTT, Mainz, 

Germany) and an Olympus DP71 camera (Olympus Corporation, Center Valley, PA). 

High magnification images were taken with an Olympus IX51 microscope using a 40X 

objective (Olympus Corporation, Center Valley, PA).  

Cardiomyocyte cross-sectional area and percent collagen coverage were 

quantified using ImageJ (NIH, Bethesda, MD). Non-overlapping high-power fields (20 

fields per rat) from LV free walls were examined for myocyte cross-sectional area and 

collagen. Myocyte cross-sectional areas were calculated by outlining the perimeters of 

myocytes cut in cross-section in ImageJ. The percent coverage of collagen for each field 

was quantified as a percentage (of blue pixels) to the rest of the entire tissue area within 

the field (with red pixels and nuclei included and white non-stained areas excluded) and 

were mostly devoid of coronary vessels.  

3.2.8) Statistics. Results are reported as mean ± standard deviation (SD), and 

figures were created with GraphPad Prism version 7.00 for Windows, GraphPad 

Software, La Jolla California USA, www.graphpad.com. Statistical comparisons across 

groups were analyzed by one-way analysis of variance (ANOVA). Differences between 

groups and the control were determined with Dunnett’s test for multiple comparisons. 

Two-way ANOVA with repeated measures was used to compare differences between 

longitudinal and circumferential stress-strain data and Tukey’s post-hoc test was used to 
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assess differences in the stress-strain data between groups. The statistical threshold was 

set at 0.05 in all tests. 

3.3) Results 

3.3.1) Verification and characterization of HF. To assess both PO and VO HF, 

we measured cardiac structure, function, and blood pressure (BP) as shown in Table 3.1. 

Compared to control, PO animals exhibited a 14% increase in LV to body weight ratio 

(p=0.0027), consistent with hypertrophic cardiac remodeling. In addition, PO animals had 

a relatively unchanged LV- end-diastolic diameter (LVEDD) (4% decrease, p=0.25), but 

a significantly thicker posterior wall thickness (PWT) (18% increase, p=0.0048) resulting 

in a decreased LVEDD/PWT ratio (20% decrease, p=0.017), which is characteristic of 

concentric hypertrophy. The pressor dose of Ang II was confirmed by a 45% and 41% 

increase in systolic (p<0.001) and diastolic (p<0.001) BP, respectively. Additionally, 

there was a ~55% increase in end-diastolic pressure (EDP) (p=0.053). The increase in 

end-systolic pressure (ESP) did not achieve statistical significance (p=0.33) and end-

diastolic volume (EDV) was unchanged (p=0.46). VO animals showed an 8% increase in 

body weight compared to control animals (p=0.027), which was likely due to increased 

water retention that was visible in some animals after dissection. Compared to control, in 

VO animals LV weight was increased 75% (p<0.001), LV to body weight ratio increased 

62% (p<0.001). LVEDD was increased 42% (p<0.001); PWT was unchanged, yielding a 

29% increased LVEDD/PWT ratio (p<0.001), indicative of eccentric remodeling. There 

was no change in systolic BP (p=0.70) and a modest (20%) decrease in diastolic BP 
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(p=0.0020) in VO rats. VO rats had a 14% decreased ESP (p=0.049) and a non-

significant increase in EDV (p=0.12) and EDP (p=0.28).  

 

 

Table 3.1: Left ventricular remodeling and animal model parameters. 

 

Control 

Volume 

Overload 

Pressure 

Overload 

Body Weight (g) 391 ± 5  423 ± 14*  359 ± 9 

LV weight (g) 1.36 ± 0.06 2.17 ± 0.11* 1.37 ± 0.09 

LV: Body ratio (g/kg) 3.58 ± 0.07 5.79 ± 0.27* 4.08 ± 0.14* 

LV End-Diastolic Diameter (mm) 7.5 ± 0.1 10.6 ± 0.2* 7.1 ± 0.1 

Posterior Wall Thickness (mm) 1.7 ± 0.04 1.9 ± 0.07  2.0 ± 0.1* 

LVEDD/PWT 4.4 ± 0.1 5.6 ± 0.2* 3.5 ± 0.2* 

Systolic Blood Pressure (mm Hg) 121 ± 3 114 ± 7 189 ± 8* 

Diastolic Blood Pressure (mm Hg) 87 ± 3 71 ± 2* 132 ± 5* 

End-Systolic Pressure (mm Hg) 128 ± 7  110 ± 6* 134 ± 1 

End-Diastolic Volume (μL) 259 ± 29 308 ± 43 252 ± 35 

End-Diastolic Pressure (mm Hg) 9±1 12±1 14±2 
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Figure 3.1: Histological assessment of control, VO, and PO hearts 

Row A: 5X magnification images show concentric remodeling with thicker ventricle 

walls in pressure-overload (PO).Volume overload (VO) has increased chamber size and 

decreased wall thickness to chamber diameter ratio compared to control. Row B: 

Hematoxylin & eosin staining for measurement of myocyte cross-sectional area. Both 

VO and PO hearts showed increased cross-sectional area compared to control. Row C: 

Masson’s trichrome staining for quantification of interstitial collagen content. PO had 

increased percent collagen coverage compared to control. N=5 for each group. * indicates 

p<0.05 

 

 

3.3.2) Increased myocyte thickness in VO and PO and increased collagen content 

in PO. Macroscopic remodeling of the LV in PO and VO was visually evident in H&E-
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stained tissue sections (Figure 3.1A). Myocyte cross-sectional area increased 47 μm2 in 

VO (p=0.024) and 27 μm2 in PO (p=0.037). Quantification of interstitial fibrosis via 

Masson’s Trichrome (Figure 3.1C-D) staining revealed a 53% increase in interstitial 

collagen in PO hearts compared to control (p=0.041), while there was no difference 

between VO and control (p=0.43). Additionally, the ratio of perivascular collagen to the 

cross-sectional area of the blood vessel wall was increased 40% in PO compared to 

control (p=0.043), as previously reported in this model101 (data not shown). 

3.3.3) PV Loops suggest increased stiffness in PO and decreased stiffness in VO. 

The EDPVR of VO was shifted to the right (suggesting decreased apparent stiffness) and 

the EDPVR of PO was shifted to the left (suggesting increased apparent stiffness) (Figure 

3.2A). Relative to control hearts, the β-coefficient was increased 98% in PO (p=0.0058) 

and decreased 38% for VO (p=0.014) (Figure 3.2B). Moreover, βw, the index of chamber 

stiffness, for PO animals was approximately 2-fold over control (p=0.011) but was 

unchanged in VO (p=0.69)(Figure 3.2C). The calculated incremental modulus from the 

midwall stresses (Einc M) did not show any significant differences (Figure 3.2D), and the 

incremental modulus using calculated endocardial stresses and strains (Einc E) showed a 

75% decrease in VO (p=0.089) and no significant change in PO (p=0.27) compared to 

control (Figure 3.2E).  
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Figure 3.2: Average fits of LV-EDPVR and other estimates of chamber stiffness 

A) Average fits of left ventricular end-diastolic pressure-volume relationship (LV-

EDPVR) curves for each group. The shift up and to the left demonstrates an increase in 

pressure-overload (PO) chamber stiffness. The shift of the curve down and to the right 

shows a decrease in chamber stiffness in volume-overload (VO) chambers. B) β index of 

chamber stiffness from EDPVR curves. C) β normalized with wall volume. D) Calculated 

incremental modulus using modeled strains from the midwall and E) modeled strains 

from the endocardium. N=4 for PO and VO, n=5 for control *p <0.05 compared to 

control. 
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3.3.4) Biaxial testing indicates decreased modulus in VO but no change in PO 

compared to control. The average stress-strain relationship in the control (n=9), PO 

(n=10), and VO (n=10) groups are shown in Figure 3.3A characteristic J-shaped 

nonlinear stress-strain relationship was observed in all groups (Figure 3.3). In general, a 

more horizontal curve corresponds to a material that requires less stress to deform it (i.e., 

a lower modulus). For all groups, the hearts had a greater modulus in the circumferential 

direction than the longitudinal direction. For example, the circumferential and 

longitudinal strains at the same stress level were significantly different from each other in 

control, PO, and VO (p<0.001) groups. Circumferential strains were 83-96% larger in the 

VO group at the same stress levels (at 3 kPa and above), as compared with the control 

group (p=0.020) (Figure 3.3). The stress-strain responses were not significantly different 

between the control and PO groups in either longitudinal or circumferential direction. 

Shear strain was small in all groups (~1% or less maximum shear strain throughout the 

tests). 
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Figure 3.3: Average stress-strain curves from biaxial testing. 

N=9 for PO and control, n=10 for VO. * indicates p<0.05 compared to control. 
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Table 3.2: Constitutive model parameters from biaxial tensile stress-strain data. 

 
C A1 (long) A2(circ) A3(shear) C*A2 > C*A1 

Control 0.9 ± 0.22 292 ± 76 556 ± 139 0.35 ± 4.3 p = 0.014 

Volume Overload 0.55 ± 0.08 198 ± 35 360 ± 73 -2.48 ± 2.1 p = 0.0034 

Pressure Overload 0.76 ± 0.13 197 ± 30 477 ± 119 -4.09 ± 1.03 p = 0.0094 

ANOVA p = 0.27 p = 0.33 p = 0.48  p = 0.51 

 

 

 

3.3.5) Constitutive modeling showed anisotropy in all conditions and decreased 

modulus in VO. The material constants (Table 3.2) derived from constitutive modeling of 

the biaxial mechanical data quantitatively confirmed the trends seen in the average stress-

strain curves above. For example, the parameter corresponding to the modulus of the 

heart in the circumferential direction (C*A2, 270 ± 34 kPa) was greater than that for the 

longitudinal direction (C*A1, 133 ± 14 kPa) for all groups (Table 3.2). This corresponds 

to the observation that the stress-strain curves for the circumferential direction is to the 

left of the corresponding curves in the longitudinal direction; both observations indicate 

that the heart was stiffer in the circumferential direction (Table 3.2). For control hearts, 

C*A2 was ~90% greater than C*A1. Similarly, for VO hearts C*A2 was ~70% greater 

than C*A1. For PO hearts, C*A2 was ~140% greater than C* A1, suggesting that the 

degree of anisotropy increased during PO. VO had smaller moduli, ~ 56% lower in the 

circumferential direction (C*A2, p=0.016) and 43% lower in the longitudinal direction 

(C*A1, p=0.0064) compared to control (Figure 3.4). PO moduli were not statistically 
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different from control animals in either direction (p= 0.073 in longitudinal axis and 

p=0.74 in circumferential axis) (Figure 3.4). A3, the parameter describing the contribution 

of shear was small (less than 2% of the magnitude of the parameters in either the 

circumferential or longitudinal direction), similar to other reports98. Removing the 

parameter from the model had very little effect (<1%) on the values of the remaining 

parameters. Thus, shear only had a minor contribution to the mechanical properties of the 

tissue under the conditions tested. 

 

 

 

Figure 3.4: VO has decreased and PO has unchanged tissue modulus compared to control. 

 

 

3.4) Discussion 

Our studies extend the results from previous studies by providing, for the first 

time to our knowledge, 1) direct comparisons of tissue moduli between PO, VO, and 

normal hearts in one study and 2) side-by-side measurements of mechanical properties of 

hearts using both in-vivo PV loop data and ex-vivo biaxial data. Our results allowed us to 
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compare the outcome of the widely used PV-loops with direct mechanical testing on the 

same tissue to gain further understanding on how the mechanical properties of the heart 

changes in both PO and VO. Several of the results of this study are similar to those 

reported by others including: 1) responses in heart structure and hemodynamics in 

response to Ang II infusion 93,101 and ACF surgery,10 2) anisotropic mechanical properties 

of the myocardium 102, and 3) increased apparent stiffness in PO hearts as calculated from 

PV loop data.103,104  

Our results showed that in VO, relative to control hearts, chamber stiffness (from 

PV data) and tissue modulus (from biaxial testing) both decreased but the magnitude of 

the decrease differed by ~100%. In PO, relative to control hearts, chamber stiffness 

doubled but the modulus was unchanged. Thus, changes in tissue stiffness determined 

from PV loops may not be consistent with the magnitude or direction of change in tissue 

modulus determined by biaxial mechanical testing. Additionally, the increase in apparent 

stiffness in PO may likely be due to changes in geometry and compensative remodeling, 

and not due to an increase in tissue modulus, whereas the decrease in apparent stiffness of 

VO is due in part to decreased tissue modulus. Reasons for the discrepancies in estimated 

tissue modulus between the two testing methods may include limitations of the PV-based 

analysis or limitations of the biaxial-based analysis and are summarized below.  

 PV loops to evaluate passive mechanics can be difficult due to complex 

geometries, heterogeneous anisotropic material, and varying pressures and stresses 

between disease states. It is tempting to use the β index or βw, which attempt to account 

for differences in heart size, from straightforward EDPVR analysis as an indication of 
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tissue modulus. There are inherent limitations to this measurement due to noise from 

measures of conductance volumes in the catheter and its effect on the exponential fit of 

the data. Mirsky has highlighted the importance of considering geometrical accuracy and 

difference in ranges of pressure when interpreting EDPVR. For these reasons, Mirsky 

derived equations to estimate myocardial modulus (reported here as EincM and EincE) based 

on PV loop data.94–96,105 Care must be used, however, when interpreting these calculated 

moduli since the derivation of the equations make simplifying assumptions not fully 

consistent with what is known about the heart. Several of the simplifying assumptions 

include: 1) a simplified geometry such as a spherical LV, 2) the LV has a constant wall 

thickness, and 3) uniform mechanical properties in all directions Figure 3.1A and Table 

3.2 illustrate the inconsistency of these assumptions about chamber geometry, wall 

thicknesses, and mechanical properties. 

Biaxial mechanical testing gives a direct measurement of the passive mechanical 

properties of the LV wall, but it, too, is not without its limitations. The ex vivo tissue 

properties are unlikely to be a perfect match to the modulus seen in vivo since the heart is 

affected by the active mechanics of relaxation and contraction of the chamber and 

myocytes. Tensile testing’s widespread use is greatly limited by the fact that it requires 

large portions of the heart to be excised. This excised portion is assumed to be typical of 

the whole LV because it is previously shown that the modulus of the LV wall is similar 

throughout 106; however, by excising a section of the LV free wall, the tissue’s geometry 

is altered from its in vivo shape, from convex, to flat. While the biaxial mechanical 

testing is a step forward from uniaxial testing by applying stresses in multiple directions, 
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which assesses anisotropy, but this does not perfectly simulate in vivo stresses. In vivo, 

LV filling pressures cause transmural stresses that are not replicated in biaxial testing. 

Simpler geometry and analysis is at the expense of altered ex vivo geometry since the 

mechanical testing is done on tissue of roughly a rectangular shape. In addition, biaxial 

testing only measures passive tissue properties, whereas in vivo PV loop analysis 

attempts to focus on the passive mechanics by targeting analysis during the passive filling 

phase of diastole; PV loops are likely influenced by the active relaxation of the heart.95  

Since results from PV analysis and biaxial testing analysis do not always agree 

and both techniques have limitations, an obvious question is, which technique is more 

accurate? The preferred technique depends on both practical considerations and the 

particular parameter to be measured. PV loops are routinely performed in clinical settings 

and provide clinically relevant assessments of heart function, that in most cases is the 

primary interest. In other cases, one is more interested in the modulus of the heart, 

especially given the recent studies implicating modulus as an important regulator of 

cellular function,82 including cardiac cells37,41,83–85. Given that PV loop analysis cannot 

directly provide modulus, and the equations derived to calculate modulus from PV data 

apply simplifying assumptions of limited accuracy, we suggest that a method that 

provides a more direct measure of modulus, such as biaxial mechanical testing, is 

preferred when tissue biomechanics is the experimental outcome. Multiple methods for 

determining modulus exist (e.g., AFM, micropipette aspiration, uniaxial, or biaxial 

testing) and the range of estimates of stiffness varies widely depending on method and 

from study to study. For instance, the modulus of myocardial tissue of normal adult 
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rodents ranges from approximately 18 kPa26 to 109 kPa.27 For this reason, it may be 

helpful to compare relative changes in modulus within the same measurement technique 

and study opposed to focusing on absolute values.  

Our data showing that VO hearts have approximately half the modulus of normal 

myocardium is a new finding. Chaturvedi et al. show that VO tissue was less stiff than 

PO using human biopsy samples, as measured by uniaxial testing, but did not compare to 

normal tissue due to lack of sufficient sample numbers80. Previously, we noted that there 

was a net decrease in ECM during acute and compensated VO induced HF which 

corresponded with decreased chamber stiffness.10 This led us to hypothesize that the VO 

tissue had a decreased tissue modulus compared to normal hearts, which we now confirm 

in this study.  

Several studies have shown a correlation between increased collagen amount and 

chamber stiffness in PO.107,108 with the assumption that increased collagen translates into 

an increased modulus. However, we did not observe an increase in 4-week PO LV 

modulus. It is possible that there is a change in modulus at later time points in the PO HF 

progression. Relative to control hearts, we observed an ~50% increase in myocardial 

interstitial collagen content in PO hearts (Figure 3.1) but did not see increased tissue 

modulus, since the PO LV moduli are equal to, or less than, control tissue measured by 

biaxial testing (Figure 3.4). These data suggest there is a one-to-one correlation between 

increased tissue modulus and increased collagen amount. Another consideration is that 

Masson’s Trichrome staining does not distinguish between collagen type I and collagen 

type III, which display different tensile strength. For example, the ratio of collagen type 
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III (which is more elastic) to type I ratio, tends to stay constant in PO HF109 and increases 

in VO.10,110 Additionally, there are other factors such as collagen crosslinking or fiber 

structure that affect the mechanical properties of collagen.111 Other factors outside of 

collagen may influence tissue modulus. For instance, titin has been implicated as a 

contributor to passive mechanics of the hearts tissue,112 and has been indicated as a 

possible cause of stiffness changes in HF.113 

These results are consistent with other studies that concluded that PO tissue has 

approximately the same modulus as control. Mirsky et al. suggested that PO tissue may 

have approximately the same modulus as normal tissue when controlling for pressure.96 

This is important since pressure varies among heart disease states and since increasing 

chamber pressure increases cardiac tissue modulus in vivo. For these reasons, it is 

difficult to compare the chamber stiffness or tissue modulus across diseases that have 

distinct chamber remodeling and non-overlapping pressures ranges such as those found in 

VO and PO. Using a spherical model described above, and reducing pressure to that of 

controls by administering nifedipine, Mirsky estimated that normal and PO hearts have 

approximately the same incremental modulus at equal pressures.96 Therefore, the increase 

in apparent chamber stiffness in PO hearts is likely due to an increase in overall material, 

changes in geometry, and/or higher chamber pressures, rather than an increase in the 

material modulus of the relaxed tissue. 

These analyses highlight the differences in remodeling and mechanical properties 

between PO and VO via two methods of mechanical testing. Based on the combination of 

the PV loop analysis and measures of modulus via biaxial testing, the increase in 
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chamber stiffness in PO is likely due to changes in geometry and not changes in material 

modulus, while the decreases in chamber stiffness in VO is likely a result of a decrease in 

myocardial modulus as confirmed by biaxial testing. This information may be useful to 

the design and interpretation of experiments investigating the effect of modulus on 

cardiac cell behavior and inform further basic research using computational models of the 

progression of remodeling in HF. In addition, these analyses highlight the difficulty in 

using PV loop analysis to assess changes in myocardial modulus. We have shown that 

chamber stiffness measured by PV loops does not necessarily correspond to the tissue 

modulus measured by biaxial testing.  
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Chapter 4 : Decreased Substrate Modulus Promotes a Hypofibrotic Phenotype in 

Cardiac Fibroblasts. 

4.1) Introduction 

Cardiac fibroblasts (CFs) play a crucial role in the physiological maintenance of 

extracellular matrix (ECM) and in many pathologies of the heart including myocardial 

infarction, hypertension, and cardiomyopathy. CFs are often suggested as a target for 

therapeutic strategies with most studies identifying cardiac myofibroblasts, an activated 

and profibrotic phenotype of CFs, as the main therapeutic target in many types of heart 

disease especially when there is fibrosis 11,40,71,114. Therefore, most studies looking at CFs 

are framed in the context of the fibroblast to myofibroblast transition and emphasize 

strategies to make CFs less fibrotic.  

However, fibroblasts also play a role in pathologies where there is insufficient 

ECM such as in emphysema 115, rheumatoid arthritis 116, and, in the heart volume 

overload (VO) induced heart failure 17. In VO heart failure, there is a net decrease in 

extracellular matrix in the LV 10,18,60. This net decrease in ECM within the tissue is 

important, because ECM maintains the structural integrity of the chamber, a decrease in 

ECM likely contributes to disease progression. In a chronic mitral regurgitation model of 

VO HF, there is a decrease in LV interstitial collagen content, along with increase MMP 

expression and down regulation of several profibrotic factors and extracellular matrix 
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genes as well as an increase in several anti-fibrotic factors117. In another model of VO 

HF, aortocaval fistula (ACF), we have reported that there is a decrease in collagen 

content in the LV10,17. CF isolated from ACF VO hearts secrete less connective tissue 

growth factor (CTGF), have less αSMA, have increased MMP expression, and an 

increased collagen type-I to type-III ratio (Chapter 2). We refer to these CFs as hypo-

fibrotic since they secrete less CTGF and produce a net decrease in ECM proteins 

compared to CFs from healthy hearts. 

Much of what we know regarding the regulation of the fibrotic potential of 

fibroblasts comes from the study of quiescent fibroblasts transitioning to pro-fibrotic 

myofibroblasts. In these studies, quiescent fibroblasts become proto-myofibroblasts with 

increased cytoskeletal tension and then are activated into myofibroblasts with the 

addition of TGF-β 11,16. This model is not sufficient to describe CFs isolated from VO 

HF. Relative to CF from control hearts, CFs from the ACF model produce increased 

TGF-β, and even when plated on plastic they maintain a more hypofibrotic phenotype 

than normal CFs, secreting less collagen and CTGF (Chapter 2). In Chapter 2 we suggest 

that fibroblasts have a spectrum of phenotypes and that CFs in VO HF are on the opposite 

side of the spectrum of myofibroblasts.  

There is growing evidence showing increasing tissue stiffness above normal 

levels promotes an increase in a profibrotic phenotype. Fibroblasts on substrates of 

approximately 3 kPa start to become proto-myofibroblasts and fibroblasts on ~20 kPa or 

higher allow for myofibroblasts activation characterized by αSMA positive stress fibers 

118,119. An in vitro model of cardiac fibrosis consisting of a hydrogel micropatterned to 
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have areas of soft and stiff substrate rigidity was used to show CFs on stiff regions have 

increased αSMA, F-actin, and fibronectin, characteristic of myofibroblasts 120. However, 

in VO there is a decrease in myocardial tissue modulus and chamber stiffness (Chapter 

3). Since increased stiffness causes an increase in profibrotic phenotype the inverse may 

be true for VO. That is, there may be a potential relationship between the hypo-fibrotic 

phenotype of CFs in VO and the decreased tissue modulus.  

Several transcriptional regulators appear to link alterations in cytoskeletal 

properties associated with changes in substrate stiffness to changes in gene expression. 

One mechanism that potentially explains the transduction of stiffness to affect phenotype 

involves myocardin related transcription factor A (MRTF-A). MRTF-A transduces 

mechanical stress via the polymerization state of the actin cytoskeleton, where it is 

sequestered by G-actin and freed by polymerization to F-actin, which allows it to 

translocate to the nucleus. In the nucleus, MRTF-A promotes a fibrogenic program, 

including expression of αSMA and transgelin. On stiff (~20 kPa) polyacrylamide gels 

human lung fibroblasts increased F-actin and displayed an increase in MRTF-a nuclear 

translocation, and a resulting increase in αSMA compared to soft gels (~0.5 kPa) 49.  

Another mechanotransduction factor is the yes-associated protein (YAP), which 

translocates to the nucleus when there is increased cytoskeletal tension or changes in cell 

shape and adhesion 54. YAP nuclear translocation promotes connective tissue growth 

factor (CTGF) and transgelin expression and has been associated with the myofibroblast 

activation of mesenchymal stromal cells 56, lung fibroblasts 57, and cancer associated-

fibroblasts 58. In pulmonary fibrosis, stiffness may play a role in regulating fibroblast 
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phenotype as YAP nuclear translocation on stiff substrates is linked with fibroblast 

activation 54,57. 

Due to the decreased tissue modulus in VO hearts and evidence showing stiffness 

influences fibroblast phenotype we wondered if the decreased tissue modulus in VO HF 

may play a role in the hypo-fibrotic phenotype of CFs. We hypothesized that sham CFs 

on softer substrates would have a more hypo-fibrotic phenotype (with less MRTF-A and 

YAP in the nucleus and lower profibrotic molecules such as αSMA and CTGF), 

conversely, CFs from ACF would behave more like normal cells on a higher stiffness.  

 4.2) Methods 

4.2.1) Animals. Male Sprague-Dawley (~200 g, Envigo) were kept in temperature 

and humidity controlled housing, with free access to standard chow and water, and with a 

12 hour light/dark cycle. Age- and weight-matched animals were used for sham and 

aortocaval fistula (ACF) surgeries. ACF surgeries have been described previously 91,92, 

briefly, animals were anaesthetized with ~2% isoflurane, an abdominal incision was 

made, the abdominal aorta and inferior vena cava were exposed with blunt dissection and 

an 18-gauge needle was inserted into the shared wall of the vessels. The opening on the 

inferior vena cava was closed with either cyanoacrylate glue or purse string sutures. 

Arterial mixing in the vena cava was visually confirmed and the abdomen closed up with 

sutures. The sham surgery is similar where the vessels are exposed by blunt dissection 

and the abdomen is closed with sutures. Buprenex was given for pain at 24 and 72 hours 

post-operatively and as needed. VO was confirmed 4 weeks after surgery via 
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echocardiography, with a left ventricular end diastolic diameter (LVEDD) of at least 8 

mm.  

4.2.2) Cardiac fibroblasts. We used a protocol to isolated primary adult CFs from 

rats as described previously in Chapter 3. Briefly, CFs are isolated from LVs of 4 week 

post ACF or sham rats by enzymatic digestion (80 U collagenase type-2 and 0.1% 

trypsin) and plated in 10% fetal bovine serum-Dulbecco’s modified essential media. The 

cell solution was plated on polyacrylamide gels (Matrigen) pre-coated with a solution of 

10 µg/mL type I rat tail collagen (BD) in 0.02 N acetic acid. Approximately one hour 

later, media was replaced with 10% FBS DMEM with 1.0 g/L glucose. Cells were gently 

washed several times with warm PBS 24 hours after isolation and fresh media was 

replaced until cells reach a confluence of ~60-80%.  

4.2.3) Fluorescent Staining. Cells were fixed in 4% paraformaldehyde in PBS 

solution for a half hour. Fixed cells were then permeabilized with 0.03% Triton-X and 

blocked in BSA and goat serum or fish block (for MRTF-A staining) for 1 hour. Primary 

antibodies were incubated overnight at 4°C with gentle agitation (anti-MRTF-A, Santa 

Cruz sc-21558; anti-YAP, Cell Signaling 14074; anti-PPARγ, Pierce PA3-821A; anti-

αSMA, Sigma a2547). Primary antibody was washed with PBS several times prior to 

incubation with fluorescent secondary antibodies. Counterstains were done with DAPI, to 

stain nuclei, and TRITC conjugated phalloidin, to stain F-actin (Millipore, FAK100) or 

Alexa Fluor 488-conjugated DNAse-I (Thermo Scientific), to preferentially stain G-actin 

(Thermo Fisher Scientific). Fluorescent micrographs were taken with an Olympus IX51 
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microscope or Zeiss 710 confocal microscope to visual cytoskeletal proteins. 

Fluorescence was quantified with ImageJ. 

4.2.4) Real Time quantitative PCR. CFs were lysed in TRIzol extraction reagent, 

scraped and sonicated. RNA was extracted with chloroform and centrifuged. The aqueous 

phase was purified using Qiagen RNeasy Mini Kit (Qiagen) and RNA concentration was 

determined by a NanoDrop 2000 (Thermo Scientific) spectrophotometer. Maxima First 

Strand cDNA Synthesis Kit (Thermo Scientific) was used to reverse transcribe RNA. 

Equivalent amounts of cDNA were amplified in duplicate with Maxima Probe qPCR 

master mix (Thermo scientific) and Roche Universal Probe and primer pairs for the target 

genes (See Table 1 for sequences). 40 amplification cycles were carried out using an 

Eppendorf MasterCylcler-ep Realplex thermocycler. Relative expression was determined 

by using the 2-ΔCtmethod, normalizing to the geometric mean of the housekeeping genes 

Rpl13a and LDHA. 

4.2.5) G-actin and F-actin Immunoblot. The ratio of F-actin and G-actin were 

analyzed using a kit from Cytoskeleton (Denver, CO) and according to the protocol 

provided. Breifly, cell lysates were scraped and collected with F-actin stabilization lysis 

buffer provided in the kit. Lysates were briefly sonicated and centrifuged at 350 x g to 

pellet unbroken cells and debris and the supernatant was centrifuged at 100,000 x g at 

37°C for 1 hour to pellet F-actin. The supernatant contained G-actin, and the F-actin 

pellet was suspended in an equal volume to the supernatant with F-actin depolymerizing 

buffer provided in the kit. The G-actin and F-actin solutions were prepared in SDS 

loading buffer and run through an SDS-PAGE gel in parallel. Gels were transferred to a 
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PVDF membrane, blocked in 5% milk, and incubated with an anti-pan-actin antibody 

provided in the kit. Ratios were determined by densitometry. 

4.2.6) Statistics. Results are reported as mean ± standard error of the mean. 

Statistical analysis was performed with a two-way analysis of variance and differences 

between conditions were asses by a post-hoc test. A p-value less than 0.05 is reported as 

statistically significant.  

4.3) Results 

4.3.1) Increasing stiffness causes a decrease in the G/F-actin ratios. Both cell 

spreading and the prominence of F-actin stress fibers increases with increasing substrate 

stiffness (Figure 4.1A). Stress fiber formation increases with stiffness in sham but does 

not have a significant effect on ACF CFs (Figure 4.1B, p<0.001 and p=0.31, between 2 

and 50 kPa gels). On 50 kPa gels, F-actin fluorescence was significantly higher in sham 

CFs compared to ACF CFs (p=0.041). Consistent with the increased prominence of stress 

fibers, the ratio of G-actin to F-actin decreases with increasing stiffness as measured by 

the fluorescence of DNAse-I and TRITC-conjugated phalloidin in both sham and ACF 

(Figure 4.1C, p<0.00.1). Fluorescent staining technique did not reveal any difference 

between sham and ACF G/F-actin ratios (p=0.79). 



69 

 

 

Figure 4.1: Fluorescent staining for G-actin and F-actin. 

Increased stiffness decreases the ratio of G-actin and F-actin in both sham and ACF. F-

actin increases are smaller in ACF CFs with increasing stiffness. 

 

 

In general, the G/F-actin ratios determined using immunoblot agreed with the 

fluorescent technique and showed a decrease in the G/F-actin ratio with increasing 

stiffness (Figure 4.2A, p<0.001). There were consistently smaller G/F-actin ratios in 

ACFs compared to shams (Figure 4.2A, p=0.027) with the largest difference between 

sham and ACF occurring on 2 kPa gels. Normalizing to housekeeping proteins reveals 

that the stiffness-induced decrease in G/F-actin ratio in shams is primarily due to a 
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decrease in G-actin (Figure 4.2B). In addition, the normalized amounts of total G-actin 

indicate that there may be an increased reservoir of G-actin in the sham CFs compared to 

ACF (p=0.0069).  

 

 

 

Figure 4.2: Immunoblot quantification of G-actin and F-actin 

A) G/F-actin ratio decreases with increasing stiffness in both sham and ACF. B) 

Normalization of proteins to a housekeeping gene reveals the quantities of F-actin and G-

actin. C) Sample blot of supernatant (G-actin) and pellet (F-actin) fractions. This is a non-

contiguous blot but all fractions from the same samples are on the same blot. 

 

 

4.3.2) αSMA is decreased in ACF CFs and on lower stiffness. The amounts of 

αSMA fluorescence increased similar amounts with stiffness in both sham and ACF CFs 

(e.g. 64% for sham, p=0.0051, and 65% for ACF CFs, p=0.022, between 2 and 25 kPa) 



71 

 

(Figure 4.3AB). There were no myofibroblasts, as defined by cells with αSMA positive 

stress fibers in any condition. However, there were proto-myofibroblasts, with increasing 

F-actin stress fibers with increased stiffness. The effect of stiffness on αSMA 

fluorescence plateaued at 25 kPa for both sham and ACF CFs. While the difference 

between sham and ACF did not reach significance using the fluorescent measurements 

(p=0.085) there was a significant 41-65% decrease in ACF mRNA expression of αSMA 

(Figure 4.3C) compared to sham CFs (p=0.049).  
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Figure 4.3: αSMA increases with increasting stiffness. 

αSMA increases with increasing stiffness in both sham and ACF CFs. However, overall 

ACF CFs have less αSMA compared to sham CFs. 

 

 

4.3.3) MRTF-A translocates to the nucleus on higher stiffness. Increasing stiffness 

causes an increase in translocation of MRTF-A to the nucleus as measured by mean 

fluorescence of MRTF-A staining in both sham and ACF CFs (p<0.001) (Figure 4.4B). 

There was a larger increase in nuclear MRTF-A fluorescence in sham compared to a 

more modest increase in ACF (112% increase between 2 kPa and 25 kPa for sham, 
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p<0.001; 36% increase observed in ACF CF, p=0.0044). The differences at stiffness 

values were not statistically different between sham and ACF (p=0.25) but the interaction 

effect, i.e. the observation that sham CFs are more responsive to stiffness, was significant 

(p=0.0042). Since MRTF-A promotes αSMA expression by binding to the SRF promoter 

region in the nucleus 78, we looked at the relationship between the amount of MRTF-A 

fluorescence in the nucleus and total αSMA fluorescence and (Figure 4.3C). For CF from 

both ACF and sham rats, total αSMA levels increased approximately linearly with 

increasing nuclear MRTF-A levels.  
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Figure 4.4: MRTF-A nuclear localization is increased with increasing stiffness. 

A)MRTF-A staining on a range of stiffness. B) Nuclear localization of MRTF-A 

increases with increasing stiffness in both sham and ACF CFs, however there is a larger 

increase in sham CFs. Nuclear localization of MRTF-A has a linear relationship with 

αSMA amounts. 

 

 

4.3.4) YAP localizes to the nucleus more so in sham CFs than ACF CFs on stiff 

substrates. Overall, there was a higher amount of YAP fluorescence in the nucleus of 

sham CFs compared to ACF (37-52% increase compared to ACF, p=0.022) (Figure 

4.5A). Increasing stiffness increased the amount of nuclear YAP in sham (a 45% increase 

in YAP nuclear fluorescence from 2 kPa to 25 kPa, p<0.001). However, increased 
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stiffness did not significantly increase the amount of YAP nuclear localization in ACF 

(Figure 4.5AB).  

 

 

 

Figure 4.5: YAP nuclear localization increases in sham CFs with stiffness but not ACF. 

 

 

Nuclear YAP activation directly regulates both CTGF, a profibrotic molecule, and 

transgelin, an actin bundling protein 121,122. YAP binds to TEAD and promotes CTGF 

expression 121. Overall CTGF expression was lower in ACF CFs compared to sham 



76 

 

(p<0.001) (Figure 4.6A). Increasing stiffness from 2 kPa to 50 kPa caused a 132% 

increase in CTGF in sham CFs (p<0.001). The effect of stiffness on CTGF expression 

leveled off around 8 kPa for ACF CFs with an 128% increase between 2 and 50 kPa 

(p=0.035). Since YAP directly affects CTGF expression, the relationship between YAP 

fluorescence in the nucleus vs CTGF mRNA expression is illustrated in Figure 4.6C. 

CTGF expression increases approximately linearly with increasing nuclear YAP. ACF 

points have lower CTGF expression and correlating lower YAP in the nucleus whereas 

the sham points tend to have higher CTGF expression with correlating higher amounts of 

YAP in the nucleus.  
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Figure 4.6: Relationship of nuclear YAP with CTGF and transgelin expression. 

ACF CFs have less CTGF (A) and transgelin (B) compared to sham CFs on all stiffness 

levels. The expression levels of both CTGF (C) and transgelin (D) have an approximately 

linear relationship with nuclear YAP amounts. 

 

 

A similar pattern as CTGF is observed in transgelin expression between sham and 

ACF on different stiffness levels. Transgelin’s regulation is also dependent on YAP 

activation 122,123. For all stiffness values, ACF’s transgelin expression was ~50% lower 

than transgelin expression in sham CFs (Figure 4.6B). Transgelin increased expression in 

both sham and ACF CFs with increasing stiffness (145% increase in sham and 205% in 

ACF between 2 and 50 kPa) (Figure 4.6B). There is an approximately linear relationship 

between the amount of YAP fluorescence in the nucleus relative to transgelin mRNA 



78 

 

expression (Figure 4.6D). This shows that the decreased transgelin expression is related 

to decreased levels of nuclear YAP.  

 

 

 

Figure 4.7: PPAR-γ expression decreases with increasing stiffness. 

PPAR-γ has the highest fluorescence staining (B) and mRNA expression (A) on the 

softest gels. 

 

 

 

4.3.5) PPAR-γ expression decreases with increased stiffness. The expression of 

peroxisome proliferator-activated receptor gamma (PPAR-γ), an inhibitor of the TGF-β 

pathway 124,125, has previously been shown to be influenced by stiffness 1,126 so we looked 
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at it here. PPAR-γ expression decreases with increasing stiffness in both sham and ACF 

as measured by mRNA expression (Figure 4.7A) and fluorescent staining of PPAR-γ 

(Figure 4.7B). In sham CFs there is a 91% decrease in PPAR-γ mRNA (p=0.0074) and a 

55% decrease in PPAR-γ fluorescence (p<0.001) between 2 kPa and 50 kPa gels. In ACF 

CFs there is an 84% decrease in PPAR-γ mRNA (p<0.001) and a 67% decrease in PPAR-

γ fluorescence (p<0.001) between 2 kPa and 50 kPa gels. There is not a significant 

difference at most levels of stiffness between sham and ACF CFs in fluorescence and 

there is not any statistical difference between sham and ACF PPAR-y mRNA expression 

at any stiffness (p=0.11). 

4.3.6) Soft stiffness promotes hypofibrotic phenotype. To better characterize the 

fibrotic potential of the sham and ACF CFs on a range of stiffness, α-1 type I collagen 

(col1α1) and MMP-13 mRNA targets were measured. Overall col1α1 expression peaks 

around 12 kPa for both sham and ACF CFs (Figure 4.7A). The expression of col1α1 was 

~30% lower in ACF CFs on soft 2 and 8 kPa gels (p=0.029 and p=0.046, respectively) 

compared to sham. MMP13 expression had an inverse relationship with stiffness in both 

sham and ACF CFs (Figure 4.7C). The expression of MMP13 decreased 90% for sham 

and 84% for ACF CFs between 2 and 50 kPa (p=0.0011 and p=0.0072, respectively). 

However, there was no significant difference between sham and ACF expression of 

MMP13 (p=0.75).  
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Figure 4.8: Fibrotic potential is decreased on soft substrates. 

Overall ACF CFs have lower Col1α1 expression relative to sham (A). The highest MMP-

13 expression is on soft gels. 

 

 

 

4.4) Discussion 

Here we present data that suggests the importance of substrate stiffness on CF 

phenotype with increased stiffness promoting cytoskeletal protein production, nuclear 

translocation of transcriptional activators and decreased expression of transcriptional 

repressors in normal CFs. In addition, CFs from ACF appear to have a dampened 

response to stiffness compared to sham CFs. Overall, the data suggests the cytoskeleton 

and mechanotransduction of stiffness to transcriptional factors may account for some 

aspects of the hypo-fibrotic phenotype of ACFs which come from a softer tissue 

environment in vivo.  

A more hypo-fibrotic phenotype is present in sham CFs on softer gels compared 

to sham CFs on more stiff gels. On soft gels, sham CFs have a less contractile and less 

polymerized cytoskeleton evident by a higher G/F-actin ratio (Figure 4.1-2), decreased 

αSMA (Figure 4.3), and less transgelin (Figure 4.6B). Additionally, on soft gels sham 
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CFs have a profile of transcriptional factors that would discourage a more profibrotic 

phenotype. For instance, on the softer gels sham CFs have less MRTF-A and YAP in the 

nucleus (Figure 4.4 and Figure 4.5, respectively), which means a decrease in 

transcriptional activators of fibrogenic programs, and increased PPAR-γ (Figure 4.6), a 

transcriptional repressor of TGF-β. Finally, some of the hallmark targets used to describe 

CF phenotype indicate that the sham CFs on soft gels are on the hypo-fibrotic side of the 

spectrum as indicated by decreased CTGF (Figure 4.6A) and increased MMP13 

expression (Figure 4.8B). This data together suggests that the decreased stiffness can 

move normal CFs in the direction of a hypo-fibrotic phenotype such as that of the CFs 

taken from VO. 

Overall, ACF CFs tend to display a more hypofibrotic phenotype compared to 

sham CFs on the same stiffness. ACFs have less αSMA and CTGF mRNA expression on 

all stiffness levels (Figure 4.3C and Figure 4.6A). There is a decreased amount of YAP 

nuclear localization in ACF CFs on all stiffness levels (Figure 4.5B), indicating lower 

YAP activation. In addition to the decreased αSMA mentioned previously, there is lower 

transgelin mRNA expression and a decreased reservoir of G-actin, indicating ACFs have 

a less organized and less contractile cytoskeleton compared to shams. This profile of 

lower profibrotic molecules and disorganized cytoskeleton is quite opposite of the 

phenotype for myofibroblasts. Even on the 50 kPa gels, ACFs have less nuclear YAP, 

less CTGF expression, and similar amounts of transgelin expression as sham CFs on 2 

kPa gels. Taken together, this data implies that ACFs retain elements of a hypofibrotic 

phenotype in culture even on higher stiffness.  
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In a process called mechanical memory, cells cultured for extended time on 

substrates of various stiffness are ingrained with aspects of the phenotypic changes 

brought on by that substrate stiffness even after the cells are moved to a new substrate 

with a different stiffness. One example of this is that YAP activation of MSCs plated on a 

stiff substrate and then plated on a softer substrate is dependent on the amount of time 

spent on the original stiff substrate 1. A similar phenomena was also observed in lung 

fibroblasts cultured on soft substrates for 3 weeks displayed a dampened myofibroblast 

activation when plated on stiff substrates 2. Our observation that ACF CFs have a hypo-

fibrotic phenotype, even when grown on stiff substrates, suggests that these primary CFs 

retain aspects of their soft in vivo phenotype in culture. Since CFs isolated from ACF are 

coming from an environment with approximately half the tissue modulus of control 

hearts (Chapter 3), they are mechanically primed from a soft environment. Taking into 

account that CFs in soft environments display a more hypofibrotic phenotype, this 

mechanical memory from the soft environment could explain why ACF CFs are more 

hypofibrotic compared to sham CFs which come from a more stiff environment.  

We are not the first to look at the effect of substrate stiffness on fibroblasts 

phenotype 40,57,118,119,127,128, but there is only limited data looking at the effect of stiffness 

on fibroblasts from the heart 30,37–39, and, to our knowledge, there are no reports of non-

passaged adult CF’s response to substrate stiffness. The effect of passaging in culture on 

fibroblasts to create a more myofibroblast phenotype is well known 2,21. Relative to cells 

in vivo, cell cultures are exposed to altered chemical (e.g. much higher oxygen tension 

known to promote myofibroblast activation 19,20), and biochemical environments (e.g., 
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exposure to elevated PDGF and TGF-β). In addition, cultured cells are exposed to an 

altered mechanical environment with the prolonged culture on extremely stiff 

polystyrene, particularly relevant for studies of cellular responses to stiffness in light of 

the mechanical memory concept. Passaged lung fibroblasts activate into myofibroblasts 

around 20 kPa or higher 2,49 and display a low G/F-actin ratio (~1 in lung fibroblasts on 

20 kPa gels compared to 2.4-5.9 ratio in CFs on 25 kPa gels here) 49. Even on the 50 kPa 

gels, our CFs do not activate to myofibroblasts during ~ 1 week of culture. A transition of 

fibroblasts towards a myofibroblast phenotype would be a significant issue in our study 

since we are primarily interested in understanding the behavior of CFs from VO hearts 

where myofibroblasts are not present, and where the CFs are expressing a hypofibrotic 

phenotype, which is in contrast to the profibrotic phenotype exhibited by myofibroblasts.  

One limitation of this study is the two-dimensional (2D) cell culture systems used. 

2D polyacrylamide gels are unlike the three-dimensional (3D) environment in which cells 

naturally reside. There is growing appreciation for effect on phenotype of culture 

environments that are more like the native environment consisting of a 3D environment 

of appropriate stiffness and fibrous architecture 129. However, 2D cell culture systems, 

like polyacrylamide gels, are used for simplicity, convenience, and compatibility with a 

wide range of analytical techniques. Future studies could make use of a more faithful 

replication of the in vivo environment by using a 3D culture system, with a fibrous 

architecture, and dynamic strain application.  

These results point to the role stiffness plays in modulating CF phenotype. Here 

we show that normal CFs behave more like a hypofibrotic CFs on soft substrates and that 
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CFs from ACF have a dampened response to stiffness when compared to sham CFs. Our 

observations that ACF’s have approximately half the tissue modulus as shams (Chapter 

3), a more hypofibrotic phenotype results from exposure to decreased substrate modulus 

in CFs, and that CFs isolated from ACF have a more hypofibrotic phenotype compared to 

sham CFs (Chapter 2) suggests the reduced stiffness in ACF hearts may cause CFs to 

adopt a hypofibrotic phenotype. In addition, our previous observations that ACFs are 

primed in an environment with decreased tissue modulus (Chapter 3) yet retain a 

hypofibrotic phenotype even in culture on stiff plastic (Chapter 2) coupled with our 

observations here that ACF CFs have a dampened response to stiffness compared to sham 

CFs is consistent with the notion of mechanical memory.  
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Chapter 5 : Discussion and Future Directions 

5.1) Summary of major findings.  

Results from these studies indicate that the net loss of ECM in VO HF is likely 

due to a hypofibrotic phenotype in CFs. CFs isolated from ACF-induced HF produced 

considerably less profibrotic markers such as collagen type-I, αSMA, and CTGF 

compared to sham CFs, despite increased TGF-β secretions (Chapter 1). An initial 

investigation into whether there was some dysfunction in the canonical TGF-β pathway 

did not explain the phenotypic differences between sham and ACF fibroblasts. Normal 

TGF-β induced Smad2/3 phosphorylation and translocation to the nucleus were present 

and there were no indications of TGF-β receptor loss. 

We turned our focus to the cytoskeleton since it is another known mechanism of 

fibroblast phenotype control outside of the canonical TGF-β pathway. Proteomics data 

indicated differences between sham and ACF CFs in several cytoskeletal related proteins. 

Overall ACF CFs have less cytoskeletal actin including significantly less F-actin, and G-

actin. Additionally, ACF had overall less expression of cytoskeletal proteins αSMA and 

transgelin.  

We hypothesized that these differences in the cytoskeleton could account for the 

hypofibrotic phenotype observed in ACF CFs. To test this hypothesis, we used a ROCK 

inhibitor to test whether allowing depolymerization of F-actin would make sham CFs 
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behave more like ACF which have relatively less F-actin. Addition of a ROCK inhibitor 

to sham CFs shifted the phenotype in the direction of a hypofibrotic phenotype. ROCK 

inhibitor treatment decreased αSMA and CTGF expression and increased MMP13 

expression. Conversely, we tested whether enhancing F-actin with jasplakinolide in ACF 

CFs could make them behave more like sham CFs which have relatively increased F-

actin amounts. Japslakinolide treatment caused an increase is profibrotic markers 

collagen type-I secretion, αSMA, and CTGF. Taken together we have presented evidence 

that alterations in the actin cytoskeleton can control CF phenotype. 

Due to the known effect of substrate modulus on cytoskeletal organization and 

growing evidence pointing to the role of stiffness in controlling fibroblast phenotype we 

characterized the changes in chamber stiffness and myocardial tissue modulus in Chapter 

3. Biaxial tensile testing revealed that tissue from ACF has approximately half the 

modulus as tissue from sham hearts.  

The results in Chapter 4 point to the role stiffness plays in modulating CF 

phenotype. We show that normal CFs behave more like hypofibrotic CFs on soft 

substrates resulting in a higher G/F-actin ratio, decreased αSMA, transgelin, and CTGF. 

We also show that CFs from ACF have a dampened response to stiffness compared to 

sham CFs as indicated by a smaller increase in αSMA, CTGF, and transgelin compared 

to the larger increase in sham CFs.  

Our observations that CFs isolated from ACF have a more hypofibrotic phenotype 

compared to sham CFs (Chapter 2), that ACF tissue is approximately half the tissue 

modulus as shams (Chapter 3), and that CFs have a more hypofibrotic phenotype when 
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exposed to decreased substrate modulus (Chapter 4), suggest that reduced stiffness in 

ACF hearts may cause CFs to adopt a hypofibrotic phenotype. In addition, our previous 

observations that ACFs are primed in an environment with decreased tissue modulus 

(Chapter 3) yet retain a hypofibrotic phenotype even in culture on stiff plastic (Chapter 2) 

coupled with our observations here that ACF CFs have a dampened response to stiffness 

with reduced levels of nuclear YAP and MRTF-a is consistent with the idea of 

mechanical memory.  

5.2) Alternative interpretations and limitations. 

5.2.1) Importance of cytoskeletal status on CF phenotype. There should be further 

exploration into which aspects of the cytoskeletal status are most important to the 

hypofibrotic phenotype. It is still not clear what the most important factors are: overall 

actin amounts, F-actin amounts, G-actin amounts, or the ratio of G/F-actin. The 

proteomics data indicates that there are differences between several actin treadmilling 

and regulatory proteins in ACF CFs relative to sham CFs (Table 2.2). Many proteins with 

higher spectral hits in ACF CFs promote depolymerization of F-actin into G-actin, which 

is vulnerable to degradation130. It is possible that ACF CFs have higher degradation rates 

of G-actin compared to sham CFs. This is in part supported by the fact that there are 

lower levels of G-actin compared to sham CFs (Figure 2.5C and Figure 4.2B).  

Since G-actin sequesters MRTF-A in the cytosol, G-actin is important to the 

regulation of MRTF-A. However, in ACF CFs, where there is less G-actin (Figure 2.5C 

and Figure 4.2B), it may not have as much of an effect on the control of MRTF-A 

localization. This may explain the dampened response to stiffness of nuclear MRTF-A in 
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ACF CFs (Figure 4.4). If there is less G-actin to sequester MRTF-A in the cytosol, then 

MRTF-A nuclear localization may be less regulated by G-actin, and possibly more 

dependent on passive diffusion throughout the cell.  Whereas, in sham CFs, where there 

is a more drastic decrease of G-actin with stiffness (Figure 4.2B), MRTF-A could be 

more closely regulated by G-actin. 

5.2.2) Interpretations and limitations of pharmacological manipulations of the 

cytoskeleton. Although treatment with Jas and Y-27632 are known to alter the 

cytoskeleton 49,50, off target effects  are likely.  Using a variety of treatments to achieve 

similar changes in the actin cytoskeleton to confirm consistent results could help with this 

limitation.  Alternative treatments to test the effect of the cytoskeleton on phenotype 

include: 1) Cytochalasin D, which is known to inhibit actin polymerization by binding to 

the growing ends of F-actin filaments, and 2) Latrunculin B, which sequesters G-actin 

monomers preventing polymerization into F-actin. Not only would these additional 

treatments help to confirm the importance of the cytoskeleton on phenotype, but it may 

help pinpoint which factors in cytoskeleton status are important.  For example, it is still 

unclear whether the hypofibrotic phenotype is due to a decrease in overall actin, decrease 

in F-actin or G-actin alone, or a change in the G/F-actin ratio.  Since these drugs act by 

different mechanisms it could help us pinpoint what aspects of the cytoskeletal status are 

most important to phenotype.  For instance, Cytochalasin D is shown to increase the G/F-

actin ratio by increasing the relative amount of G-actin but not changing the amounts of 

F-actin in mesenchymal cells.131 Conversely, Latrunculin B is shown to  increase G-actin 

with a concomitant decrease in F-actin 132.  
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Due to the hypofibrotic phenotype induced by ROCK inhibitor treatment, we can 

conclude that either the Rho/ROCK pathway or the actin cytoskeleton play a role in 

creating a hypofibrotic phenotype.  To help distinguish whether the hypofibrotic 

phenotype is due to the Rho/ROCK pathway or due to changes in the cytoskeleton, we 

could use a RhoA mutant to either overexpress or underexpress RhoA. If we were able to 

combine a dominant-negative RhoA mutant, which would disrupt the Rho/ROCK 

pathway, with another treatment that enhanced actin polymerization, such as Jas, it could 

tell us if the phenotype was due to actin changes rather than the Rho/ROCK pathway.  

Conversely, we could treat cells overexpressing RhoA with a drug to decrease actin 

polymerization such as Cytochalasin D or Latrunculin.  These experiments would clarify 

whether the changes were due to the actin cytoskeleton status or due to the Rho/ROCK 

pathway. 

5.2.3) Limitations of aortocaval fistula model. Although the ACF model is the 

most widely used model of VO it still has several limitations. One major criticism of the 

ACF models is that it is a biventricular overload, meaning there is increased volume in 

both the left and right sides of the heart. This is unlike many of the common causes of 

VO in humans, such as mitral and aortic regurgitation, which result in univentricular 

overload 133.  Alternative models of valve regurgitations are well established in large 

animals such as dogs 18, and more recently have been made in rodents as well134. These 

models consist of holes or tears within the valve and replicate VO hemodynamics caused 

by valve insufficiency in humans.   
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Another limitation of the ACF model, which is a limitation of many animal 

models, is the time progression of the disease. In the ACF model, hemodynamics 

instantly changes after surgery. There is an acute drop in peripheral resistance 

accompanied by a slight increase in heart rate and cardiac output 135. Heart failure may 

occur within a time span of several weeks in the ACF model 17. However, in humans, 

valve function declines slowly leading to gradual changes in hemodynamics 136. In 

humans, volume overload-induced heart failure progresses over a time span in years 

rather than weeks.   

5.2.4) Confirmation of hypothesized transcriptional regulation mechanisms. We 

showed that PPAR-γ may play a role in the hypofibrotic phenotype because it is an 

inhibitor of TGF-β –induced fibrosis and is highly expressed in CFs on very soft 

substrates.  Due to the soft tissue modulus of VO LVs, we speculated that PPAR-γ may 

be a contributing factor to the hypofibrotic phenotype in CFs isolated from ACF. We 

have not determined if PPAR-γ is in fact different between ACF and sham in vivo. In 

order to identify whether PPAR-γ is responsible, we would first need to confirm that 

there is increased expression of PPAR-γ in vivo in the ACF model relative to sham tissue. 

This could be confirmed with a western blot or immunohistochemistry on LV tissue. In 

addition, we could alter the expression of PPAR-γ with siRNA to confirm the role of 

PPAR-γ in the hypofibrotic phenotype. We would hypothesize that downregulation of 

PPAR-γ would rescue the ACF phenotype and would have a less hypofibrotic phenotype.  
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5.3) Future directions. 

5.3.1) Investigate myocardial tissue modulus and CF phenotype at multiple time 

points to better understand progression of HF. A better understanding of the progression 

of HF could optimize timing of pharmacological and surgical interventions. Lucchesi and 

coworkers have characterized remodeling and functional changes during ACF induced 

VO which correlate to the clinical progression of VO HF in humans 10,17,60. VO HF is 

described with three phases: acute, compensated which has preserved ejection fraction, 

and decompensated resulting in pump failure and pulmonary congestion 17. Remodeling 

and function vary during these three phases. In the acute stage preload is increased and 

there is mild dilation 60. In the compensated stage, there is further dilation, increased 

compliance, and ECM turnover resulting in net degradation 17. Decompensated failure 

results in systolic and diastolic dysfunction and eventually leads to pump failure. During 

the last stage of heart failure ECM continues to turnover but there is net positive 

deposition of ECM 17. The CFs studies done here are from ACFs during the compensated 

phase of VO because this period of the disease is thought to be highly influenced by the 

effect of CFs due to drastic changes in ECM. Since the studies presented here are only 

done in CFs from ~4 weeks post ACF, we are only able to see a snapshot of the 

phenotype. Experiments to characterize the phenotype throughout the whole progression 

of the disease could shed light on to which factors are important for influencing CF 

phenotype at each stage of the disease. If we are able to measure tissue modulus and 

characterize CF phenotype throughout each stage, we may be able to better understand 

the relationship between stiffness and CF behavior.  
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One major strength of the ACF model is that it can be reversed (i.e. the shunt can 

be closed, changing the hemodynamic load on the heart). ACF reversal is representative 

of surgical intervention of VO HF. Reversal of the shunt at 4 weeks post ACF allows the 

heart to rapidly revert back to normal chamber morphology with chamber dimensions and 

wall thickness similar to sham animals 137. Surgical intervention is primarily a reduction 

in hemodynamic load. It would be interesting to see if reduction of hemodynamic load 

and reversion back to normal morphology also returns myocardial tissue modulus to 

normal levels. In addition, characterization of the CF phenotype after reversal could lead 

to insights into the effect of hemodynamic load on CFs and the role of CFs in the heart.  

5.3.2) Use magenetic resonance elastography to track changes in VO modulus 

throughout disease progression. Magnetic resonance elastography (MRE) is a developing 

technique to measure mechanical properties of soft tissues within the body. Cyclic 

motions are applied to a tissue while MRI images are taken, providing information about 

wave propagations through the tissue. These wave propagations can then be analyzed to 

provide stiffness maps of the tissue. Recently, MRE has been used to assess changes in 

modulus in a porcine model of heart failure 138. A major benefit over the mechanical 

analyses done here is that MRE is noninvasive. This makes it much more agreeable 

clinically and also makes it more suitable for multiple measurements to track progression 

throughout the disease. Biaxial testing requires removal of a piece of tissue and can only 

be done once in rats. PV loops can be done several times in humans but this is not 

advisable due to the risks associated with the process. In rats PV loops are traumatic 

enough that it is only done before sacrifice. MRE could be performed as many times as is 
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practical which would allow for tracking of stiffness changes throughout disease 

progression. ECM degradation is reported to begin within 1 or 2 days after ACF surgery 

17,60. MRE would allow tracking of stiffness changes directly before and after ACF 

surgery and answer when stiffness changes occur. Being able to use the same 

measurement technique in animals and humans is useful because the information learned 

from animal studies could then be related to clinical data to get the most use from animal 

studies.  

5.3.3) Use histological analysis to characterize CFs in situ. One major limitation 

of these CF studies is that the cells are in culture which is an environment known to alter 

CF phenotype. We did these studies on non-passaged cells to limit the effect of culture on 

phenotype. One step further would be to assess CF phenotype in situ using histological 

analysis. Histochemistry could be used to corroborate the phenotype of isolated CFs in 

vitro with the characterization of CFs phenotype in vivo. If we are able to observe 

differences in the tissue that are similar to the differences we observe in vitro, we can 

confirm that these are not artifacts of culture. For instance, we could look at YAP and 

MRTF-A localization in the tissue to see if there are differences in nuclear amounts 

between sham and ACF.  

5.3.4) Characterize adhesion and integrin expression of ACF and sham CFs. 

Cellular adhesion has a profound impact on cell behavior. Adhesion affects cell 

locomotion, cytoskeletal organization, cell contraction, and the cell’s ability to sense 

substrate stiffness 65,127,139. Upregulation of focal adhesion proteins is associated with 

myofibroblasts 21. The size of focal adhesions has been related to the cells ability to 
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create high internal tension and recruit αSMA to stress fibers enhancing their contractility 

118. In addition, there is interplay between substrate stiffness and cell adhesion. On soft 

substrates adhesions tend to be more diffuse and dynamic while on stiff substrates stable 

focal adhesions form with increased expression of integrins 82,119,127. ACF CFs come from 

tissue that has half the modulus as sham, and since substrate modulus affects adhesions, 

and adhesions affect CF phenotype this may be one contributing factor for the 

hypofibrotic phenotype. One could test whether adhesion differs from sham and ACF by 

using a centrifugation assay to measure adhesion 140. In addition, one could investigate 

whether there are differences in known focal adhesions markers such as vinculin, 

paxillin, and talin. 

Not only are integrins essential to adhesion and cell matrix interactions but they 

also play an important role in cell phenotype control. Integrins are mechanically sensitive 

elements that transduce signals through the cell. They signal through focal adhesion 

kinase, small GTPases such as Rho, and regulation of the cytoskeleton components such 

as talin 141. Expression of α2β1 integrin is associated with fine cytoskeletal filaments and 

minimal cytoskeletal tension 35. Whereas, fibroblasts with increased cytoskeletal tensions 

replace α2β1 integrins with αvβ3 integrins and develop stress fibers with αSMA 35. The 

types and amounts of integrin expression can also affect TGF-β expression, activation 

(described in more detail below), and TGF-β receptor expression 41,42,141. Characterization 

of the types and relative amounts of integrins on ACF CFs could help identify whether 

they play a role in the CF phenotype of VO HF. 
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5.3.5) Test whether ACF hypofibrotic phenotype is due to decreased activated 

TGF-β. Although we observed that there is nearly twice as much TGF-β in ACF 

compared to sham (Chapter 2), ACF CFs still behave in a hypofibrotic manner. It is 

possible that although there is an increased amount of TGF-β, it could remain in a latent 

form and therefore there may not be an increased amount of active TGF-β. TGF-β is 

secreted as an inactive complex bound to latency-associated pro-peptide and anchored to 

the ECM via the latent TGF-β-binding protein 42. Integrins αvβ5 and αvβ3 attach to latent 

TGF-β complex and enable the cell to pull against the ECM in order to free and activate 

TGF-β 41,42. In addition, it has been shown that there is less TGF-β activation on 

compliant substrates compared to more stiff substrates 43. Taking into account that ACF 

hearts have approximately half the tissue modulus as sham hearts, this increase in tissue 

compliance could hinder the activation of latent TGF-β. Assays to measure the amount of 

active vs. latent TGF-β are not commercially available; however Hinz  et al. have used 

transformed mink lung reporter cells (TMLCs) that produce luciferase as a function of 

active TGF-β 43. TMLCs could be used in co-cultures with either sham or ACF CFs to 

allow detection of differences in TGF-β activation. This assay could also be performed 

with sham and ACF CFs on substrates of different stiffness to assess whether the ability 

of CFs to activate TGF-β is stiffness dependent. 

In addition to measuring the relative amounts of active TGF-β, differences in the 

amount of αvβ5 and αvβ3 integrins present in sham vs. ACF CFs could shed light on the 

ability of ACF CFs to activate TGF-β. Previously, Hinz  et al. have shown that integrins 

αvβ5 and αvβ3 facilitate the activation of TGF-β by human CF contraction 41. If there are 
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significantly less amounts of αvβ5 and αvβ3 integrins on ACF CFs compared to sham 

CFs this could suggest a decreased ability of ACF CFs to attach to the latency-associated 

pro-peptide which could impede their ability to activate TGF-β.  

5.3.6) Investigate the effect of strain and stiffness in a three dimensional in vitro 

system to better mimic the in vivo environment. The mechanical environment of CFs is 

much more complex than 2D culture systems; it has passive (stiffness) and active (strain) 

mechanical cues in a 3D environment. There is evidence that dimensionality 142, stiffness 

38,39, and strain 143–145 all affect fibroblast phenotype individually. The effects of stiffness 

and cyclic strain in a 3D environment have yet to be determined.  

Culture in 2D and 3D systems differentially affect cell function and phenotype 

126,142,146. Given that cell-matrix interactions heavily influence intracellular tension and 

that there are major differences in fibroblast behavior as a result of different cell-matrix 

adhesions in 2D vs 3D matrices 139, it is important to perform cells studies in 3D. 

Previous studies of fibroblasts and stiffness in 3D have explored the effects of apparent 

stiffness (caused by differences in constrained and free gels) rather than the modulus (an 

intrinsic property) of the material 36,147. However, these stiffness changes are not easily 

quantified or translatable to physiological stiffness changes. Other 3D stiffness studies 

alter stiffness by changing the concentration of ECM protein, but this changes other 

variables such as binding site density, pore size, and fiber diameter. Self-assembling 

peptide hydrogels are a tool that can be used to combine the effects of stiffness and 

dimensionality without major alteration in pore size and fiber dimension 126,148.  
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The effect of strain on CF phenotype is not clear; however, in general it appears 

that strain causes a decrease in a profibrotic phenotype. Application of static strain to 

3DTC nylon mesh scaffolds allowed myofibroblasts to revert back to a quiescent 

fibroblast phenotype 149. However, static strain applied to neonatal rat CFs via collagen-

coated magnetite beads increased αSMA when cells were cultured to express low αSMA 

levels, but αSMA was reduced when cells were initially coerced into a myofibroblast 

phenotype 150. Moreover, static strain is not representative of the in vivo mechanics, 

because the heart contracts and relaxes, causing cyclic rather than static strain on the 

cells. Cyclic strain of neonatal rat CFs caused decreased αSMA 143. Consistent with a 

deactivation of myofibroblast phenotype, cyclic strain in the presence of serum decreased 

collagen production 151. The increase in preload ACF hearts could play a role in the 

hypofibrotic phenotype and this could be investigated with cyclic strain studies that alter 

the magnitude of strain with alterations in stiffness to represent either the ACF heart or 

normal hearts. 
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