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ABSTRACT 

 

 

Caves provide a unique environment for studying microbial ecology, 

providing a portal to the microbial communities of the terrestrial subsurface. 

Despite the geologic isolation and nutrient limitation of growth in the subsurface, 

caves contain remarkably diverse microbial communities, with unique adaptations 

that allow community subsistence and growth. At Wind Cave National Park, South 

Dakota, a series of lakes are formed at the intersection of Wind Cave and the 

regionally important Madison aquifer. These lakes (WCL), provide a rare natural 

window into the aquifer, and my research has demonstrated that they allow us to 

examine the microbial community of a karst aquifer without the sources of 

contamination often associated with surface drilling. Though the isolation (125 m 

below the surface) and long residence time (~25 years) of water en route to the 

lakes results in ultraoligotrophic conditions (0.29 mg L-1 TOC), the lakes support a 

stable and diverse community of microbes, albeit with cell numbers lower than 

almost any body of water on Earth (~2,300 cells mL-1). This low biomass, combined 

with a reduced cell size as an adaptive strategy to survival in these nutrient limited 

conditions, made collecting sufficient cell mass for DNA based analyses 

problematic. I therefore optimized the standard techniques used to sample aquatic 
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communities, using tangential flow filtration to filter more than 1,000 L of water from 

the Madison aquifer, through a 45 nm-pore size membrane allowing the capture of 

even the smallest cells within this microbial ecosystem. Metagenomic sequencing 

combined with comparative filtration revealed that WCL was enriched in ultrasmall 

cells, such as those found in the Patescibacteria and Nitrospirota. Evidence of 

integron-facilitated genetic plasticity suggests that metabolic flexibility is an 

important mechanism for adaptation and survival in WCL. Finally, our 

metagenomic and phylogenetic data suggest that manganese plays a central role 

in primary production and carbon turnover in WCL, and that primary production in 

the community is based on chemolithotrophic Mn(II) oxidation. Not only could this 

be the first Mn(II)-based microbial community described, but may provide a unique 

ecosystem in which to understand the important drivers of the Mn biogeochemical 

cycle within the subsurface. 
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CHAPTER I 

 

INTRODUCTION 

 

 

Prior to the advent of molecular biology, microbial ecology relied heavily on 

cultivation-dependent techniques to understand microbial activities in the 

environment. Early cave researchers used the same cultivation techniques as soil 

scientists and (somewhat unsurprisingly) found that caves were a weak reflection 

of the microbiology of surface soils (Hess, 1900; Scott, 1909; Høeg, 1946; 

Caumartin, 1963). The interpretation of microbial activity in caves was therefore 

limited, and it seemed to be of little to interest the scientific community, with less 

than 40 papers published prior to 1997 (Hershey & Barton, 2018). Yet, these 

papers defined our understanding of cave microbiology, suggesting that caves 

were essentially lifeless due to an absence of photosynthetic input, or simply home 

to transient microbial species introduced by the activity of animals or humans 

(Caumartin, 1963). When endemic cave microorganisms were putatively identified 

it was through unusual metabolisms that were (incorrectly) thought to distinguish 

them from soil species, such as iron-oxidation (Caumartin, 1963). 

 



 

 2 

1.1 Early Molecular Phylogenetics 

 

The primary limitation of cultivation-based approaches is that the vast 

majority (>99%) of environmental microorganisms cannot be cultured; as in other 

microbial environments, the ability to accurately describe microbial diversity within 

caves required cultivation-independent techniques (Amann et al., 1996). Some 

early non-cultivation approaches did support the idea that microbiology in caves 

was more complex than originally thought: Fliermans et al. (1977) used antibodies 

to identify non-culturable Nitrobacter in Mammoth Cave sediments; the 

microscopic techniques of Cunningham et al., (1995) demonstrated a rich 

structural diversity from samples deep within Lechuguilla Cave; and Gonzalez et 

al. (1999) demonstrated a rich diversity of actinobacteria in Spanish caves using 

fatty acid methyl ester (FAME) analyses (Fliermans & Schmidt, 1977; Cunningham 

et al., 1995; Gonzalez et al., 1999). Nonetheless, it wasn't until the use of molecular 

phylogenetics in the 1990s that the potential diversity of microorganisms in cave 

environments emerged (Hershey & Barton, 2018). 

 Molecular phylogenetics for bacteria and archaea relies on utilizing the 

highly conserved 16S small ribosomal subunit rRNA (16S rRNA) gene sequence 

as a genetic marker (Woese, 1987). The 16S rRNA sequence is present and 

similar in structure in both bacteria and archaea; however, differences in highly 

conserved regions of the sequence resulted in the two groups being distinguished 

as separate kingdoms (Woese & Fox, 1977; Woese, 1987). Lesser-conserved 
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regions of the sequence can further distinguish different major groups from each 

other, and the combination of conserved, variable, and hypervariable regions 

across the whole 16S rRNA sequence are used to identify organisms at the 

species level (Soergel et al., 2012). Longer 16S rRNA sequences provide a more 

robust identification of microorganisms at the species level, but hypervariable 

regions enable the reliable placement of some microbes to its genus with a 400 bp 

sequence, or placement to class or order with as few as 150 bp (Ludwig et al., 

1998; Wang et al., 2007; Jeraldo et al., 2011). 

 The use of the 16S rRNA gene was used to classify many cultured bacterial 

and archaeal isolates. In the 1980s, this gene became a revolutionary tool for 

identifying microorganisms in the environment when Pace et al. used it to 

distinguish previously uncultured species (Stahl et al., 1984; Pace et al., 1986). 

Using this method, 16S rRNA sequences were PCR amplified from an 

environmental DNA sample using primers complimentary to regions of the 16S 

rRNA sequence highly conserved among both bacteria and archaea, commonly 

called “universal” primers (Hugenholtz et al., 1998; Watanabe et al., 2001; Baker 

et al., 2003). The PCR products were cloned into Escherichia coli and sequenced 

via Sanger sequencing (Pace, 1997). Sequences could then be aligned and 

compared with 16S rRNA sequences from known, cultured microbes and classified 

accordingly (Pace et al., 1986). Pace and colleagues also carried out the first 

molecular analysis of a microbial cave community to examine the filamentous 

biofilms of a sulfidic stream within Sulfur-River Cave, Kentucky (Angert et al., 
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1998). This study revealed the surprising dominance of the Epsiloproteobacteria, 

which were previously seen only in deep, oceanic hydrothermal systems; it was 

also the first clue to the important influence that members of this phylum have 

within sulfidic cave environments (Campbell et al., 2006). Most importantly, the 

study also demonstrated that microbial cave communities could be remarkably 

distinct from their surface counterparts (Angert et al., 1998).  

  While cloning 16S rRNA gene sequences was an improvement on 

cultivation-based approaches to explore microbial diversity, and enabled the 

identification of many unculturable species, the number of clones generated that 

needed to be sequenced to fully characterize a microbial community limited the 

efficacy of this technique (Muyzer et al., 1993; Hughes et al., 2001). While PCR 

creates billions of amplicons, each step of cloning (ligation, transformation, 

screening) is inefficient: a single environmental sample may contain thousands of 

species, and the amplicons with higher abundance in the sample have a higher 

chance of being successfully cloned. Sanger sequencing is slow compared to 

modern sequencing methods, requiring forward and reverse priming, as well as 

internal priming, often in triplicate. To avoid wasteful sequencing of clones with 

identical DNA inserts, clones can be prescreened with restriction digest analyses, 

further increasing the time, labor, and reagents required to characterize the 

microbial community (Muyzer et al., 1993). Even with prescreening, rare species 

are often not identified until thousands of clones have been isolated and 

sequenced (Hughes et al., 2001). 
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The ability to analyze cave communities using these approaches has been 

further complicated by the low biomass of these environments (routinely <106 cells 

gram-1), along with a complex geochemistry, both of which interfered with the ability 

to obtain sufficient DNA for analysis (Barton et al., 2006). Because of this, 

molecular phylogenetics in caves was limited to labs with both the molecular 

expertise and computing resources necessary to translate genetic difference into 

robust phylogenies, and by the end of the 1990s, only two labs were using such 

techniques in caves (Vlasceanu et al., 1997; Angert et al., 1998).  

 

1.2 Next-Generation 16S rRNA Amplicon Sequencing  

 

Among the many impacts of the Human Genome Project, the most powerful 

was the development of optically-based sequencing methods - collectively referred 

to as 'next-generation sequencing' (NGS) technologies (Ansorge, 2009; Lander, 

2011). The dramatic increase in the number of bases that these technologies could 

sequence (>15 billion bases in as little as 4 hours) combined with their significant 

cost reductions, revolutionized the ability to sequence DNA (Snyder et al., 2009; 

Forde & O'Toole, 2013). Sogin et al. (2006) were the first to use NGS to identify 

environmental 16S rRNA; rather than restricting the identification of phylotypes 

within a community to a few hundred cloned 16S rRNA genes, NGS allowed Sogin 

and colleagues to sequence 120,000 PCR products directly (Sogin et al., 2006). 

The results were transformative and demonstrated that microbial ecosystems 
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contained thousands of previously unidentified phylotypes (Sogin et al., 2006). 

Sogin et al. referred to this extensive collection of previously unidentified 

microorganisms as the 'rare biosphere' - organisms of sufficiently low number that 

they cannot be identified without deep-sequencing NGS approaches (Sogin et al., 

2006).  

The first study to apply NGS technology in cave environments were Ortiz et 

al. (2013) who used 454-pyrosequencing to examine ~400,000 PCR products from 

Kartchner Caverns, USA (Ortiz et al., 2013). Along with the 13 phyla already 

identified in caves by cloning approaches, Ortiz et al. demonstrated the presence 

of an additional 8 described and 12 candidate phyla, suggesting that caves also 

contained rare biosphere microorganisms (Ortiz et al., 2013). In a significant step 

forward, these researchers also used NGS to compare microbial communities in 

the cave with those in surface soils directly above. These data demonstrated that 

only 16% of the sequences were shared between the surface and the cave, 

confirming the uniqueness of microbial cave ecosystems (Ortiz et al., 2013). An 

analysis of several 16S rRNA datasets obtained from across multiple cave systems 

with broadly distributed geographical locations, including North America and Asia, 

confirm the robustness of the 13 dominant phyla already identified, along with 

another 14 phyla consistently represented in these populations (above a 0.1% 

threshold); these include the Armatimonadetes (OP10), Chlorobi, Cyanobacteria, 

Elusimicrobia, Spirochaetes and the candidate phyla BRC1, GN04, NC10, OP3 

(Ca. Omnitrophica), TM6 (Ca. Dependentiae), WS1 and WS3 (Ca. 
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Latescibacteria). Together these data support the existence of rare biosphere 

species within caves (Hershey & Barton, 2018). 

While targeted PCR amplification using NGS makes it possible to rapidly 

screen the 16S rRNA sequences in the environment, it is also susceptible to 

significant technical issues, including primer and amplification biases that 

preferentially select for (or against) certain rRNA sequences for amplification 

(Chandler et al., 1997; Polz & Cavanaugh, 1998; DeSantis et al., 2007; Kembel et 

al., 2012). Notably, the standard V4 variable region primers used by the Earth 

Microbiome Project protocol (Caporaso et al., 2011) were modified to add 

degeneracy to the sequence to remove known biases against the Thaumarchaeota 

and SAR11 clades in 2016 (Apprill et al., 2015; Parada et al., 2016). While this 

sequence-based bias was resolved by primer modification, PCR bias from very 

high or very low GC content template DNA, copy number variation, or other PCR 

artifacts remain a limitation to amplification-based community analysis (Acinas et 

al., 2005; Krehenwinkel et al., 2017). 

 

1.3 Metagenomics 

 

Overcoming the limitations of PCR bias requires bypassing the PCR 

amplification step entirely and sequencing the sum of the genetic information in 

the environment (Miller et al., 2011). This process requires randomly fragmenting 

DNA into sizes appropriate for NGS sequencing (35 – 300 bp), either by 
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mechanical means or using transposons (Adey et al., 2010). These fragments are 

then sequenced and the overlapping ends are computationally re-assembled back 

into a full-length DNA contigs, ranging in size from a few hundred to millions of 

bases - a technique referred to as shotgun sequencing due to the randomness of 

the initial DNA fragmentation (Sanger et al., 1977; Adey et al., 2010). Prior to the 

advent of NGS, shotgun methods were not possible using environmental DNA as 

the complexity of the samples reduced the likelihood of obtaining sufficient 

coverage for assembly (Venter et al., 2004). But the size of the data that could be 

obtained by NGS dramatically increased sequence coverage, making it possible 

to examine all of the genes in an environment rather than just one – a technique 

called metagenomics (Handelsman et al., 1998). Such metagenomic approaches 

allow the interactions that support microbial ecosystem dynamics to be identified 

through the functional gene composition of the community (Handelsman, 2004; 

Tyson et al., 2004; Venter et al., 2004).  

Carrying out metagenomic approaches in oligotrophic caves has been 

problematic, primarily due to the significant amounts of DNA that were needed to 

create shotgun libraries in the past (from a minimum of a few hundred nanograms 

to multiple micrograms, depending on the method; Thomas et al., 2012). Library 

preparation with low amounts of DNA is prone to technical issues, including a 

greater potential for contamination, limited capture of DNA complexity, and a high 

percentage of read duplicates (Rinke et al., 2016). Despite these limitations, in 

2014 Ortiz et al. were able to carry out metagenomic analyses of the microbial 
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communities within Kartchner Caverns (Ortiz et al., 2014). Their data identified 

over 365,000 gene fragments from the microbial populations found on 

speleothems and walls within the cave and demonstrated the enrichment of genes 

involved carbohydrate metabolism and CO2 fixation (Ortiz et al., 2014). The 

enrichment of these genes suggested that both heterotrophic and autotrophic 

metabolic activity were important in community growth and subsistence, along with 

potentially novel mechanisms of nutrient cycling, especially in regard to nitrogen 

(Ortiz et al., 2014).  

Since Ortiz et al. (2014), significant advancements in library preparation 

techniques and technology have enabled shotgun sequencing of samples with 

sub-nanograms amounts of template DNA. For example, the protocol for the 

Nextera XT library preparation kit, originally intended for use with 1 ng of template 

DNA from small genomes, plasmids, or amplicons, can now be modified for use 

with as little as 0.1 pg template DNA from a microbial community. This technique 

was validated using a mock community of 54 bacterial and archaeal reference 

species, and then applied to DNA from samples of seawater ranging from 10µL – 

1000 µL, with reproducible sequenced results (Rinke et al., 2016). The number of 

reads obtained from these low-input sequencing libraries is inadequate for all but 

the simplest microbial communities, especially if the goal of the sequencing is to 

assemble the short reads into longer contigs for identification of open reading 

frames, full gene sequences, and gene cassettes (Rinke et al., 2016). As 

community complexity increases, so does the amount of DNA required to achieve 
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the high sequence coverage required for contig assembly from short reads; more 

DNA is also required to ensure sequencing of rare species in the community 

(Lynch & Neufeld, 2015; Rinke et al., 2016). Nonetheless, a low-input DNA library 

can still be informative through assignment of short sequences via taxonomic and 

functional signatures, enabling the characterization of low biomass environments 

that were previously only explored through 16S rRNA amplicon sequencing (Tringe 

et al., 2005). 

The decreasing cost of sequencing, increased efficacy of library 

preparation, expansion of technology for computing in cloud and remote servers, 

and inexpensive data storage options, have made studying microbial ecology 

through metagenomics more accessible than ever (Teeling & Glockner, 2012; 

Chen et al., 2019). Pipelines and software used for bioinformatics analysis often 

differ between research groups based on preference and specific research 

questions, and open-sourced tools are constantly being created and updated. 

Despite differing software used, the basic elements of metagenomic analyses 

include, but are not limited to: assembly of sequencing reads, prediction of 

genes/proteins from these assemblies, and annotation of the predicted reads 

based on similarities to items in reference databases (Roumpeka et al., 2017). 

Researchers may choose to process data locally (or use supercomputer clusters 

for programs requiring significant memory), or use web application servers, or 

some combination of each (Wooley et al., 2010; Thomas et al., 2012; Nayfach & 

Pollard, 2016). Web-based servers such as MG-RAST and Integrated Microbial 
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Genomes and Microbiomes (IMG/M) also serve as repositories for metagenomic 

(and genomic) data, allowing researchers to easily access and compare microbial 

communities from different environments for comparative metagenomics (Wilke et 

al., 2016; Chen et al., 2019). While MG-RAST has a fairly shallow learning curve 

and allows users to quickly perform simple comparative analyses, IMG/M is much 

more flexible, allows for analyses at the level of individual genes, and is not limited 

to metagenomic datasets. IMG/M is also a product of the Department of Energy 

Joint Genome Institute (JGI), which prioritizes environmental sequencing projects 

related to understanding biogeochemistry, carbon cycling, climate change, and 

biofuels, among others (Chen et al., 2019); as such, IMG/M has a more extensive 

and diverse selection of environmental datasets than MG-RAST. 

While metagenomic sequencing is more popular than ever, annotation of 

these datasets remains problematic. During annotation, short sequencing reads or 

predicted genes obtained through identification of open reading frames (ORFs) on 

assembled contigs are compared to reference databases or datasets. Reference 

databases are built from a collection of known data; that is, genomes obtained from 

cultivated microbes or empirically identified genes or proteins (Hiraoka et al., 2016; 

Nayfach & Pollard, 2016). The majority of genomes sequenced are from microbial 

isolates, and the majority of these isolates (80%) belong to one of three bacterial 

phyla-- Proteobacteria, Firmicutes and Actinobacteria; however, a phylogenetic 

analysis of 16S rRNA from a number of environmental metagenomic datasets 

suggests that more than 60 major lineages across the bacterial and archaeal 
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domains (Hugenholtz & Kyrpides, 2009). More than half of these lineages have no 

cultured representatives and have often been referred to as microbial dark matter, 

or MDM (Rinke et al., 2013). More than 35 of these phyla are part of a monophyletic 

group described as the Candidate Phyla Radiation (CPR), which generally have 

small genomes lacking many biosynthetic pathways (Brown et al., 2015). While 

these organisms do not have any cultured representatives, some of their functions 

can often be inferred by identifying conserved motifs or using low thresholds 

matches to existing references (Baker et al., 2014). Nonetheless, sequences that 

demonstrate little to no similarity to reference sequences within the databases 

require more investigation to determine whether they are the result of sequencing 

error, or truly novel genes with unknown function. 

The annotation of metagenomic datasets can be improved by adding new 

genomes to reference databases (Hiraoka et al., 2016; Nayfach & Pollard, 2016). 

Because the vast majority of microbes cannot be cultured, many new reference 

genomes are acquired through cultivation-independent techniques, primarily 

metagenomic binning and single cell genome sequencing, which are often used in 

a complementary approach (Rinke et al., 2013). In metagenomic binning, 

assembled contigs are sorted into groups (or “bins”) based on various genomic 

signatures, such as G+C content, tetranucleotide frequencies, codon usage, and 

read depth (Dick et al., 2009; Albertsen et al., 2013; Sedlar et al., 2017). With 

enough sequence coverage, these contigs can be further assembled into 

genomes, referred to as “metagenome-assembled genomes”, or MAGs (Bowers 
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et al., 2017). A number of candidate phyla genomes, some nearly complete, have 

been recovered using this metagenomic binning approach (Rinke et al., 2013; 

Hedlund et al, 2014). Candidate phyla genome sequences have been obtained 

through single cell genome sequencing (Rinke et al., 2013; Hedlund et al., 2014); 

in this method, individual cells in a sample are sorted using fluorescence-activated 

cell sorting (FACS) or other microfluidics techniques into individual wells, lysed, 

and the genome is amplified using multiple displacement amplification (MDA) to 

obtain enough DNA for sequencing (Rodrigue et al., 2009). The resulting single 

amplified genome (SAG) is then sequenced, assembled, and analyzed (Rinke et 

al., 2013; Hedlund et al., 2014, Marcy et al., 2007). Assembling complete genomes 

from MAGs can be complicated by the presence of extended repeating regions, 

while SAGs are often fragmented and incomplete due to various technical 

challenges (uneven amplification or chimeric artifacts from MDA); however, when 

analyzed together, these two techniques can be used to resolve complete 

genomes (Hedlund et al., 2014). Once validated, these genomes can be added to 

a reference dataset, and used to help analyze metagenomic datasets from other 

environments. 

Observing a microbial community at the genome level through MAGs and 

SAGs can provide important context for the genes observed in a metagenomic 

dataset (Baker et al., 2014). For example, A MAG displaying a complete metabolic 

pathway might suggest that this uncultured organism plays a specific functional 

role in the microbial community, whereas an incomplete pathway that is 
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functionally supported by geochemical analyses might indicate linkages between 

organisms in the community via metabolic handoffs (Baker et al., 2014; 

Anantharaman et al., 2016). The completeness of a genome can be estimated 

using single copy marker gene and can provide evidence that missing genes are 

not simply due to missing sequence data (Parks et al., 2015), but even in 

incomplete genomes, the presence of certain operons can provide functional 

insight into community interactions (Baker et al., 2014).  

While cultivation-independent methods have exponentially expanded our 

knowledge of microbial diversity, they are not a replacement for cultivation-based 

techniques; interpretation of sequence annotations remains anchored by studies 

of gene function in cultivated microbes that are needed to form the foundation of 

reference sequence databases. Thus, as metagenomics reveals the presence of 

novel sequences with novel functions, connecting the genomic content to function 

requires demonstrating function in cultivated organisms. Nonetheless, facilitate the 

cultivation of novel organisms, information obtained from metagenomic data, 

MAGs, and SAGs can be used to improve cultivation techniques. In this way, 

cultivation-dependent and -independent techniques are cyclically linked, and 

improvements to both are required to fully profile a microbial community (Prakash 

et al., 2013). 

One of the most under-explored environments for microbial interactions and 

processes is the oligotrophic subsurface. One portal into the subsurface are caves, 

which can extend over 2 km in depth allowing examination of the subsurface 
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without the need for destructive drilling equipment or contamination (Lehman, 

2007; Korbel et al., 2017). Nonetheless, most caves are epigenic (formed by 

meteoric water entering the subsurface) and are therefore hydrologically 

connected to surface processes (Palmer, 1990); as such, the microbiology of the 

cave is influenced by the route the water has taken. However, caves that formed 

through hypogenic conditions (ascending groundwater) are generally isolated from 

such meteoric water inputs and could provide an important conduit to study the 

microbiology of the deep subsurface including geochemistry and groundwater 

interactions (Palmer, 2011; Klimchouk et al., 2017; Kováč, 2018). The purpose of 

this work is to take advantage of the unique access to the Madison aquifer offered 

by Wind Cave. Where Wind Cave intersects the Madison aquifer, a series of lakes 

are formed that represent the potentiometric surface of the aquifer. The ability to 

travel through the cave to access this aquifer without disturbance provides a 

unique opportunity to investigate the microbial community within a deep and 

isolated karst aquifer. 
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CHAPTER II 

 

A PRACTICAL GUIDE TO STUDYING THE MICROBIOLOGY OF KARST 

AQUIFERS

 

 

Published in Karst Water Environment: 

Hershey, O.S., Kallmeyer, J., & Barton, H.A. (2019). A Practical Guide to 
Studying the Microbiology of Karst Aquifers. In: T. Younos, M. Schreiber, & K. 
Kosič Ficco. (Eds.). The Handbook of Environmental Chemistry: Vol. 68, Karst 

Water Environment (pp.191-207). Springer, Cham 
 

2.1 Abstract 

 

Examination of microbial communities within karst aquifers is an important 

aspect of determining the quality of the drinking water obtained from groundwater. 

While past work has been based on culture-based assays, a more complete view 

of the microbial community within karst aquifers can be achieved using molecular 

approaches based on DNA sequencing. Due to a reduced cell number when 

compared to surface environments, collecting sufficient microbial cells for analysis 

in karst aquifers can be problematic. In addition to issues of cell density, 

particulates due to the geologic location, technological limitations of equipment that 
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can be hand-carried and work for extended periods underground, and even the 

physical access to some of these subsurface sites, all contribute to making 

examination of the microbiology in karst aquifers a challenge. This chapter 

highlights some of the approaches we have used to successfully isolate microbial 

cells for DNA extraction from an aquifer accessed in a remote cave location. The 

methods we developed can aid other researchers to evaluate the microbiology of 

similar isolated karst aquifers. 

 

2.2 Introduction 

 

An important element of monitoring the quality of drinking water sourced 

from karst aquifers and other ground water resources is the examination of 

microbial communities within these environments. Although there is considerable 

debate how much microbes from subterranean environments contribute to the total 

number of microbes on Earth, karst aquifers might be an important contributor to 

total biomass of terrestrial subsurface microbial populations (Griebler & Lueders, 

2009; Kallmeyer et al., 2012). The source of these subsurface microbes may be 

endemic or introduced from agriculture- or industry-associated activities. In pristine 

(or uncontaminated) aquifers, the microbial community present is likely a result of 

initial seeding of microorganisms from the surface environment (soils), and then 

adaptation of those microorganisms to the physical and chemical conditions found 

within the aquifer itself over potentially hundreds-of-thousands to millions of years 
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(Gray & Engel, 2013; Hug et al., 2015). In contaminated aquifers, the microbial 

community may be disturbed from its natural state by the addition of waste water 

from human and/or animal sources and activities, increasing the number of 

coliform bacteria or fecal indicator species, such as Escherichia coli (Cho & Kim, 

2000; Pronk et al., 2005; Ohrel Jr & Register, 2006). Spills or wastewater 

containing chemical contaminants may also dramatically change the structure of 

the microbial community present (Dojka et al., 1998; Abed et al., 2002; North et 

al., 2004). 

The detection of pathogenic bacteria and viruses that can be harmful to 

human and animal health has been described in detail and can be successfully 

achieved with cultivation-dependent (requiring growth in nutrient agar) methods 

(Ashbolt et al., 2001; Ohrel Jr & Register, 2006). As traditional techniques in 

microbiology were historically developed to study human pathogens, many of the 

microorganisms that affect human health are identifiable using traditional 

laboratory techniques, enabling standardized methods for their use in water quality 

analysis (Abed et al., 2002); however, the assessment of karst aquifers for these 

human-associated pathogens does not provide a full understanding of the role of 

microorganisms within these environments. More than 99% of microbes cannot be 

cultivated using standard laboratory conditions (Amann et al., 1995), yet this 

uncultured majority carry out the majority of functions within the global biosphere 

(Gray & Head, 2001). Culture-based methods alone therefore fail to recognize the 

function of the majority of microorganisms that exist in the environment. 
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In aquifers that serve as an important source of drinking water, evaluating 

the natural microbial ecosystem enables understanding of microbial processes 

that help maintain water quality homeostasis (the maintenance of water chemistry 

through biotic processes; Iker et al., 2010). Indeed, in some cases, an evaluation 

of these processes is included as a component of drinking water quality standards. 

For example, the Swiss Water Protection Ordinance considers ecological goals to 

be an important part of groundwater protection, stating that “The biotic community 

of underground waters shall: a) be close to nature and appropriate to the location; 

b) be specific to unpolluted or only slightly polluted waters" ("Water Protection 

Ordinance," 1998; Goldscheider et al., 2006). These biocenoses account for both 

micro- and macro-organisms and their interactions, which have the potential to 

impact biogeochemical cycles maintaining water quality in karst aquifers (Iker et 

al., 2010). Despite this, the practical approaches needed to understand the 

microbial communities in karst aquifers can be technically challenging.  

The low level of organic input into these environments results in a low 

biomass (low absolute cell numbers) within the environment. As most published 

water sampling methods for microbiology are typically used in surface 

environments with a high cell density, these approaches are unlikely to work in 

cave environments and karst aquifers. Evaluation of cell biomass is an important 

factor in determining which sampling method to use, and the sampling methods 

employed may be altered to obtain sufficient biomass for analysis. In extremely 

low biomass aquifer systems, commonly found in karst aquifers and exemplified 
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by our study area in Wind Cave, Wind Cave National Park, USA (Figure 2.1), even 

the traditional DNA techniques used in environmental microbiology must also be 

altered from conventional methods. The main objective of this chapter is therefore 

to address the issues faced when sampling water from karst aquifers, particularly 

in clean, pristine groundwater sources and to provide potential solutions to 

researchers interested in this emerging field. 

 

  

Figure 2.1. Location map of Wind Cave, South Dakota. A) Map of the United 
States, indicating the location of the Black Hills (solid black box and area shown in 
B). Black lines correspond to State boundaries, with the location of Wyoming, 
Nebraska and South Dakota indicated. B) The area where the Madison Limestone 
outcrops within the Black Hills is indicated (brown) which forms the majority of the 
aquifer recharge zone. The location of Wind Cave National Park (red), and the 
Wind Cave entrance(black star). The State boundaries are shown, along with the 
major rivers in the area. C) The survey line plot of the passages within Wind Cave. 
The area where the lakes are found is indicated by the black square. Arrow 
indicates true north (data compiled by, and with, permission of Wind Cave National 
Park). 
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2.3 Study Area 

 

We have been studying the confined karst aquifer of the Madison Formation 

in South Dakota, where the aquifer is intersected by Wind Cave (Wind Cave 

National Park, South Dakota, USA; Figure 2.1). Due to the complex speleogenesis 

of Wind Cave, the deeper passages in the cave likely pre-date the current 

potentiometric surface of the Madison aquifer, although the speleogenesis of the 

whole cave is historically tied to this aquifer (Palmer & Palmer, 2000). Where the 

cave intersects the Madison aquifer, a series of lakes are created by the current 

potentiometric surface of the aquifer. The water found in the Wind Cave lakes 

consists primarily of local recharge water (96%) that has a residence time of ~25 

years (Long & Valder, 2011); however, due to the complex structure of the aquifer, 

the lakes also contain water up to ~50,000 years old (Long & Valder, 2011). 

Accessing the lakes requires travelling for several hours from the cave entrance, 

through approximately 3 km of passages with an overall descent of over 200 m, 

with much of the cave requiring climbing and crawling, occasionally through 

passages less than 20 cm in width. 

 

2.4 Issues with Standard Methods of Sampling Karst  

 

In order to study the microbiology of karst aquifers, access is most often 

gained through wells and springs. Nonetheless, without careful sampling 
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strategies, the microbial population examined through these routes of access can 

be influenced by the microbiology of the route itself (Lehman, 2007). In the case 

of wells, the casing can potentially provide sources of energy or electron acceptors 

for growth that would not normally be present (through concrete or iron) and can 

skew our understanding of microbial community energetics, while likewise in non-

cased wells the geochemistry of the rock units or water leaking from shallower 

aquifers through which the well penetrates, can similarly affect community 

structure (Lehman, 2007). While springs may allow more direct access to karst 

aquifers, their exposure at the surface means that photosynthetic primary 

production can dramatically alter the native microbial population of the karst aquifer 

itself, including, for example, the presence of larger plant and animal species that 

in turn contain their own native microbial populations (Elshahed et al., 2003; 

Pinowska et al., 2007). Due to these limitations, studying karst aquifers through 

natural conduits (caves) can increase the accuracy of the microbiological 

interpretations. Unfortunately, the cave environment can have its own set of 

challenges, requiring specialized equipment and physical endurance: equipment 

must be durable enough to withstand bumping, scraping, squeezing, dropping, 

etc., as well as exposure to sediments and debris; it must be light enough to be 

carried long distances and small enough to traverse tight passages; finally, the 

time needed to transport samples back to the surface (and laboratory) must be 

considered. 
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2.5  Methods Developed for Sampling Karst Aquifers 

 

Cell Enumeration 

One of the most critical pieces of information needed in order to study the 

microbiology of any aqueous environment is to understand the size of the microbial 

population, which is done by direct counting the number of cells present. While this  

approach is laborious and requires specialized fluorescent microscopy, direct cell 

counting makes it possible to determine the volume of water that needs to be 

filtered for the DNA approaches used, which in turn, determines the sampling 

procedure.  

In order to carry out cell counting, we collect three 10 mL samples on site 

using sterile syringes (Figure 2.2). These samples are then preserved on site in 

2% paraformaldehyde by adding 1 mL of a 20% paraformaldehyde concentrate in 

phosphate buffered saline (pH 7.4). Such preservation is critical to ensure that cell 

numbers are not artificially lost through potential predation or inflated through 

growth. The samples we have been working with do not contain any grazing 

arthropod species; however, if such species are present in the collected samples, 

they can either be enumerated along with the microbial species (albeit at a much 

lower magnification) or an 8 µm pre-filter can be used to remove them for 

enumeration of non-eukaryotic species in the water column.  
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Figure 2.2. Sampling and counting strategy for cell enumeration in karst aquifers. 
A) Three 10 mL samples are collected and preserved on site. The sample is 
stained with a DNA-binding fluorescent dye and filtered on to a 0.02 – 0.2 µm non-
fluorescent filter. B) The sample is visualized on a fluorescence microscope (at 
1000x total magnification) and the number of cells within a known area (field of 
view; FOV) are counted. C) The average number of cells per FOV (between 50 – 
200 FOVs depending on the cell density) and area of the FOV are then calculated 
and multiplied by the total surface area of the membrane to obtain the total cell 
number (in 10 mL). 
 

For cell enumeration, the entire sample of preserved water is stained with 

the SYBR Green I DNA-binding fluorescent dye (Sigma-Aldrich, St. Louis, MO) 

and filtered onto 0.02 – 0.10 µm pore membrane filters (such as Whatman Anodisc 

#9809-6002 or Whatman Cyclopore #7063-2502) depending on the target 

population (Figure 2.2); most microbial communities can be collected for counting 
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with a 0.1 µm membrane, although a trained microscopist will be able to identify 

trapped bacteriophage on a 0.02 µm membrane. Total cell counts are then carried 

out using epifluorescence microscopy; between 50 and 200 fields of view at 

1,000X total magnification are inspected to determine how many cells are 

observed on average in a field of view (FOV; Figure 2.2). The average number of 

cells is the determined by dividing the total cell number by the total FOV to 

determine the average number of cells in the (10 mL) sample, which is in turn used 

to calculate the total number of cells mL-1 of water (Figure 2.2).  

Aggregation of cells to particulates or the formation of biofilms is potentially 

problematic in all water samples, especially from geologic environments, and may 

either reduce the number of visible cells (remove them from a FOV), or artificially 

increase the number of cells counted in any individual FOV, subsequently inflating 

the total count. In order to disrupt such aggregates and increase the accuracy of 

counting, the samples can be treated using the methods developed by Kallmeyer 

et al. (2008) without the need for NaCl that is normally used to adjust the salinity 

of samples from ocean environments. In past sample analysis, we have found that 

four different treatments have been effective in our samples, which can be modified 

based on the observed aggregation: (1) filtering the untreated sample straight onto 

the membrane; (2) sonicating the sample for 10 min (at 640 W) before filtering; (3) 

treating with a detergent solution (100 mM disodium EDTA dihydrate, 100 mM 

sodium pyrophosphate decahydrate, 1% vol/vol Tween 80) and methanol before 

vortexing for 30 minutes (to dissolve extracellular polymers) and filtering onto the 
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membrane; or (4), a combination of methods 2 and 3. In the case of low biomass 

samples, blank counts using only reagents and membrane (no sample) should be 

included before and after each period of counting, with the average blank values 

subtracted from each cell count (Kallmeyer et al., 2008). 

 

DNA Isolation for Identification 

Modern environmental microbiology requires the use of molecular DNA 

techniques to identify microbial communities (Pace, 1997). There are two current 

approaches: the first relies on the 16S small subunit ribosomal RNA gene (16S 

rRNA), and the second requires sequencing the entirety of the DNA found in using 

a computer program (EMIRGE) to identify 16S rRNA sequences in this metadata 

(Miller et al., 2011; Mirete et al., 2016; Garrido-Cardenas & Manzano-Agugliaro, 

2017). The first has the advantage of requiring only tiny amounts of DNA to 

generate community profiles through the polymerase chain reaction (PCR), 

although this approach can suffer from the bias toward certain amplified 

sequences by the primers used (Suzuki & Giovannoni, 1996; Pinto & Raskin, 

2012). The latter does not suffer from such biases and can provide additional 

functional information, but requires significantly more DNA for the generation of 

the libraries necessary for sequencing (Head et al., 2014; Bowers et al., 2015). 

Without sophisticated technology that can extract tiny levels of DNA with 

high efficiency from complex geochemical samples (such as the Boreal Genomics 

Aurora DNA extraction system, Boreal Genomics, Vancouver BC; So et al., 2010), 
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disruption and kit-based DNA extraction protocols can be used. Such kit-based 

approaches are notoriously inefficient, with even the best protocols only able to 

isolate ~17% of total DNA from a sample (Claassen et al., 2013). Therefore, for 

most laboratories the ability to carry out PCR approaches to identify the microbial 

communities requires a minimum of 300 ng of purified DNA (conservatively this 

requires ~2 µg of total DNA within the bacteria collected for DNA extraction). Given 

that an average bacterium contains ~3 femtograms of DNA (assuming the 4 x 106 

bases of the Escherichia coli genome as a standard and a molecular weight of 660 

for each base pair), this means that a minimum of 6.6 x 108 bacterial cells must be 

isolated for analyses. Generally, this would not be difficult in most aquatic samples 

(Table 2.1), but isolated karst aquifers are anticipated to have microbial cell 

numbers equivalent to other oligotrophic freshwater sources, at ~2 x 106 cells mL-

1 (compared to the open oceans of 1.5 x 107 cells mL-1; Farnleitner et al., 2005; 

Newton & McMahon, 2011). In our analyses of the isolated Wind Cave Lakes, such 

high numbers are rarely seen. Thus, while samples from the open ocean may 

contain sufficient cell numbers for DNA extraction in as little as 7 mL of sample, 

the lakes in Wind Cave required ~300,000 mL of water to obtain the same cell 

density (Table 2.1). 
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Table 2.1. The average number of bacterial cells identified in different bodies of 
water and the comparable volume of water needed to isolate sufficient microbial 
cells for sufficient DNA extraction. Table A.1. is an extended version of this table  

Aquatic Environment Typical bacterial abundance 
(cells/mL) 

Amount filtered for 
2 µg DNA (L of 

water) 
Reference 

Open Ocean 1.0 x 104 – 1.0 x 107 0.007 Whitman et al. 1998  

Eutrophic River Warnow 2.4 x 106 0.03 Freese et al. 2006  

North Atlantic 8.2 x 105 – 2.4 x 106 0.3 Rowe et al. 2012  

West Pacific 2.9 x 105 -1.2 x 106 0.5 Rowe et al. 2012  

Crater Lake 2.0 x 105 – 1 x 106 0.7 Urbach et al. 2001  

Sargasso Sea 4.6 - 8.8 x 105 0.8 Rowe et al. 2012  

Swiss Cave Pool 5.2 x 105 1.3 Shabarova and Pernthaler, 
2010  

Limestone Karst Aquifer 
Spring 6.8 x 104 10 Farnleitner et al. 2005  

Dolomite Karst Aquifer 
Spring 1.5 x 104 45 Farnleitner et al. 2005 

Wind Cave Lakes 2.3 x 103 287 Hershey et al. unpublished 

Lake Vostok 2.0 x 102 -1.0 x 103 660 Karl et al. 1999  

 

2.6 Sample Collection 

 

Samples Volumes Below 1 L 

One of the most practical methods to collect DNA in high biomass waters 

(>106 cells mL-1; Table 2.1) is using the 0.22 µm Sterivex filtration (Millipore 

#SVGV010RS) technique, which has the advantage of being inexpensive, is able 

to be used with most pumps (including syringe and hand-driven pumps), and has 

been used extensively in ocean sampling (Schauer et al., 2000; Francis et al., 

2005). Nonetheless, water samples collected in karst environments, such as 

caves, often have significant clogging issues due to particulates, such as clay, silt, 
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iron oxides and calcite rafts in the water. In order to overcome these limitations, 

we have used sterile cheesecloth (sterilized using an autoclave), which can be 

placed over the end of the water draw line. Such cheesecloth will not hinder the 

access of microbial cells, but is particularly effective at limiting the entry of particles 

that can quickly clog the Sterivex filter. To remove the bacterial cells for extraction, 

a syringe can be used to release the cells from the Sterivex filter using a reverse 

flow. This method is more appropriate for surface karst environments such as 

springs and wells, as the proximity to surface energy sources yields higher 

biomass, requiring less water to be sampled. 

 

Sample Volumes Below 20 L 

In environments that require larger volumes of water, we have used 0.2 µm 

aluminum oxide Anodisc filters (Whatman #6809-6022). These filters have an 

advantage over other membrane approaches in that the aluminum oxide portion 

of the filter can be directly crushed into DNA extraction buffers, with a chemistry 

that does not interfere with most DNA extraction protocols; however, the aluminum 

oxide composition of the filter means that the filters are extremely brittle and great 

care should be used, especially in mounting. The Anodisc filters can be set up for 

filtration using a Millipore stainless steel filter holder (Millipore #XX3002500; Figure 

2.3) and can once again be used with most water pumps. An additional benefit of 

this approach is that the Millipore filter holder can also be used with traditional 

cellulose filters, allowing microbial cells to be filtered onto the membrane, which  
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Figure 2.3. Examples of equipment used for sample collection and enumeration. 
A) A steel Millipore 25 mm filter holder (scale bar is 1 cm). The entire filter holder 
can be autoclaved and contains a Luer-locking mechanism for syringe or tubing 
attachments. The holder can accommodate a number of different filter 
membranes, which can be mounted so that water is either pushed or pulled 
through the device, allowing it to work with a number of different pumps. B) The 
Global Waters SP200 peristaltic pump, which is 23 cm by 19 cm and weighs 2 kg 
(scale is 5 cm). The peristaltic mechanism is exposed through the lid of its case, 
which is unscrewed for the peristaltic tubing to be attached. The pump is marked-
up to ensure the correct attachments are made in the cave, while the power 
connection port is visible below the peristaltic mechanism. 
 

can be transferred directly to selective growth media for cultivation. In this way, 

even in extremely low biomass samples with poor cultivation rates (<0.1%), larger 

concentrations of cells can be captured for growth and other functional studies. 

Nonetheless, due to connections using Luer locks with the filter holder, only narrow 

tubing can be used. Due to the increased velocity of water movement (due to the 

Bernoulli Principle), any clogging of the membrane by particulates can be 

particularly problematic, leading to increased pressure that can rupture 

membranes or cause tubing/connections to fail. Therefore, while the Anodisc 
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method is very effective, it should not be used for water volumes >20 L or for 

samples with high particulates.  

 

Sample Volumes Below 50 L 

Samples in the range of 104-105 cells mL-1 require significantly larger 

volumes of water to be collected. This requires a high-capacity pump along with a 

filter with a large enough surface area to handle large volumes of water. Finding a 

pump capable of working with the weight and power constraints needed for 

transport into the cave that was capable of moving quite large volumes of water (in 

excess of 1 L min-1) was a challenge. We found that the SP200 variable speed 

peristaltic pump (Global Water Instrumentation #CJ0000; Figure 2.3), which can 

pump up to 2 L min-1, was the best commercially available product for our samples. 

Designed for environmental field work and built into a rugged Pelican case, in our 

experience the SP200 pump works well in even challenging caves (although the 

use of a desiccant to keep the electronics dry within the Pelican case during cave 

use is advisable). The pump was powered by a high capacity 12V rechargeable 

lithium-ion battery pack (BiXPower BP160), adapted for compatibility with the 

pump battery connector. 

To filter volumes below 50 L we have used a Nalgene disposable 0.22 µm 

filter device, which has the advantage of being sterile (Gamma-irradiated) and can 

remain open in the water to avoid backpressure problems, even with high levels of 

particulates in the water column (Figure 2.4). Nonetheless, the use of a sterile 
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gauze pre-filter to limit large particulates is useful (Figure 2.4). This filter can be 

suspended just below the surface in the water column and the water is pulled from 

the vacuum port. This approach has been very successful for filtering large 

volumes of water in caves; however, it is critical that the device is pulled from the 

water before the pump loses power, which would result in the loss of suction and 

allow cells trapped on the membrane surface to diffuse away due to Brownian 

motion. For DNA extraction, the membrane can be cut out of the filter unit and, due 

to its cellulose chemistry, can be extracted directly in a phenol/chloroform mix (the 

cellulose dissolves in phenol), leaving behind the DNA/cell mix for extraction.  

 

Sample Volumes Above 50 L 

In oligotrophic bodies of water with fewer than 104 cells mL-1, potentially 

hundreds of liters of water may need to be collected for enough bacterial cell mass 

to allow DNA extraction. This can be achieved using a Nalgene filter for an 

extended period of time to allow enough water to pass through the filter (>24 h); 

however, a growing body of research has identified ultra-small bacteria in similarly 

oligotrophic groundwater environments (Miyoshi et al., 2005; Luef et al., 2015). 

Antarctic lake brine (Miteva & Brenchley, 2005), and marine environments (Ghai 

et al., 2013). These studies suggest that there is a significant bacterial population 

(>15%) able to pass through a 0.2 µm filter, which was previously considered the 

lower size limit for life (Maniloff, 1997). As small size yields a higher surface area 

to volume ratio in bacteria and increases the uptake of scarce nutrients, it is logical 
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to assume that environments low in nutrients, such as pristine karst aquifers, there 

may be a higher relative contribution from ultra-small species to the microbial 

community. 

 
Figure 2.4. The Nalgene filter set-up we have used in caves, which has the 
advantage of being inexpensive, commercially available, sterile (so they can be 
placed in the water column), and not susceptible to back-pressure problems. A) 
Schematic of our set-up, showing the vertical support rods and the plastic supports 
to hold the device together. The partially-filled Nalgene bottle allows the position 
of the device in the water column to be determined (and can be used to collect a 
water sample for chemical analysis), while the cheesecloth pre-filter traps clays 
and other large particulates. All of these materials are autoclaved and carried into 
the cave sterile for assembly. B) The sampling device being used to sample in a 
karst aquifer accessed via a cave conduit (Photo courtesy of M. Carnol). 
 

To collect these smaller cells, it is possible to use a Nalgene filter membrane 

with a smaller pore size (such as 0.1µm); however, the relatively small surface 

area of the membrane combined with the reduced pore size generates significant 
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resistance to water flow, which drastically increases the time needed to sample. 

When a Nalgene filter was reduced to 0.1 µm pore size, even using the maximum 

speed of the SP200 pump, the flow rate through the membrane was reduced to 

0.1 L min-1. Assuming a constant rate of flow, it would therefore take approximately 

50 hours to sample 300 L of water. The increased sampling times may be 

prohibitive for a variety of reasons, especially in a remote cave location that make 

it impractical to return to the surface multiple times: in the absence of a source of 

electricity, the pump must be operated by multiple batteries for extended runs; the 

batteries must be lightweight and small enough for transport through the cave, 

limiting the Amp hours and duration of available power; batteries may not perform 

optimally in the cooler conditions and high humidity of the cave; and over extended 

duration collection trips, researchers need to bring sufficient clothing (for warmth) 

and food. When sampling exceeds 24 hours, researchers may need to camp in the 

cave, requiring camping supplies in the addition to research equipment, 

necessitating large, cumbersome, and heavy packs needed to carry this additional 

equipment. Therefore, all efforts should be taken to reduce the likelihood of long 

sampling events.  

To resolve these many issues, a different filtration method is required. All 

the described methods so far use "dead-end" filtration of water, with flow 

perpendicular to the membrane. Due to this method of flow, caking of materials on 

the membrane will also reduce flow and eventually cause clogging (Li & Li, 2015). 

Alternatively, tangential flow filtration (TFF) allows water to flow tangentially across 
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the membrane, allowing water and particles smaller than the membrane pores to 

permeate and exit the filter, while retaining larger particles (Petrusevski et al., 

1995). This process also allows pores to be very small (on the nanometer scale) 

without reducing flow rate and limiting the potential for caking and clogging. 

A compact and durable TFF device that we have successfully used is the Large 

Volume Concentration column (LVC kit; Innovaprep, Drexel, MO; Figure 2.5). This 

filter utilizes tangential flow across 2.5 m2 of a 45 nm pore polysulfone hollow fiber 

membrane. Despite the exceedingly small pore size, the high surface area of the 

membrane allows filtration through the device to continue at 1 L min-1. This is a 

major improvement from the previous sampling strategies, with the LVC kit filtering 

300L in 5 hours and can be run longer for larger samples. While tangential flow 

demonstrates a significant advantage over other membrane technologies, the 

columns themselves are expensive and samples must be released from the 

filtration column with a provided buffer. In our assays, removing all of the cells and 

particulates trapped by the membrane has taken over 400 mL of a 0.075% Tween 

20/PBS elution fluid; the total volume of the collected sample must then be 

centrifuged to concentrate the cells for further processing. Despite this extra step, 

an additional benefit to this collection method is that the 45 nm pore size also 

enables a large portion of the bacteriophage population (size range 25 - 200 nm) 

to be collected.  
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Figure 2.5. The large volume concentration (LVC) column sampling the lakes in 
Wind Cave, along with the Global Waters SP200 pump and a high capacity 
12V/19V rechargeable lithium-ion battery pack (BiXPower BP160). The column 
does not need to be immersed within the water; however, a mechanism needs to 
be set up that allows the column to remain vertical during sampling. In the cave we 
use a piece of rigid plastic tubing to support the column.  
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2.7 Limitations of Microbial Sampling in Karst 

 

The use of the described techniques allows for the isolation of sufficient 

DNA for the identification of microorganisms in karst aquifers, either through 16S 

rRNA sequence analysis or through metagenomics approaches; however, recent 

work has suggested that even these approaches have their limitations. Our 

preliminary data suggest that microbial communities from karst aquifers may 

contain significant populations of the recently described ‘microbial dark matter' 

(Marcy et al., 2007; Rinke et al., 2013; Head et al., 2014). This ‘dark matter’ 

includes microbial species (particularly within the bacteria) that cannot be identified 

using current databases. Many of these may include representative operational 

taxonomic units (OTUs) of the recently identified Candidate Phyla Radiation (CPR; 

Brown et al., 2015). The CPR represents a number of phyla in the tree of life that 

have no known cultured representatives and have only been observed through 

DNA collected from environmental surveys. Microbes with these unusual 

sequences do not match to reference databases and may be wrongfully discarded 

from environmental microbial surveys as sequencing artifacts, when they actually 

represent novel divergent microbial lineages (Hug et al., 2015). 

A survey of a groundwater aquifer in Rifle, Colorado estimated that the CPR 

may represent more than 15% of the species present and have been under-

sampled in most culture-independent surveys due to their divergent 16S rRNA 

sequences and collection methodologies (Brown et al., 2015). The Rifle survey 
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also predicts that CPR representatives are likely to be ultra-small based on the 

small size of their putative genomes, providing a potential explanation for the lack 

of available information on these microbes. This phenomenon can be observed in 

the different contributions of these unclassified OTUs in samples collected using 

different pore-sized membranes (0.2 µm and 0.1 µm) from the Wind Cave lakes 

(Figure 2.6). The difference in the collected communities appears to be based 

primarily on the size of the filter, and the majority of this difference consists of 

OTUs that remain unassigned to previously described taxa. This suggests that a 

significant portion of the community is indeed excluded when relying on a 0.2 µm 

filter for microbial collection. This excluded portion of the community, the 

presumptive "microbial dark matter", despite being composed primarily of ultra-

small cells, must not be discounted when determining the overall metabolic 

processes that are ongoing in karst aquifers. These contributions to the community 

metabolism may include steps or enzymes in various nutrient cycles, production 

of secondary metabolites that may be used by other members of the community, 

or it may be possible that small cell size is indicative of a reduced genome size, 

which would indicate metabolic dependence by distinct phyla on the rest of the 

microbial community, rather than a contribution to ecosystem processes 

(Anantharaman et al., 2016). 
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Figure 2.6. The relative contribution of microorganisms in the Wind Cave Lakes 
that cannot be identified using traditional taxonomic databases based on the pore 
size of the filters used to collect the sample. The described phyla are the 
percentage of Illumina DNA sequences that can be placed in known phyla using 
the most recent SILVA reference database, while the unclassified sequences are 
those that cannot be assigned to any known phyla.  
 

 2.8 Conclusions 

 

The information obtained from understanding the contributions of the known 

bacterial and archaeal communities, the potential contributions by currently 

unclassified community, combined with metagenomic data, can reveal the 

presence of biogeochemical pathways driven by microbial activities in 

groundwater, and generalizations can be made about what process maintain the 

quality of drinking water (Iker et al., 2010). Likewise, by understanding the 
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metabolic interactions between microorganisms in these environments can reveal 

important information about the ability of a microbial community to function in its 

environment, or their contribution to cave forming processes (Tringe et al., 2005; 

Engel & Randall, 2011; Gray & Engel, 2013). By improving the collection methods 

used to obtain microbial communities from karst aquifer systems, we can better 

understand the processes that affect these systems, the implications for water 

quality in deviations from pristine aquifer conditions, and the importance of the 

microbial community to groundwater health and quality (Ward et al., 2005). The 

aim of this chapter was to share the methods we have developed (over many 

years) with other karst researchers, with an aim of promoting microbiology in what 

remains a relatively under-explored microbial environment. Given the preliminary 

work of ourselves and other investigators, it is likely that this will soon be an 

exciting and emergent field (Hug et al., 2015; Luef et al., 2015).
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CHAPTER III 

HIGH MICROBIAL DIVERSITY DESPITE EXTREMELY LOW BIOMASS IN A 

DEEP KARST AQUIFER

 

 
Published in Frontiers in Microbiology: 

Hershey, O. S., Kallmeyer, J., Wallace, A., Barton, M. D., & Barton, H. A. (2018). 
High Microbial Diversity Despite Extremely Low Biomass in a Deep Karst Aquifer, 

Frontiers in Microbiology, 9, 2823. 

 

3.1 Abstract 

 

Despite the importance of karst aquifers as a source of drinking water, little 

is known about the role of microorganisms in maintaining the quality of this water. 

One of the limitations in exploring the microbiology of these environments is 

access, which is usually limited to wells and surface springs. In this study, we 

compared the microbiology of the Madison karst aquifer sampled via the 

potentiometric lakes of Wind Cave with surface sampling wells and a spring. Our 

data indicated that only the Streeter Well (STR), which is drilled into the same 

hydrogeologic domain as the Wind Cave Lakes (WCL), allowed access to water 

with the same low biomass (1.56 - 9.25 x 103 cells mL-1). Filtration of ~300 L of 
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water from both of these sites through a 0.2 µm filter allowed the collection of 

sufficient cells for DNA extraction, PCR amplification of 16S rRNA gene 

sequences, and identification through pyrosequencing. The results indicated that 

bacteria (with limited archaea and no detectable eukaryotic organisms) dominated 

both water samples; however, there were significant taxonomic differences in the 

bacterial populations of the samples. The STR sample was dominated by a single 

phylotype within the Gammaproteobacteria (Order Acidithiobacillales), which 

dramatically reduced the overall diversity and species richness of the population. 

In WCL, despite less organic carbon, the bacterial population was significantly 

more diverse, including significant contributions from the Gammaproteobacteria, 

Firmicutes, Chloroflexi, Actinobacteria, Plantomycetes, Fusobacter and 

Omnitrophica phyla. Comparisons with similar oligotrophic environments suggest 

that karst aquifers have a greater species richness than comparable surface 

environs. These data also demonstrate that Wind Cave provides a unique 

opportunity to sample a deep, subterranean aquifer directly, and that the 

microbiology of such aquifers may be more complex than previously anticipated.  

 

3.2 Introduction 

 

Karst is a term used to denote landscapes formed by water within soluble 

rock, often limestone (CaCO3). Aquifers that flow through karst landscapes often 

do so through solutionally enlarged conduits (caves), which provide multiple, direct 
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connections between meteoric water and groundwater systems (White, 1988; Ford 

& Williams, 2013). They also provide an important source of drinking water, with 

25% of the world’s fresh water flowing through karst aquifers (Ford & Williams, 

2013). Recent work has demonstrated that subsurface aquifers play an important, 

but overlooked, role in the global hydrologic cycle, contributing as much as four 

times the freshwater discharge into oceans as rivers and streams (Taniguchi et al., 

2002; Kwon et al., 2014). Areas with significant karst landscapes, such as the 

Mediterranean Sea, can receive up to 75% of their freshwater input from karst 

springs rather than surface run-off (Garcia-Solsona et al., 2010). Aquifers also 

contribute to terrestrial nutrient input into the oceans (Garcia-Solsona et al., 2010; 

Weinstein et al., 2011; Kwon et al., 2014; McCormack et al., 2014). The importance 

of karst aquifers in geochemical cycles and as human water sources has led to an 

increase in research aimed at investigating indigenous microbial species in such 

groundwater (Farnleitner et al., 2005; Goldscheider et al., 2006; Griebler & 

Lueders, 2009; Pronk et al., 2009; Wilhartitz et al., 2009; Iker et al., 2010; Gray & 

Engel, 2013); however, the microbial ecology of these environments remains 

poorly understood, as the vast majority of karst groundwater research is concerned 

with point source contamination rather than native microbial community structure 

(Dojka et al., 1998; Boyer & Pasquarell, 1999; Cho & Kim, 2000; Ashbolt et al., 

2001; North et al., 2004; John & Rose, 2005; Sinreich et al., 2014). 

Wind Cave is found within the Mississippian age limestone of the Madison 

Formation along the eastern flank of the Black Hills South Dakota, USA (Figure 



 

 44 

3.1). Originally designated a US National Park in 1903, Wind Cave is one of the 

longest (at 218 km) and oldest caves in the world, with initial cave forming 

processes (speleogenesis) occurring during the mid-Carboniferous period [~350 

million years ago (Mya; Palmer and Palmer, 2000)]. The most recent speleogenetic 

processes began during the Eocene Epoch (~ 50 Mya), when the Black Hills tilted 

toward the southeast, causing groundwater flow to accelerate passage 

enlargement and begin a close association between the aquifer and the cave 

(Bakalowicz et al., 1987). At a depth of -122 m, the cave intercepts the Madison 

aquifer, providing the only direct physical access (other than through drilled wells 

or discharge springs) to an enormous aquifer that underlies four US states and two 

Canadian provinces (Long et al., 2012). 

At the point where Wind Cave intersects the aquifer a series of lakes are 

created (Figures 3.1C-D). The lack of an obvious discharge route out of the lakes 

and their relationship to the local potentiometric surface suggests that the surface 

of the lakes represents the local surface of the Madison aquifer (Back, 2011; Long 

et al., 2012). Measurements of stable isotopes in calcite precipitates near the lakes 

site suggest that they have existed in this region of Wind Cave for ~1.14 (±0.13) 

Myr, where they have remained isolated from diurnal or seasonal variation and 

under permanent aphotic conditions (Ford et al., 1993). Their geologic isolation 

also means that they remain separated from the surficial hydrologic cycle, with 

recharge water taking an estimated 25 years to reach the lakes (Back, 2011; Long 

& Valder, 2011). The lakes themselves sit in a region of the Madison aquifer  
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Figure 3.1. Images illustrating the route to the Wind Cave lakes. A) Image 
illustrating some of the passages that must be traversed en route to the Wind Cave 
Lakes (it should be noted that this is not the smallest passage that researchers 
must navigate with equipment). B) Location map of South Dakota, the Black Hills 
and Wind Cave. The exposed Madison limestone, where some of the Madison 
aquifer water recharge occurs is indicated in blue, the location of Wind Cave 
National Park (red), Wind Cave (black star), and Streeter well (black triangle).  
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C) The survey line plot of the passages within Wind Cave, demonstrating the 
location of the lakes in relation to the natural entrance to the cave. D) Location of 
the sample site within the lakes area. The location of the lakes is indicated in blue, 
along with dry cave passages (brown). The named areas of the cave are indicated. 
All arrows indicate true north. Cave data compiled by, and with permission of, Wind 
Cave National Park; adapted from Hershey and Barton, 2018. 
 
containing groundwater flow paths in a complex aquifer pattern, with 39% recharge 

from the Precambrian rocks of the Black Hills, while 33% and 25% comes from 

ancient recharge basins (>10,000 years) flanking the eastern and western slopes 

of the hills, respectively (Figure 3.1B; Long et al., 2012). This hydrology may 

explain the relative stability of the lake water chemistry; sampling over the past 40 

years has demonstrated little variation in pH, electrical conductivity, temperature, 

nutrients (N and P), and dissolved O2 (Griebler & Lueders, 2009; Back, 2011). 

While presenting a variety of technical challenges for sample collection due to the 

significant distances from the surface, technical climbs and constricted 

passageways (Figure 3.1A), and depth underground, these lakes provide a rare 

and valuable window for directly accessing this region of the Madison aquifer. 

Given the unique opportunity that Wind Cave provides to directly access an 

important aquifer, we examined the microbial diversity of the Wind Cave lakes and 

compared it to microbial communities sampled from the aquifer by surrounding 

wells and springs. Our results suggest that the Wind Cave lakes contain a unique 

ultra-oligotrophic, deep subterranean lake ecosystem dominated by bacteria, with 

cell numbers below those previously observed in similar freshwater environments, 

which cannot be directly sampled via regional wells and discharge springs. 
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3.3 Results 

 

There are a number of surface springs and wells near Wind Cave that 

provide access to water from the Madison aquifer (Long & Valder, 2011), of which 

two wells (PW2 and STR) and one spring (BCS), are found in in the same 

hydrogeologic domain as Wind Cave (as evidenced by the similarity in stable 

isotope values and chemistry to lakes found in the cave; Back, 2011). In order to 

determine how much water would need to be filtered to collect sufficient cells for 

DNA extraction, we carried out cell counts (Table 3.1). The lakes at WCL contained 

an average of 2.93 x 103 cells mL-1, while STR and PW2 were slightly higher, at 

6.30 x 103 and 9.30 x 104 cells mL-1, respectively (Table 3.1). These cell numbers 

are much lower than anticipated, as previous observations of other karst springs 

have cell counts in the range of 105 - 106 cells mL-1 (Farnleitner et al., 2005; Newton 

et al., 2011; Smith et al., 2012), lower than other measured bodies of water (Table 

A.1). Indeed, these numbers are more comparable to much deeper (~1,500 m) 

fracture fluids (McMahon & Parnell, 2014). The higher cell numbers seen in BCS 

(8.84 x 104 cells mL-1; Table 3.1) may be due to its use as a water source for a 

large herd of cattle that periodically wander into the spring. Culture-based analyses 

on selective media indicated that this microbial population included members of 

the Enterobacteriaceae (data not shown), making it impossible to distinguish native 

from contaminant microorganisms, and no additional sampling was carried out at 

BCS.  
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Table 3.1. Comparative direct cell counts for the sites included in this study. 

Sample Treatment Fields of View Volume filtered (mL) Cells/mL Std Dev (%) 
      

All sample sites     

CTL None 200 5 5.2 x 101 28.8 
PW2 None 100 10 9.3 x 104 4.2 

BCS None 100 10 8.8 x 104 52.5 
STR None 100 10 6.3 x 103 12.1 
WCL None 100 10 2.9 x 103 8.2 

      
Calcite Lake     

WCL None 100 10 3.48 x 103 10.8 
WCL None 100 10 1.47 x 103 16.7 
WCL US 50 10 6.84 x 103 24.3 
WCL US 100 10 1.88 x 103 14.7 
WCL US 100 10 1.56 x 103 16.2 
WCL Det. Mix 50 10 9.25 x 103 20.9 
WCL Det. Mix 50 10 8.85 x 103 21.3 
WCL Det. Mix + US 50 10 6.84 x 103 24.3 
WCL Det. Mix + US 50 10 8.44 x 103 21.8 

     
FISH     

WCL EUB338I/II/III 100 10 2.43 x 103 18.3 
WCL CREN499/ARC915 100 10 3.48 x 101 46.1 
STR CREN499/ARC915 100 10 bdla 46.1 

      
Nucleated cells     

WCL None 100 10,000 0 0 
      

 

The comparatively high arsenic concentration in PW2 (Table 3.2), 

suggested that the water in this well was contaminated by a significant intrusion of 

water from the shallower Minnelusa aquifer (Figure 3.2; Back, 2011), complicating 

the interpretation of the microbiology (PW2 was subsequently sealed and made 

inaccessible by WCNP due to high arsenic levels). We therefore focused our work 

on the samples obtained via the cave lake (WCL) and the accessible surface well 

(STR). To determine the contribution of archaea to these populations, we 

combined FISH with our cell counting methods. The results (Table 3.1) indicate 
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Table 3.2: Water chemistry of the sample sites used within this study. 

Site 
 

pH Temp 
 SO4 

(mg/L) 
As 

(µg/L) 
NO2+NO3 

(mg/L) 
PO4- 

(mg/L) 
 TOC 

(mg/L) 
Glucan 
(pg/mL) 

            

BCS  7.3 18.0  1,290 1.7 0.39 -  38.80 - 

PW2  7.8 14.9  38.4 26.7 0.21 3.37  - - 

STR  7.6 12.8  11.4 8.5 0.51 2.44  34.58a - 

WCL  7.75 13.8  9.57 12.8 2.38 0.41  0.29a bdlb 

            
aAverage values of three separate samples 
b bdl – below detection limit 

 

 

Figure 3.2. Geologic profile of sample sites. Stratigraphic profile demonstrating the 
overlying rocks that confine the Madison aquifer. WICA is located within the 
Madison Limestone Formation. STR is completed to the Madison aquifer and 
passes through the Minnelusa Formation (sandstone and shale), as well as the 
Opeche Shale. STR is a partially cased well. Beaver Creek Spring (west of WICA 
and STR) is located in the Spearfish Formation, with water originating from the 
Madison aquifer. Adapted from Epstein 2001, and Long and Valder, 2011. 
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that the Archaea were present in the WCL samples, albeit at a low rate (~2%). We 

were unable to count archaea in the STR sample above background control values 

(Table 3.1). During our bacterial cell counts, no eukaryotes were visible in the WCL 

water samples. To confirm this, we counted cells in 10 L samples (Table 3.1). 

Although scant fungal spores (~8 – 12 µm in diameter) were occasionally observed 

outside of the counting frame (data not shown), there were no identifiable 

eukaryotic/protozoan cells in WCL (Table 3.1). This lack of a eukaryotic population 

was supported by our inability to amplify any 18S rRNA gene sequences via PCR 

using the EK-1F/EK-1520 primer set (López-García et al., 2001; data not shown). 

To determine whether the very low planktonic cell numbers in WCL 

represented a statistical outlier, samples were collected for counting from WCL 

over the course of six years and analyzed in two independent laboratories, using 

a variety of separation techniques to obtain more robust counting data. Our data 

(Table 3.1) indicated that cell numbers within WCL are relatively constant, with an 

average of 2.48 x 103 cells mL-1, although slightly higher numbers could be 

observed following efforts to disrupt biofilms (7.64 x 103 cells mL-1; Table 3.1). The 

results from all methods across three separate sampling periods ranged from 1.56 

- 9.25 x 103 cells ml-1, with untreated and sonicated samples being on the low end 

of the spectrum and detergent mix and detergent mix/ultrasonic treated samples 

being slightly higher (Table 3.1). As a secondary analysis to confirm these low cell 

numbers, we tested the water for total (1,3)-b-D-glucan, a common polysaccharide 

of both with Gram negative and positive bacteria. Our data demonstrates that the 
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concentration of this polymer was below the limit of detection (<31 pg mL-1). To 

convert this value to cell number, we compared it to (1,3)-β-D-glucan production in 

the model species, Pediococcus sp., which generates an average level of 1.2 pg 

cell-1 (Dueñas et al., 2003), indicating a detection limit of 31 ng equates to 2,500 

cells mL-1. Thus, while quantitative (1,3)-β-D-glucan production by environmental 

species is unknown, our inability to detect this polymer supports the cell count data 

of low biomass (Table 3.1). 

Cell counts from WCL and STR were used to determine the volume of water 

necessary to collect sufficient DNA for examining diversity in the samples: 

assuming approximately 3 fg DNA per cell and 2.93 x 103 cells mL-1 in WCL, and 

a DNA extraction efficiency of 17% (Claassen et al., 2013), we determined that 

DNA analysis would require filtering a minimum of 200 L of water. We were able to 

filter ~300 L of water from STR and WCL through a 0.2 µm filter and obtained ~5 

ng of DNA from each site after extraction. In order to examine the microbial 

community profile at each site, we used 454-pyrosequencing of 16S rRNA PCR 

amplicons. The number of OTUs generated for analysis were distributed as 

follows: CL1: 5,566; CL2: 5,817; CL3: 4,340; SW1: 5,266; SW2: 5,706; SW3: 

8,945; and PCTL: 3,983. 

A rarefied analysis of the sequenced products (Figure 3.3; Chao, 1984) 

suggested that the WCL community demonstrates a significantly higher species 

richness and diversity than that found at STR, despite the 100-fold reduction in the 

amount of available organic carbon (0.29 mg L-1 versus 34.58 mg L-1). Indeed, the 
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rarefaction curve for WCL suggests that the lakes contain hundreds of unique 

species, while STR phylotypes are more broadly represented within the analyzed 

data (as expected, there is limited diversity in the preparation control; Figure 3.3). 

  
Figure 3.3: Chao 1 estimate of community species richness of WCL samples (red), 
STR samples (blue), and PCTL (green). Chao 1 points were generated using 
median abundance values of sample replicates, randomly subsampled (with 
replacement) at even sampling depths over 10 iterations. A best fit curve was 
generated using a robust linear model. 
 

Analysis of the identified taxa revealed a broad phylum-level diversity within 

both the WCL and STR samples, with 14 and 11 represented phyla, respectively 

(Figure 3.4). The dominant phyla in WCL are similar to that observed in other cave 

biomes (Figure 3.4), with dominance by the Proteobacteria (averaged across three 

samples; 31%), Firmicutes (14%), Chloroflexi (12%) and Actinobacteria (9%), 

along with significant contributions by members of the Plantomycetes (3.5%; 

Hershey & Barton, 2018). The WCL samples also contained a greater contribution 
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by members of the Fusobacter (6%), Omnitrophica (7%), Nitrospirae (2%) and 

unclassified bacterial sequences (5%) compared to other cave samples (Figure 

3.4). Sequencing demonstrated an average of 4% archaea within the WCL 

population, primarily consisting of the Thaumarchaeota, in support of the 

microscopic data (Table 3.1 and Figure 3.4).  

 

Figure 3.4: Phylum level 454-pyrosequencing data from the Wind Cave (WICA) 
Lakes, Streeter Well, and the processing control (PCTL). Three PCR replicates 
were performed for each sample, generating 5,566 (WICA lakes I), 5,817 (WICA 
Lakes II), 4,340 (WICA Lakes III), 5,266 (Streeter Well I), 5,706 (Streeter Well II), 
8,945 (Streeter Well III), and 3,983 (PCTL) sequences after processing. Relative 
contribution of each phyla is shown; phyla composing less than 1% of the microbial 
community were not included for clarity (a more detailed breakdown of all 
represented clades at the Order level is shown in Figure 3.5). 
 

 

 



 

 54 

Despite the much lower available organic carbon in the WCL sample, the 

community appeared evenly distributed across several phyla, while STR is 

dominated by one phylotype (Figures 3.4 and 3.5). In order to determine whether 

species richness was statistically different between samples, we used the 

reciprocal Simpson index to quantify the average proportional abundance of each 

taxon in the sample. The results (Figure 3.6A) suggest that there were more taxa 

represented in the WCL sample, with a higher proportional representation 

(richness) in the population (Interlandi & Kilham, 2001). This analysis confirms the 

observation that STR is dominated by one species. Indeed, even the minimal DNA 

amplified from the PCTL control appears more diverse than the community in STR 

(Figure 3.6A), suggesting that access to the organic carbon in STR may be 

selecting for this phylotype within the Acidithiobacillales (Figures 3.5 and 3.6). 

Population differences between the sample sites were further visualized 

using a weighted Unifrac principle coordinate analysis (PCoA; Figure 3.6B). The 

PCoA plot demonstrates that the WCL community is indeed significantly different 

from the STR (and PCTL) populations, with very little in-group difference between 

the WCL samples, compared with those for STR (Figure 3.6B). Thus, while WCL 

and STR had comparable, low cell numbers, the available organic carbon and/or 

geochemistry appears to have selected for quite distinct community compositions 

(Figures 3.4 and 3.6). 
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Figure 3.5. The results of the 454-pyrosequencing analysis of the Proteobacterial 
populations within Wind Cave Lakes (WCL), Streeter Well (STR), and processing 
control (CTL) samples. A) The total population(%) of the Proteobacteria within the 
samples, along with the sub-division level distribution within the Alpha-, Beta-, 
Delta-, Epsilo- and Gammaproteobacteria. B) The relative distribution of orders 
within the Gammaproteobacterial populations demonstrated in A.  
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Figure 3.6. Alpha and beta diversity metrics of WCL, STR and PCTL. A) Reciprocal 
Simpson rarefaction plot of WCL, STR, PCTL, demonstrating community 
evenness. Data were randomly subsampled (with replacement) at even intervals 
to generate reciprocal Simpson curve. The 95% intervals are indicated by gray 
shading. B) Principle Coordinate Analysis (PCoA) of unweighted Unifrac distances 
between WCL (red), STR (blue), and PCTL (green). Ellipses depict the 95% 
confidence interval of the sample cluster, with centroids determined by Source 
mean values.  
 

To determine whether the WCL and STR populations shared similarity with 

other karst communities (despite being distinct from each other), we expanded our 

PCoA analysis to include comparable environments (Figure 3.7A). These sites 

were chosen based on oligotrophic conditions, sampling of pelagic microbial 

communities, and 454-pyrosequencing. These comparative samples included: the  

Edwards karst aquifer of Texas (Edwards aquifer; SRP010407; Engel & Randall, 

2011); a shallow karst aquifer in Germany (Limestone aquifer; ERP020663; 

Herrmann et al., 2017); stream water in a Kentucky epigenic cave (Cascade Cave 

system; SRP058014; Brannen-Donnelly & Engel, 2015); and a surface lake open 

to photosynthetic input (the oligotrophic Lake Brienz; SRP021556; Köllner et al., 
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2013; Figure 3.7A). Analyses are therefore based on sequencing method (454-

pyrosequencing), PCR primers and average number of amplicons. 

Three different distance methods (normalized-weighted Unifrac, 

unweighted Unifrac, and the non-phylogenetic Bray-Curtis metric) were used to 

generate distance matrices for principle coordinate analyses to visualize 

differences between the samples in this study and the data from the comparable 

environments. All metrics used generated similar grouping patterns in a principle 

coordinate analysis; due to the varying samples sizes used among studies we used 

the unweighted Unifrac metric (which is qualitative, rather than quantitative; Figure 

3.7A). This PCoA demonstrates that the karst aquifer/spring samples exhibit 

similarity in the taxa identified, grouping together and remaining distinct from both 

the epigenic cave stream and surface lake samples (Figure 3.7A); however, even 

with this grouping the WCL and STR populations remain distinct from other 

samples, although differences in the primer sets used (V1/V3 versus V3/V4) may 

influence the overall result. In order to determine whether there were similarities in 

species richness between the karst aquifers, we again we used a comparable 

Reciprocal Simpson index, with a best fit projection for samples with fewer 

available sequences (Figure 3.7B). The results demonstrated that the site that 

shares the closest hydrogeological similarity to WCL, the German limestone 

aquifer, also demonstrated high species richness. In all cases, STR had the lowest 

overall diversity, despite being structurally similar to WCL in terms of geologic 

isolation and aphotic conditions (Figure 3.7B). 
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Figure 3.7. Alpha and beta diversity metrics for WCL and comparative 
environments. A) Principle Coordinate Analysis plot of unweighted Unifrac 
distances between WCL, STR, PCTL, and similarly oligotrophic environments. 
Comparative data include the Edwards aquifer (SRP010407), pelagic microbial 
populations from oligotrophic Lake Brienz, Switzerland (SRP021556), a freshwater 
spring (SRP144147), a limestone aquifer (ERP020663) and the oxygen minimum 
zone off the Gulf of California (SRP058343). Ellipses depict the 95% confidence 
interval. B) Comparative reciprocal Simpson rarefaction plot of WCL and STR, with 
the additional identified freshwater environments (as described in A), 
demonstrating community diversity.  
 

3.4 Discussion 

 

Wind Cave is one of the most geologically complex caves in the world, the 

structure of which provides the rare opportunity to travel into the subsurface and 

directly sample the microbiology of the Madison aquifer (Figure 3.1; Palmer & 

Palmer, 2000). Given the physical and technical challenges of examining the 

aquifer via the cave (Figure 3.1A), we wanted to examine how the microbiology 

sampled through the cave compared to the more easily accessible surface wells 

(PW2 and STR) and spring (BCS). Both PW2 and BCS contained a higher cell 
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number than either WCL or STR (Table 3.1); however, high levels of As and SO4
2- 

in PW2 and BCS indicated that these sites were heavily influenced by the 

shallower Minnelusa aquifer (Table 3.2 and Figure 3.5).  

Due to the chemistry at PW2 and BCS, STR has traditionally been used by 

hydrologists to sample the Madison aquifer (Back, 2011). Despite purging more 

than three volumes (2,000 liters) of water from STR (as recommended in past 

protocols; Hose & Lategan, 2012; Korbel et al., 2017), our data demonstrated 

differences between the STR and WCL samples (Figures 3.4 and 3.6). These 

included a higher level of TOC (a variable not examined in previous hydrologic 

studies) and SO4
2- at STR compared to WCL. We believe that these higher values 

may be due to minimal casing of the STR well (Ohms, M., personal 

communication, 2018), which would allow water from the shallower Minnelusa 

Formation to be drawn by the well (Back, 2011; Long & Valder, 2011). Thus, while 

the main volume of water from STR may be from the same hydrogeologic domain 

as Wind Cave, it is mixing with the higher organic content, SO4
2-, and microbiology 

of the Minnelusa (Figure 3.2; Atlas et al., 1991; Naus et al., 2001). 

There appears to be microbiological evidence for this water mixing within 

the STR well. While total cell numbers were comparable between the two sites (6.3 

x 103 cells mL-1 at STR versus 1.56 - 9.25 X 103 cells mL-1 at WCL; Table 3.1), 

taxonomic comparisons demonstrated that the microbial populations were 

significantly different (Figure 3.4). While both the WCL and STR samples were 

both dominated by members of the Gammaproteobacteria, at the order level there 
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were important differences (Figure 3.5). Within WCL, the Gammaproteobacteria 

(18% of identified OTUs) were dominated by members of the Pseudomonadales, 

Xanathomonadales, and Chromatiales. In STR, the much higher 

Gammaproteobacterial population (~73%), comprised a single OTU within the 

Acidithiobacillales (Figures 3.4 and 3.5). This OTU had the greatest sequence 

identity to an uncultured Acidithiobacillales clone KCM-B-112, which has been 

found in environments with high hydrocarbon content (Garrity et al., 2005; Marti et 

al., 2017). While this suggests that hydrocarbon breakdown may drive community 

energetics within STR, the closest cultured species, Thioalkalivibrio sulfidiphilus, 

is a chemolithotrophic, sulfur-oxidizer, suggesting that S-cycling may also be 

important (Muyzer et al., 2011). Nonetheless, T. sulfidiphilus only has 89% 16S 

sequence identity to KCM-B-112, and the low SO4
2--levels in STR make such 

metabolic inference difficult without additional biogeochemical support. The 

presence of similar members of the Acidithiobacillales at low abundance (<0.2%) 

in the WCL samples, suggests that STR may be seeded by microorganisms from 

the aquifer, but are selected for by the geochemistry of the well environment or 

grow within the Minnelusa Formation (Figure 3.4 and 3.5). In contrast, WCL is 

completely contained within the Madison limestone formation and not exposed to 

the organic content of the Minnelusa Formation (Figure 3.2). Indeed, the TOC in 

WCL is much lower (0.29 mg L-1) compared to STR at 34.59 mg L-1, although the 

SO4
2- is comparable (Table 3.2). Our work supports the findings of Korbel et al., 

(2017), who determined that despite purging of stagnant water from wells and 
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boreholes, microbial community analyses can still be influenced by variances in 

well casings, geologic strata through which wells pass, and even the purging 

strategies used (Hose & Lategan, 2012; Korbel et al., 2017). Thus, while STR may 

be a more easily accessible sample site for access to the water chemistry of the 

Madison aquifer, accurate microbiological investigations of this important water 

source require sampling via the cave. Consequently, the samples collected 

through the cave provide the most accurate window into the microbiology of the 

Madison aquifer. 

At the phylum level, in addition to Gammaproteobacteria, the WCL 

community contained members of the Actinobacteria and Firmicutes, and 

significant contributions from the Planctomycetales, Nitrospirae, Fusobacteria, 

Chloroflexi and Omnitrophica (Figure 3.4). The Actinobacteria and Firmicutes are 

dominated by members of the Actinomycetales, Bacillaceae, Pseudomonadales, 

associated with carbon turnover in soils (Barton, 2015). The high levels of NO2
-

+NO3
- present in the lakes may support the growth of autotrophic nitrite oxidizing 

Nitrospirae (Daims et al., 1999; Lucker et al., 2010). It is unclear as to a potential 

source of this NO3
- in WCL; however, the nearby South Dakota Badlands are 

comprised of caliche, which are nitrate-rich paleosols deposited when conditions 

were more arid in this semi-arid region. Given the close association of the 

Badlands with a local recharge zone or the potential for deep burial, it may be that 

the waters pass through such deposits en route to WCL. Members of the 

Nitrospirae are primarily associated with nitrite oxidation, with some members 
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capable of complete nitrification of ammonia to nitrate (Daims et al., 2015). The 

Nitrospirae have also been shown to be slow growing and metabolically flexible, 

with the ability to grow mixotrophically under microaerophilic or anaerobic 

conditions (Fujitani et al., 2014; Koch et al., 2015). Together with the presence of 

~2% ammonia-oxidizing Thaumarchaeota, this may indicate an active nitrogen 

cycle driving autotrophic growth within the lakes (Figure 3.4). 

With limited or no cultured representatives, the metabolic activity of the 

Planctomycetales, Chloroflexi and Omnitrophica make their activity in the 

environment difficult to predict. Nonetheless, these phyla are often highly 

represented in oligotrophic environments, particularly caves, where they appear to 

grow using oxidized-carbon compounds under extreme nutrient-limited conditions 

(Fuerst & Sagulenko, 2011; Barton, 2015). Members of the Omnitrophica are 

widely distributed in subsurface environments (Rinke et al., 2013), but their 

potential metabolic role is poorly understood (Glöckner et al., 2010; Shabarova & 

Pernthaler, 2010; Momper et al., 2017). Recent work suggests that members of 

the Omnitrophica, Nitrospirae and Planctomycetales, are involved in iron-

oxidation, and may play important roles in the geochemical cycling of iron and 

sulfur in the environment (Lefèvre, 2016; Lin et al., 2017; Momper et al., 2017). 

These data, along with the observation of other iron-cycling genera, such as 

Geothrix, suggest that iron (which is abundant within Wind Cave) may be an 

important driver of autotrophic growth (Kolinko et al., 2012; Lefèvre et al., 2013). 

These data suggest that autotrophic growth within WCL may be driven by iron, 
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nitrogen and carbon cycling, similar to that observed in similar German karst 

aquifer and the nearby deep Sandford Underground Research Facility (Herrmann 

et al., 2017; Momper et al., 2017). 

At the phylum level, the taxa observed in WCL appeared to be similar to 

that seen in other karst environments (aquifers and springs) and remain distinct 

from communities influenced by surface nutrient sources, such as Lake Brienz 

(Figure 3.7A). The WCL samples cluster together with the other karst aquifers but 

remain distinct from the epigenic cave stream (created where surface waters flow 

into the subsurface; Figure 3.7A). The STR sample intersects within the 95% 

confidence interval of the Edwards aquifer data, which itself intersect with the 

German limestone aquifer. This is likely due to similar sampling strategies, with the 

German limestone aquifer and Edwards aquifer using well access and similar 

primer sets; however, humanly accessible caves do not intersect these aquifers at 

depth, preventing in-cave sampling (Engel & Randall, 2011; Herrmann et al., 

2017), while the limited access to WCL has prevented re-sampling with the same 

primer sets to confirm this grouping. In the PCoA plot, the PCTL sample was close 

to the confidence intervals of two of the sampled sites (Figure 3.7A). Although this 

clustering may be due to resolution (when compared to WCL and STR alone, the 

PCTL sample was quite distinct), it suggests that control sample data from low 

biomass samples remain an important dataset to demonstrate the absence of 

sample/sequencing contamination (Barton et al., 2006). The PCTL itself was 

dominated by members of the Legionella, which generally live inside amoebae in 
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the natural environment (Harf & Monteil, 1988). We were unable to detect 

eukaryotic microorganisms within the lake via PCR amplification or direct 

microscopic observation, and the dominance of Legionella in the preparation 

control may reflect contamination of purchased buffers (DNase- and RNase-free 

laboratory water controls did not contain such contamination). Such contamination 

has been shown to be present in commercial laboratory reagents, further 

emphasizing the importance of preparation controls when working with low 

biomass samples (Shen et al., 2006).  

One of the most notable observations from this study was that the WCL 

samples, under the lowest nutrient conditions, had amongst the highest observed 

diversity (Figure 3.7B). This has been observed before: described by Hutchinson 

as the “paradox of the plankton” (Hutchinson, 1961). Microbial ecologists have 

attempted to describe the differences that account for this phenomenon, arguing 

that environmental heterogeneity, mixing and even predation prevent the 

establishment of true competitive exclusion, allowing for high species richness 

even in the most starved environments (Czárán et al., 2002; Kerr et al., 2002; 

Torsvik et al., 2002; Cadier et al., 2017). Such obvious mechanisms of 

heterogeneity are absent at the lakes within Wind Cave: the cave has stable 

environmental conditions, with no diurnal, seasonal or annual variation; the cave 

entrance is miles from the sample site, and there is no airflow sufficient to facilitate 

lake water mixing; and no potential eukaryotic predators/grazers were detected 

(Table 3.1). An alternate explanation is that of Interlandi and Kilham (2001), who 
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examined planktonic diatom diversity in oligotrophic lake systems. Their work 

demonstrated a correlation between the number of limited resources, biomass and 

diversity (measured using the Simpson’s index; Interlandi & Kilham, 2001). These 

investigators argued that resource competition itself was driving high diversity: 

despite the bulk water chemistry being homogenous, at the scale of individual 

microbial cells, there is sufficient resource variation to promote competition 

between species (even in low biomass environments; Interlandi & Kilham, 2001). 

The absence of light, low biomass, ultra-oligotrophic conditions, and limiting P may 

therefore contribute to the high diversity observed within both WCL and the 

German limestone aquifer (Figure 3.7B; Herrmann et al., 2017).  

This work represents the first study of the microbiology of a deep, 

geologically isolated aquifer sampled directly via access through a cave. Our data 

suggest that Wind Cave provides a unique access point to study the microbial 

community of an aquifer without the confounding variables introduced via well or 

spring sampling (Yanagawa et al., 2013). The data suggest very different 

community energetics than would have been suggested through sampling a well 

and indicate that the microbial communities have a much higher potential to 

influence the quality of drinking water than would have been determined from well-

based analyses (for example, denitrification; Herrmann et al., 2017). Nonetheless, 

the growing population and development of the Black Hills region means that 

demand on the Madison aquifer has increased. Recent permits have been 

approved to increase the amount of water drawn from the Streeter well to 
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~91,000,000 L year-1, with additional wells in the Black Hills and Fall Rivers water 

districts predicted to draw an additional ~1,420,000,000 L year-1. If these wells 

draw water faster than the local recharge rates, this could result in a dramatic drop 

in the potentiometric surface of the Madison aquifer (Greene, 1993). If the aquifer 

were to drop below the current level of the cave, access via Wind Cave (and the 

unique ability to sample the microbiology independent of well access) will be gone. 

It is therefore critical to carry out as many microbiological analyses of this important 

aquifer before the site is lost.  
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CHAPTER IV 

 

MANGANESE AUTOTROPHY AND HIGHLY MOBILE GENETIC 

INFORMATION CHARACTERIZE THE MICROBIOLOGY OF A DEEP 

SUBSURFACE AQUIFER

 

 

4.1 Abstract 

 

Subsurface aquifers are an important source of freshwater; however, our 

understanding of the biogeochemical processes that support microbial ecosystem 

dynamics remains limited due to the difficulty of accessing these environments. 

The lakes in Wind Cave (WCL) provide access for directly sampling the Madison 

aquifer, a regionally significant aquifer that contains one of the lowest cell numbers 

of any water on Earth. Despite this low biomass, the microbial community found 

there is remarkably stable and diverse. The low number of microbial cells in this 

environment has made sampling challenging; however, using tangential flow 

filtration, we were able to collect enough cells for metagenomics to study the 

community interactions and processes that supported life under the 

ultraoligotrophic conditions (0.29 mg L-1 TOC). Using comparative filtration, our 
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data demonstrate that the WCL community is enriched in ultrasmall cells, 

particularly within the Patescibacteria and Nitrospirota. Metagenomic analyses 

suggest an increase in genotypes associated with an oligotrophic lifestyle, 

including carbohydrate metabolism and amino acid scavenging. A reduction in 

evident prophage, along with a significant increase in integron density, suggests 

that integrons provide the genetic plasticity and metabolic flexibility necessary for 

adaptative evolution and survival. Finally, primary productivity in the ecosystem 

appears to be driven by chemolithoautotrophic manganese- and nitrite-oxidation, 

while evidence of redox active Mn-oxides may in-turn aid in the oxidation of 

recalcitrant organic carbon to release low molecular weight organics for growth. 

These suggest that due to the unique geochemical conditions of karst aquifers, the 

Mn geochemical cycle may play a principle role in subsurface primary productivity, 

while subsurface Mn-reduction may play an important, but as yet underappreciated 

role in the carbon cycle. 

 

4.2 Introduction 

 

Subsurface aquifers play an important, but often overlooked, role in the 

global hydrologic cycle, contributing as much as four times the freshwater 

discharge of rivers and streams (Taniguchi et al., 2002; Kwon et al., 2014). Areas 

such as the Mediterranean Sea can receive up to 75% of their freshwater input 

from karst groundwater, while many US states are highly dependent upon such 
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groundwater for irrigation and drinking water supplies (Maclay, 1995; Hudak, 2000; 

Garcia-Solsona et al., 2010). There is significant literature examining the role of 

indigenous microorganisms in geochemical cycling to maintain water quality in 

karst aquifers (Farnleitner et al., 2005; Goldscheider et al., 2006; Griebler & 

Lueders, 2009; Pronk et al., 2009; Wilhartitz et al., 2009; Iker et al., 2010; Gray & 

Engel, 2013); however, most research is concerned with point source 

contamination (Dojka et al., 1998; Boyer & Pasquarell, 1999; Cho & Kim, 2000; 

Ashbolt et al., 2001; North et al., 2004; John & Rose, 2005; Sinreich et al., 2014). 

There remains very little data on the role of microorganisms in maintaining water 

quality in deep karst aquifers, such as the regionally significant Madison aquifer, 

which is the main water supply for five US states and three Canadian provinces. 

Subsurface aquifers are typically accessed for sampling via springs or 

wells/boreholes drilled from the surface. Nonetheless, these methods are prone to 

contamination from well-casing bacteria or communities residing in the rock units 

through which the well is drilled (Basso et al., 2005; Korbel et al., 2017; Hershey 

et al., 2018; Hershey et al., 2019). To avoid such confounding contamination, we 

have been studying the microbial diversity of the Madison aquifer by travelling 

through Wind Cave (Wind Cave National Park, South Dakota, USA), where at -

120 m a series of lakes are found where the cave intersects the potentiometric 

surface of the aquifer (Hershey et al., 2018). Our data demonstrated that the 

microbial community profile of the aquifer sampled through the cave is significantly 

different from a nearby well, which had been traditionally used to sample water 
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chemistry; the well samples were dominated by microbial species that utilize 

hydrocarbons from the overlying Minnelusa formation, even after extensive 

purging of the well before sampling (Hershey et al., 2018). These data, combined 

with additional hydrogeological and chemical evidence, demonstrated that Wind 

Cave provides the only direct means of assuredly sampling the microbiology of the 

Madison aquifer (Back, 2011; Long & Valder, 2011; Long et al., 2012; Hershey et 

al., 2018). While the Wind Cave lakes (WCL) provide a valuable sampling location, 

accessing the site involves crawling, climbing and squeezing (sometimes through 

gaps ~20 cm wide) for over 3 km through the cave, while hand-carrying all 

necessary equipment and power, making research efforts logistically challenging 

(Hershey et al., 2018; Hershey et al., 2019).  

Our past results indicated that isolated in the deep subsurface from 

photosynthetic input, the Madison aquifer is an ultra-oligotrophic environment, 

containing less than 0.3 mg L-1 available organic C (Hershey et al., 2018). The 

water also contains one of the lowest cell numbers of any body of water tested, 

measured at 2.3 x 103 cells mL-1; the only places where cell numbers have been 

measured below this value are inside deep (>3,600 m) South African gold mines 

and in accretion ice from Lake Vostok, Antarctica (Karl et al., 1999; Borgonie et 

al., 2011; Hershey et al., 2018). This low biomass makes sampling additionally 

challenging, and while our initial study filtered 400 L of water, we were only able to 

collect sufficient material for comparative amplicon-based 16S rRNA sequencing. 

These samples revealed that despite the low biomass, the microbial community of 
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these lakes demonstrated a high species richness (Hershey et al., 2018), and 

direct cell counting and fluorescent in situ hybridization (FISH) demonstrated that 

the microbial community is dominated by Bacteria (~90%), with the remaining 

population represented by members of the Archaea (Hershey et al., 2018). Despite 

multiple attempts, we have not identified any protists, with the only detected 

Eukarya found as scant fungal spores (Hershey et al., 2018). We believe that this 

lack of Eukarya is unique and due to the extremely low biomass of this system. 

While 16S rRNA data can be used to infer microbial ecosystem dynamics 

in well-studied environments, such as soils and the human microbiome, the WICA 

lakes contain a significant proportion of OTUs from phyla with few or entirely 

uncultured representatives, making such metabolic inference challenging (Langille 

et al., 2013; Rinke et al., 2013; Douglas et al., 2020). Metagenomic sequencing 

can overcome this limitation by allowing community metabolic interactions to be 

estimated through functional gene content; however, obtaining sufficient DNA for 

the volume of sequencing necessary requires substantially more material than we 

were able to obtain using our traditional filtration techniques (Hershey et al., 2018; 

Hershey et al., 2019). In this study we used tangential flow filtration to filter >1,000 

L of the Madison water for DNA extraction and comparative metagenomic 

analyses. These analyses suggest that the structure of the unusual microbial 

community of the Madison aquifer is influenced by Mn redox chemistry driven by 

Mn(II) chemolithoautotrophy, while the presence of integrons suggests a high level 

of horizontal gene transfer between species. We believe these adaptations are 
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critical to ecosystem energetics and organic carbon turnover, supporting microbial 

community growth and subsistence isolated from surface nutrient input. 

 

4.3 Results 

 

Our previous work collected samples from the Wind Cave Lakes (WCL) 

using a 0.22 µm filter; however, single-cell whole genome sequencing (SCWGS) 

suggested that the WCL also contained a significant population of ultra-small cells 

(Hershey et al., 2018; Beam et al., 2020). To test the relative abundance and 

population structure, we filtered ~1,400 L of lake water using a large volume 

concentration (LVC) tangential flow filter with a 45 nm pore polysulfone membrane 

during two sampling campaigns (one in 2017 and one in 2018). The cells were 

collected from the filter on site using an elution buffer, yielding ~400 mL of 

concentrated cells. To examine the different population sizes, the collected cell 

sample was split into two 200 mL volumes on site; one volume was immediately 

preserved with ethanol for transport, with the remaining cells filtered through a 0.22 

µm pore disposable Nalgene filter. To collect the >0.22 µm cell fraction, the 

Nalgene membrane was cut from the filter using a sterile scalpel and stored in 70% 

ethanol, while the filtrate was preserved with ethanol. This provided three separate 

sample types at each sampling event: total cell population (Full), cells large enough 

to be trapped on a 0.22 µm filter (>0.2 µm), and the cell population able to pass 

through 0.22 µm (<0.2 µm). DNA was extracted from all three sample types; 
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however, the <0.2 µm fraction was challenging to work with as the cell pellet was 

very small and began diffusing immediately following centrifugation. We were 

therefore able to extract sufficient DNA for 16S rRNA Illumina iTag sequencing 

from all samples, but only enough DNA for metagenomic analyses from the Full 

and >0.2 µm cell fractions.  

 

Community Structure 

Illumina iTag sequencing demonstrated that the WCL (Full) community was 

structurally different than that previous collected using a 0.22 µm filter, including 

an increase in the phyla Verrucomicrobiota, Nitrospirota, Elusimicrobiota and 

Methlomirabilota (Figure 4.1). To determine whether these increases were related 

to population capture, we compared the <0.2 µm and >0.2 µm cell size fractions 

to the Full population (Figure 4.1). Unsurprisingly, there appeared to be a much 

larger contribution of phyla known to produce large cell sizes, such as the 

Proteobacteria in the >0.22 µm sample, with a simultaneous reduction in this group 

within the <0.22 µm fraction (Figure 4.1). The relative population changes between 

the two fractions (Figure 4.2) demonstrated that there was an increase in phyla 

known to include small cell populations in the <0.2 µm fraction, including the 

Patescibacteria (Parcubacteria/OD1, Microgenomates/OP11), Verrucomicrobia 

and Nanoarchaeota; however, there was also an enrichment in the population of 

Nitrospirota, along with the Firmicutes and remaining unassigned bacteria. The 

increase in Firmicutes may be due to spores, but the dramatic increase in the  
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Figure 4.1. 16S rRNA Illumina iTag data from the Wind Cave Lakes (WCL), 
demonstrating the relative contribution of each phylum in the total cell population 
(Full), the cell fraction captured on a 0.22 µm membrane filter (>0.2 µm), and the 
cell fraction able to pass through a 0.22 µm filter (<0.2 µm). Phyla composing less 
than 0.1% were not included for clarity. 
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Figure 4.2. Select phyla, including those known to contain small cell populations, 
and their relative abundances in the large (>0.22 µm) and small (<0.22 µm) 
fractions of the WICA microbial community. The dashed line represents the relative 
abundance of each phylum in the total population sample. 
 
 
Nitrospirota suggests that this population may make a significant contribution to 

community structure that was previously unobserved due to a very small adaptive 

cell size (Miyoshi et al., 2005; Kuhn et al., 2014; Luef et al., 2015). 

Analysis of 16S rRNA sequences extracted from metagenomic contigs also 

showed a high proportion of unclassified bacteria and archaea (~25%) which 

provides support that the unassigned OTUs in the 16S rRNA iTag data were not 

artifacts. Up to 25% of the metagenomic 16S sequences belong to Parcubacteria 

and Microgenomates, both of which are included in the Patescibacteria superphyla 

of the Candidate Phyla Radiation (CPR), further supporting that the WICA lakes 

are richer in MDM than previously thought. Conversely, the proportion of 

Nitrospirota (~4%) and Proteobacteria (~7%) were much lower than what was 
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observed in the 16S iTag sequencing, likely due to amplification bias (Suzuki & 

Giovannoni, 1996; Pinto & Raskin, 2012; Kennedy et al., 2014).  

 

Comparative metagenomics 

To identify the key microbial community activities within WCL, we carried 

out comparative metagenomics using publicly available metagenomes from similar 

environments where the planktonic microbial community had been sampled; this 

included groundwater, the deep oceanic subsurface, and freshwater lakes (Table 

A.2 – A.7). We also included other sampled cave environments to rule out the 

general influence of cave physiochemical conditions. Using Prodigal for gene 

recognition resulted in 497,033 predicted genes within the WCL metagenome, 

which were annotated with the SEED database using SUPER-FOCUS to identify 

a metabolic role. Of the genes identified, we observed an enrichment in protein 

(11.6%), carbohydrate (11.4%), and amino acid metabolism (11.1%; Figure 4.3). 

Unsurprisingly, given the geologic isolation and absence of light in the WCL, 

photosynthesis (<0.05%) was the least abundant functional category (Figure 4.3). 

However, only 13% of the predicted genes were matched to a SEED function, so 

we additionally annotated these genes using the Cluster of Orthologous Groups 

(COG) database, which assigned ~55% genes to a COG entry. A significant 

portion of the COG assignments (10.4%) remained poorly characterized (Class R 

general function and prediction, and Class S unknown); however, the most 

common functional COG classes were translation, ribosomal structure, and 
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biogenesis (9.5%), cell wall/membrane/envelope biogenesis (8.1%), and amino 

acid transport and metabolism (7.8%). 

 
 
Figure 4.3. Centered log-ratio (clr) of SEED Level 1 functional gene categories in 
the WCL metagenome. Values represent the ration between the counts for each 
feature and the geometric mean count for all features in the sample.  

 

In order to determine the variance in functional gene content between the 

comparative environments examined, a scaled PCA plot (Figure 4.4) generated 

from the compositional metagenome dataset. This PCA plot demonstrated that the 

WCL samples were functionally distinct from metagenomes collected from 

groundwater, freshwater, and deep ocean subsurface samples, although it did 

group with other caves, possibly through shared geochemical conditions (pH, Ca2+, 
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low TOC). Nonetheless, the WCL metagenome was in a distinct functional group 

that was closer in identified gene function to the Mariana and Kermadec deep 

ocean trenches (Figure 4.4). Interestingly, both groundwater samples obtained 

from underground research facilities (Sanford and Honorobe) did not group closely 

with our groundwater aquifer samples. 

 
Figure 4.4. A scaled principle component analysis (PCA) plot of the variance of 
functional gene composition between each biome type examined. 
 

SEED annotations were examined using differential abundance analysis to 

identify any metabolic pathways or processes that may distinguish WCL from other 

biome types. This analysis showed that sulfur metabolism, nitrogen fixation, and 

several carbohydrate utilization pathways (including monosaccharide and sugar 

alcohol catabolism, and fermentation) were underrepresented in WCL compared 

to the other biomes examined. Genes involved in nitrate and nitrite ammonification 
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were present at levels similar to those found in other cave, freshwater, and 

groundwater biomes, but were considerably higher than the deep ocean 

subsurface and oceanic trench biomes examined.  

Few major catabolic or anabolic pathways were more abundant in WCL 

than in the other biome types. Instead, cellular functions, such as protein folding 

and chaperone/usher pathways, DNA recombination and repair, and 

osmoregulation, were prevalent in WCL. Peptide methionine sulfoxide reductase, 

an enzyme that repairs oxidative damage to methionine peptides in proteins, was 

significantly increased in WCL over the other biomes, while other genes for coping 

with oxidative stress were not significantly elevated (Singh et al., 2018). Overall, 

ATP synthases in WCL were increased, with WCL having more FoF1-type ATP 

synthases than freshwater, groundwater, and oceanic trenches, and more V-type 

ATP synthases than oceanic trenches and other cave biomes.  

 

Integrons 

One of the notable features during our metagenomic comparisons was the 

abundance of integron integrase (intI) genes. IntI is the catalytic component of the 

site-specific integron gene cassette assembly platform (Mazel, 2006; Cambray et 

al., 2010), which was a significantly overrepresented SEED function in WICA 

compared to all other biomes examined (Figure 4.5). Because integrons often 

contain numerous repetitive sequences, they are difficult to assemble from 

metagenomic sequence data; however, by identifying the attC insertion sites for 
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integrase and identifying the upstream ORFs, the number and function of integron-

associated genes can be estimated (Buongermino Pereira et al., 2020). The 

average number of attC sites identified in WCL metagenome varied between 0.84 

and 1.44 per Mb of assembled sequence, which was significantly higher than all 

the other metagenomes examined (0.04 to 1.25 copies per million bases; Figure 

4.6A). The predicted number of integron-associated ORFs was also higher in WCL 

(1.06 to 1.95 integron-associated ORFs per million bases) when compared to the 

other samples (0.06 to 1.72 ORFs per million bases).  

 

 

 

Figure 4.5. The relative abundance of SEED functional genes in the phages, 
prophages, transposable elements, and plasmids SEED subsystem. 
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Figure 4.6. The relative abundance of attC sequences and integron-associated 
genes assigned to COG Classes. A) Averaged relative abundance of attC insertion 
sites (per Mbp) in each biome type examined, identified using Migfinder. B) 
Relative abundance of COG assignments for integron-associated ORFs identified 
in the large cell fraction (>0.2 µm) and Full microbial community. For clarity, only 
some COG classes are shown.  
 

ORF assignment to SEED functions was limited due to the shorter length of 

the extracted integron-associated genes, with only 49/1373 (3.2%) genes 

assigned. Assignment to COGs was more successful, with 446/1373 (32.5%) of 

genes assigned, of which 373 had a known function (Figure 4.6B). The genes for 

defense mechanisms (COG Class V, 33.9%) were the most abundant of the 

integron-associated genes (Figure 4.6B), although nearly 75% of these were 

components of toxin-antitoxin systems, which have been shown to play a role in 

stabilizing large gene integron cassette arrays (Mazel, 2006; Cambray et al., 



 

 82 

2010). Genes for these toxin-antitoxin systems were also significantly more 

prominent in WCL SEED data, with several separate toxin-antitoxin pairs (Phd-

Doc, YdcE-YdcD, MazEF, and others) represented. Genes involved in 

transcription (Class K, 6.1%) and mobilome-related genes (Class X, 9.4%) were 

the next most abundant COG Classes identified in the integron-associated genes 

(Figure 3B). When compared to genes identified in the whole WCL metagenome, 

Class V (defense) and Class X (mobilome), as well as the poorly characterized 

Class R and S genes were overrepresented in integron-associated genes. 

Comparatively, nearly all of the COG Classes related to metabolism and 

information processing associated with integrons were either underrepresented or 

not significantly different from the total metagenome. The only metabolic exception 

was Class Q genes, involved in secondary metabolite production (Figure 4.6B).  

Integrons are often classified as mobile or chromosomal based on their 

association with mobile genetic elements (MGEs), such as transposons and 

recombinases (Mazel, 2006; Boucher et al., 2007; Gillings, 2014). To estimate the 

proportion of mobile integrons in WCL, we classified integrons found within 2000 

bases of an MGE as putative mobile integrons, while the remainder were 

considered to be chromosomal. Of the 623 integron gene arrays identified, only 65 

(10.4%) were putatively mobile, carrying 234 ORFs. Of these ORFs, 102 (43.5%) 

were assigned to a COG, of which 31% belonged to Class V, 21.9% belong to 

Class X, and 11% were poorly characterized. In contrast, the putative 

chromosomal integrons contained 1139 ORFs. Only 30.2% of these ORFs were 
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assigned to a COG, and 20% were poorly characterized. Class V was the most 

abundant class in these integrons as well (33.4%). In general, chromosomal 

integrons contained more COGs in the metabolic and cellular processing and 

signalling classes.  

 

Ecosystem energetics 

The WCL are deep underground with ultraoligotrophic conditions (0.29 mg 

L-1 TOC; Hershey et al., 2018), making it unclear as to the drivers of ecosystem 

energetics. Nonetheless, there are a number of potential energy sources that could 

support autotrophic growth, including NO2
-/NO3

- at 2.4 mg L-1 and extensive Fe 

deposits, although dissolved Fe(II) is only 0.1 mg L-1 (Hershey et al., 2018). To 

identify any drivers of community energetics we examined the metagenome for the 

relative abundance of genes involved in chemolithoautotrophic metabolism 

(Anantharaman et al., 2016; Garber, 2020). Rather than nitrate- or iron-associated 

autotrophic pathways, the dominant genes were associated with Mn-oxidation, 

including two Mn oxidizing multicopper oxidases (McoA and MnxG), and a Mn 

oxidizing peroxidase (MopA; Figure 4.7; Tebo et al., 2005; Sujith & Bharathi, 2011). 

This was unexpected, although there are substantive Mn-oxide deposits 

throughout the cave. Another potential source for chemolithotrophic growth was 

sulfide, although sulfur deposits are extremely rare in Wind Cave. Hydrogenases 

were the most abundant oxidase observed; however, with such an extensive role 

in cellular functioning, we do not consider H2 a likely source for ecosystem 
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energetics (data not shown). While not significantly different from the other biomes, 

the TCA cycle was dominant among the central carbohydrate metabolic pathways, 

followed by acetogenesis from pyruvate and PEP-pyruvate anaplerotic reactions. 

The presence of 2-oxaloglutarate reductase (EC 1.2.7.3), fumarate reductase (EC 

1.3.5.4), and ATP-citrate synthase (EC 2.3.3.8) indicate the presence of a 

functional reductive TCA (rTCA) cycle, which has been proposed as a mechanism 

for chemolithoautotrophic growth in the Nitrospira (Hugler & Sievert, 2011; Yu & 

Leadbetter, 2020). 

 

 
 

Figure 4.7. Average abundance of select genes indicating chemolithoautotrophic 
processes identified from assembled WICA contigs using Lithogenie. 
Chemolithoautotrophic processes are grouped by element and include (from left 
to right): manganese (Mn(II) oxidation), C1 compounds (methanol, formaldehyde, 
CO, and formate oxidation), sulfur (sulfur oxidation, thiosulfate oxidation), iron 
(Fe(II) oxidation), Transition metals (breakdown of halogenated compounds, 
arsenate reduction), nitrogen (nitrite oxidation), and carbon fixation (reductive TCA 
cycle).  
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The enrichment of genes in the metagenome involved in Mn 

chemolithotrophic growth was unexpected. Nonetheless, there are a number of 

features within the cave that are rich in Mn-oxides, including the presence of 

extensive Mn-oxide floor deposits and wall coatings (LaRock & Cunningham, 

1995). While the analysis of these Mn-oxides to determine a biogenic origin is 

challenging, the cave also contains one of the world’s largest collections of 

subaqueous helictites; the origin of these helictites is unclear, although they are 

only found in ancient lake basins and appear similar in structure to subaqueous 

biofilms being agitated in a water current (Figure 4.8A). The helictites are covered 

in a thick calcite coating, which would have been precipitated in the ancient lake 

basins, preserving the internal structure. Sectioning the helictites demonstrated a 

consistent brown, inner core comprised of Mn-oxides, as determined both using 

EDAX and mineral structure (Figure 4.8B-F). Notably the Mn-oxides were 

associated with numerous micro-fossils (Figure 4.8C).  

Recent work by Yu and Leadbetter (2020) demonstrated that members of 

the Nitrospirota, which represent as high as 18% of the total community structure 

as determined by iTag sequencing, have the capacity to carry out autotrophic 

Mn(II) oxidation (manganese oxidizing bacteria; MOB; Parro & Moreno-Paz, 2003; 

Mi et al., 2011; Yu & Leadbetter, 2020). In order to identify whether such species 

were present in WCL, we used metaxa2 to extract 16S rRNA sequences from the 

metagenome for the dominant Nitrospirota found within the lakes. The results 

(Figure 4.1C) demonstrated that a large proportion of the unclassified species in  
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Figure 4.8. The chemical structure of helictite bushes within Wind Cave. A) A 
typical helictite structure, showing the vent-like structure. Approximate scale of 
image is 60 cm. B) The helictite bush had been heavily calcified in a lake basin; 
however, cutting the helictite in half demonstrated a brown-residue core. C) A thin-
section demonstrating brown material embedded within the calcite matrix and 
associated microfossils (indicated with arrows; approximate width of image is 100 
µm). D) SEM image of thin-section surface shown in C, with small pits where the 
row material fell out of the thin-section, creating small pits. E) EDAX mapping of 
these pits revealed an enrichment of Mn (scale bar is 50 µm). F) A close-up of a 
Mn-rich pit in the thin-section demonstrates minerals with a similar morphology to 
Mn-oxides (scale bar is 20 µm). 
 

WCL were found within the Candidatus Class Trogloglia, which includes the Mn-

oxidizing chemolithoautotroph Candidatus Manganitrophus noduliformans, and 

Nitrospira marina, a nitrite-oxidizing chemolithoautotroph (Yu & Leadbetter, 2020; 

Bayer et al., 2021). Notably, the closest phylotypes to our assembled 16S rRNA 

sequence within the Trogloglia were found in karst systems, which have similar 

chemistries and environmental conditions to WCL. While these data do not 

conclusively indicated Mn(II) and nitrite autotrophy as a source of community 

energetics it does suggest that Mn has been available in these lakes since at least 
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the deposition of these helictites (>1 million years based on isotopic dating of 

associated calcite deposits; Bakalowicz et al., 1987; LaRock & Cunningham, 

1995). 

 

4.4 Discussion 

 

Manganese is an abundant transition metal, and can be found in the 

environment as dissolved Mn(II) ions and microcrystalline Mn(III)/Mn(IV) oxides 

(MnO), the latter of which are produced through biotic and abiotic processes. Due 

to the slow rate of Mn(II) autooxidation, most biogenic MnO deposits (such as 

those seen at hydrothermal vents, metalliferous sediments, ferromanganese 

deposits and desert varnish; Tebo et al., 2005) are thought to be biogenically 

created by the reactive oxygen species (O2
.- and H2O2) generated during microbial 

metabolism reactions(Tebo et al., 2005; Learman et al., 2011; Geszvain et al., 

2012; Johnson et al., 2016). Nonetheless, Mn deposits are geochemically 

complex, and production likely involves the intertwined redox chemistry of 

Fe(II)/Fe(III) and Mn(II)/Mn(III)/Mn(IV). 

Mn(II) can serve as a source of electrons for oxidation, but historically 

Mn(II)-oxidation was thought promote growth through the highly reactive Mn(III) 

oxides produced. These redox-active Mn(III) oxides can reduce recalcitrant 

organic polymers, such as humic acids and humus, releasing low molecular weight 

compounds that in turn support microbial growth (Nealson et al., 1988; Francis et 
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al., 2001). In the WCL metagenome, this may be supported by the observed 

enrichment in genes that utilize C1-C2 carbon sources (Figures 4.3 and 4.7). The 

water entering WCL is old, with some coming from the ancient Archaean basalts 

at the center of the Black Hills, at >50,000 years, which would be highly oxidized 

organic carbon. Alternatively, the shales associated with the surrounding rock units 

may similarly provide a source of recalcitrant carbon. If Mn(III) provides a means 

of breaking down recalcitrant organic carbon, this may stimulate microbial growth 

without the need for Mn(II) chemolithoautotrophy. 

There are three known Mn cytochrome oxidases, all of which have been 

identified within the WCL metagenome. MnxG and MofA are multicopper oxidases, 

with MofA demonstrating extracellular activity regulated by Fe(II); MoxA is a Ca2+-

binding heme peroxidase with activity that is upregulated by Ca2+ ions, which are 

abundant in the WCL water. The growth of the Mn(II) oxidizing Erythrobacter sp. 

str. SD-21, which expresses moxA along with the CO2 fixation RubisCO pathway, 

is not affected by light; however, the Mn(II)-oxidation rate was dramatically reduced 

by light (Francis et al., 2001). This correlates with the presence of Mn-oxides in the 

environment, which are enriched in aphotic sediments (Nealson et al., 1988; Tebo 

et al., 2005). It has been thought that Mn(III)/Mn(IV) particulates are photoreduced 

by light in the open ocean, maintaining higher Mn(II) levels in the near-surface, 

although the role of light inhibition of MOB has not been investigated (Sunda & 

Huntsman, 1988). If this is indeed the case, cave environments have the potential 

to have enhanced Mn(II) oxidation due to their aphotic conditions.  
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Despite the established paradigm that environmental Mn(II) could not 

directly serve as an electron donor, Mn(II) chemolithoautotrophic growth was 

recently demonstrated in members of the Nitrospirota (Yu & Leadbetter, 2020). 

The autotrophic growth of the Nitrospirota used MnCO3 as the Mn(II) source and 

O2 as the terminal electron acceptor, and although growth rates were not affected 

by the presence of light, Mn(II) oxidation rates were not measured in its 

presence/absence (J. Leadbetter, personal communication, 2021). The Madison 

aquifer is housed within the Madison limestone, which is saturated with respect to 

CO3
2-, with high levels of dissolved Mn(II); at ~1 µM, these levels are far above the 

amount in the open ocean, (~5 nM), where Mn(II)-oxidation reactions are an 

important component of ecosystem energetics (Sunda & Huntsman, 1988). 

Interestingly, the water within WCL contains 2 mg L-1 NO3
2-. While the 

geochemistry of deep oceanic sediments suggests that NO3
- serves as an 

important electron acceptor in the environment, no isolates capable of coupling 

Mn(II) oxidation/NO3- reduction have been described, although the WCL 

ecosystem could be examined for the presence of such species (Tebo et al., 2005).  

Our metagenomic analyses found that reversable reactions within the rTCA 

cycle are the most abundant of the central carbohydrate metabolism pathways, 

along with ATP-dependent citrate lyase, an indicator gene for the presence of a 

functional rTCA cycle. Yu and Leadbetter (2020) similarly demonstrated that the 

rTCA was used to assimilate CO2 for Mn(II)-oxidative autotrophic growth. Given 

this similarity, we assembled full-length 16S rRNA from the dominant species 
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within the WCL metagenome (Figure 4.9). These data demonstrated that the 

dominant species were similarly within the Nitrospirota, including one phylotype 

(OSH-1082) that was taxonomically closely related to the chemolithotrophic 

species identified, Candidatus Manganitrophus noduliformas (Yu & Leadbetter, 

2020). Together with the dramatic enrichment of Nitrospirota within the WCL lake 

samples, we believe this is indicative of Mn(II) oxidation driving primary productivity 

within the WCL ecosystem. 

In addition to extant Mn(II)-oxidation, we believe that this microbial activity 

has been ongoing within the Wind Cave system for over 1 million years. 

Throughout Wind Cave there are also large formations with an obvious structural 

morphology called helictite bushes, which can approach 2 m in diameter (Palmer, 

1981; LaRock & Cunningham, 1995; White et al., 2009; Palmer, 2017). There are 

hundreds of these bushes throughout the cave, but they are all found along a single 

fault that intersects the lakes area and WCL (LaRock & Cunningham, 1995). The 

mechanisms of formation for these helictites remain a mystery; however, they are 

only found below the remnant edges of ancient lake basins and are often 

‘sprinkled’ with calcite rafts that form at the water/air interface of lakes (Palmer, 

1981; Davis, 1991; LaRock & Cunningham, 1995). Thin-sections of these bushes 

demonstrates a MnO core associated with significant microfossils (LaRock & 

Cunningham, 1995). The Madison limestone overlays the Deadwood Formation, 

which contains significant phyllosilicates that release Mn(II) upon dissolution 

(DeWitt et al., 1986). It is our hypothesis that the fault running through Wind Cave 
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provides a preferential flow path for water in the Madison aquifer, which picks up 

Mn(II) from the Deadwood Formation. As Madison water intersects into Wind 

Cave, it provides a source of Mn for Mn(II) oxidation and growth, generating 

hydrothermal-like biofilms at the infeeding source of the Mn. Over time these MnO 

biofilms are fossilized by CaCO3, preserving these structures as helictite bushes 

(LaRock & Cunningham, 1995). The calcite rafts that have caught within these 

helictite bushes when the lake basins dried, and dated at >1 million years in age. 

 

 
 
Figure 4.9. Phylogenetic analysis of Nitrospirae 16S rRNA genes extracted from 
assembled metagenomic contigs. Phylogenetic trees were generated using 1,236 
positions with the NJ and ML tree-building algorithms. The trees generated similar 
topologies and the optimal NJ tree computed using the Tamura 3-parameter 
evolutionary model with a gamma distribution parameter of 0.26 (closed circles 
indicate >70% bootstrap support and open circles indicating >50% support from 
1,000 generated trees). 
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Not all the cells within the WCL are autotrophic species, and there are other 

adaptations to nutrient limitation-- we also saw an enrichment in amino acid and 

co-factor transport and a reduction in cell size. Amino acid transport and co-factor 

assimilation are commonly associated with ultraoligotrophy, and increased 

scavenging mechanisms for amino acids can reduce the number of inorganic 

elements that play a critical role in enzymatic activity, such as amino acid synthesis 

– it therefore becomes energetically more advantageous to import amino acids 

rather than create the enzymes using unavailable co-factors. Similarly, the 

increase in co-factor transport is aimed to relieve this nutrient limitation. The other 

genes seen in higher abundance, such as DNA and RNA metabolism may reflect 

carbon turnover of microbial polymers from other microbial species within the 

environment. A significant population of WCL appears to comprise ultra-small cells 

(<0.22 µm), which we examined using differential-filtration (Beam et al., 2020). The 

size-differentiated metagenomes demonstrated a significant enrichment in 

members of the Nitrospirota (and in particular the Mn(II) oxidizing Leptospirillia), 

and ultra-small Patescibacteria and Nanoarchaeota, phyla that are known to 

contain ultrasmall cells. SCWGS confirmed these identifications, while also 

revealing that the Patescibacteria and Nanoarchaeota populations lack terminal 

electron transport chains (Brown et al., 2015; Castelle et al., 2017; Vigneron et al., 

2020) suggesting both structural and energetic traits that may provide an adaptive 

advantage for these species in the lakes (Beam et al., 2020).  
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Our metagenomic analyses also revealed other potentially important 

adaptations, including a remarkable potential for horizontal gene transfer (Mazel, 

2006). In addition to regular mobile elements (such as transposons, phage), the 

WCL metagenome contained ~3-fold more integrons-related sequences than 

comparative ecosystems (Mazel, 2006; Cambray et al., 2010; Gillings, 2014; 

Buongermino Pereira et al., 2020). Integrons are normally associated with the 

proliferation of antibiotic resistance cassettes in clinical settings, but are now 

recognized as a mechanism that can capture and shuffle gene cassettes with 

many potential functions within and between microbial chromosomes (Boucher et 

al., 2007; Gillings, 2014; Abella et al., 2015; Vit et al., 2021). The integron 

mechanism is such that newly inserted genes are placed adjacent to a promoter 

and immediately expressed, while older genes are pushed further from the 

promoter (Mazel, 2006; Boucher et al., 2007; Cambray et al., 2010; Gillings, 2014; 

Buongermino Pereira et al., 2020). Because gene expression is negatively 

correlated with distance from the promoter, new gene arrangements are quickly 

subjected to selective forces (Mazel, 2006; Boucher et al., 2007; Gillings, 2014; 

Engelstadter et al., 2016). A number of gene cassettes encoding toxin-antitoxin 

(TA) systems and restriction modification systems (RMS) were also present in the 

integron arrays in WCL. These addiction modules typically contain their own 

promoters and can prevent the loss of older gene cassettes in the integron array 

that were advantageous under previous conditions (Mazel, 2006; Cambray et al., 

2010). This mechanism may provide a reservoir of genes that can be reshuffled, 
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adding genetic plasticity to the microbial community that is essential for quickly 

responding and adapting to environmental stressors (Starikova et al., 2012; 

Engelstadter et al., 2016). 

In WCL, the integrons were associated with some metabolic genes, 

including those used in carbon turnover (lipid and carbohydrate metabolism, 

protein turnover and amino acid utilization), as well as a substantial number of 

gene cassettes containing genes with no known homolog and potentially novel 

functions (Stokes & Hall, 1989). We believe that these data hint at an evolutionary 

adaptation to survival under extreme nutrient-limitation and provides a rapid 

mechanism for the dissemination of new adaptive traits under nutrient stress 

(Stokes & Hall, 1989; Labbate et al., 2009; Raz & Tannenbaum, 2010; Ghaly et 

al., 2020). 

Carbon and energy limitations are a significant and distinct challenge in the 

WICA lakes when compared to other aphotic environments that are part of more 

open systems; for example, the deep ocean typically receives some amount of 

nutrient input from sinking particulate organic carbon, and groundwater can have 

an influx of nutrients from shallow, permeable regions and at recharge zones 

(Schütz et al., 2010; Glud et al., 2013). The isolation of the WICA lakes from 

surface processes and the age of the incoming Madison groundwater makes 

influxes of carbon unlikely. Instead, our data suggests that C in the system may be 

dominated by autochthonous carbon fixed by autotrophic growth. Taken together, 
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primary production within the WCL could be driven by Mn(II) oxidation, making it 

the first such community described .  
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CHAPTER V 

 

CONCLUSIONS

 

 

Karst aquifers provide up to 25% of the world’s freshwater. Understanding 

the role microbial communities play in biogeochemical cycles in karst is particularly 

important in understanding the factors that maintain clean drinking water. 

Advancements in sequencing technology and computational analysis have greatly 

improved our ability to examine microbial interactions and processes in such 

environments, without the need for cultivation; however, accessing these 

environments can be problematic, and obtaining adequate samples without the 

introduction of contamination (chemical or microbial) from the surface is even more 

challenging. Wind Cave is one of the longest and oldest caves in the world and at 

a depth of 125 m intersects the Madison aquifer, creating a series of lakes that 

provide a unique portal to study the microbiology of this important karst aquifer. 

My initial work in the Wind Cave lakes (WCL) compared the microbial 

communities from the Madison aquifer accessed through the cave with a nearby 

surface well, thought to supply water from the Madison aquifer. The microbial 

communities sampled between the two sites were distinct and suggested that 
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chemistry from the overlying Minnelusa formation changed the diversity that could 

be sampled via the well (Chapter 3). We also found that the community in WCL, 

despite having one of the lowest measured cell numbers for water, was surprisingly 

diverse. The number of microbes that remained unassigned to known phyla in our 

analysis made understanding the geochemical interactions that supported 

microbial subsistence challenging end required a deeper metagenomic analysis. 

The low cell counts in WCL made sampling difficult, requiring >1,000 L of 

water to be filtered to collect enough microbial biomass to extract adequate DNA 

for metagenomic sequencing; a problem that was further compounded by the fact 

that the WCL microbial community appeared to contain numerous cells capable of 

passing through a standard 0.2 µm filter. Simply switching to a 0.1 µm filter was 

not a solution to this problem—clogging and flow restriction increased the filtration 

time considerably, making sample collection unfeasible with the limited battery 

power we were able to carry into the cave. Ultimately, this led us to optimize 

filtration using a tangential flow filter with a 0.45 nm pore size (Chapter 2).  

Using tangential flow filtration, I discovered that the Wind Cave lakes 

contained a microbial community that was more complex than our initial study 

suggested, with a significant population (~18%) of ultrasmall cells (<0.2 µm 

diameter; Chapter 4). These included representatives from poorly understood 

phyla, such as those found in the Candidate Phyla Radiation and DPANN groups. 

This small cell fraction was also enriched in members of the Nitrospirota, which 

appear to play a central role in primary production in WCL via chemolithotrophic 
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Mn(II)-oxidation. Such findings suggest that the WCL could be an important site to 

study the Mn biogeochemical cycle in more detail, such as the role of Mn(III) in the 

breakdown of recalcitrant organic compounds. My data also suggested that an 

unusual level of integrons within the metagenome provides a means for the 

microbial community to quickly adapt to environmental changes under such 

extreme conditions. These mechanisms of genetic plasticity may work in 

conjunction with other adaptations typically observed in oligotrophic environments 

(scavenging mechanisms, reduced cell size) to support the broad diversity that is 

observed in the WCL ecosystem.  

While further investigation using cultivated representatives and 

metatranscriptomics may be necessary to determine active processes in the 

Madison aquifer, these data suggest that the WCL may represent the first 

described microbial community supported primarily by a manganese 

biogeochemical cycle. The literature on the potential for Mn oxides to serve as a 

biomarker is limited, even though the geologic record on Earth contains 2.2 Gya 

sedimentary Mn oxide deposits, such as the Kalahari manganese field in South 

Africa. A variety of Mn oxide deposits have been found throughout Wind Cave, 

with extensive deposits also in the nearby Jewel Cave, which may be directly 

related to past microbial Mn(II)-oxidation. Mn-rich rocks were also recently 

discovered in the Gale Crater on Mars, and this Mn appears to have accumulated 

in groundwater before deposition, reaching up to 35 wt % in the exposed rock. As 
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such, my work should have broad applications beyond understanding the 

microbiology of Wind Cave. 

Finally, the impetus for this work is rooted in conservation. Due to the 

growing population and development of the Black Hills region, water demand on 

the Madison aquifer has increased. New wells for the Southern Black Hills and Fall 

Rivers water districts have been recently permitted, with a combined requested 

draw of 1.42 billion L year-1. Together these wells would draw water at rates that 

would greatly exceed the local recharge rates of the Madison aquifer and would 

result in a drop in the potentiometric surface at Wind Cave in excess of 10 meters, 

exceeding the current depth of the WCL lakes (~7 m). The resulting loss of the 

lakes would not only have significant negative effects on the WCL ecosystem but 

would also result in the loss of direct access to this important sample site. This 

research provides strong evidence that the conservation of this karst aquifer 

system is vital for assessing the true extent of microbial diversity and 

understanding the processes that enable life to exist under some of the most 

extreme nutritional limitations. 
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CHAPTER Vi 

 

EXPERIMENTAL METHODS

 

 

3.1 Sample sites and sampling 

 

Given their depth (-122 m) and distance (>3 km) from the entrance, the 

Wind Cave lakes (WCL) are subject to constant temperature (13.7°C air 

temperature; 13.8°C water temperature; Back, 2011), with no variation in relative 

humidity (99.9% measured using a RH300 Digital Psychrometer, Extech 

Instruments, Waltham, MA). Park Well #2 (PW2), located within Wind Cave 

National Park (WCNP), was drilled as a source of drinking water, reaching a depth 

of -208 m and drawing water from the Madison aquifer. Streeter Well (STR) is a 

private well that is similarly drilled down into the Madison Formation, to a depth of 

-283 m (Long & Valder, 2011; Figure 3.2). Before sampling, resident water was 

removed from the wells by flushing three well volumes (>2,000 L) of water using 

hydrostatic pressure (Hose & Lategan, 2012; Smith et al., 2012). Beaver Creek 

Spring (BCS), is on private land to the south of WCNP was also sampled as part 

of this study (Long et al., 2012). 
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Given the remoteness of the cave sample site and the narrow size of cave 

passages traversed, all equipment had to be battery powered with its largest 

dimension no greater than the narrowest passage height (20 cm; Figure 31A). We 

therefore collected cells via filtration through a Nalgene disposable 0.2 µm filter 

unit using a SP200 variable speed peristaltic pump (Global Water Instrumentation, 

Gold River, CA) with a pump rate of 1 L min-1 (Hershey et al., 2018). To filter at the 

wells, samples were collected using the same Nalgene filter set-up, with well water 

flowing into a 18 L, sterile, acid-washed bucket in which the filter unit was floated. 

To collect cells, the filter membranes were cut out of the filtration unit at the sample 

site using a sterile scalpel and stored in 70% alcohol for transport. Samples were 

stored at -80°C in the lab until processing.  

 

3.2 Chemistry  

 

Inorganic water chemistry from each of the sample sites has been compiled 

from raw data provided by the National Park Service (USA) and Back (2011; Table 

3.2). Water pH was measured in the field using an Accumet AP61 portable pH 

meter (Fisher Scientific, Pittsburg, PA, USA). Total organic carbon (TOC) analysis 

was carried out by WATERS laboratories (Western Kentucky University, Kentucky, 

USA) using high temperature combustion method (SM5310B) in a Shimadzu total 

organic carbon analyzer TOC-V series. Due to the very low biomass observed in 

the lakes we decided to also measure (1-3)-b-5-Glucan, a common polysaccharide 
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of both Gram negative and positive bacteria, to assess total microbial biomass 

(Duenas et al., 2003). Quantification was carried out via a chromogenic method 

using the Glucatell reagent in a BioTek ELx808 microplate reader, with 

measurements averaged from samples collected over a two-year period.  

 

3.3 Cell Counting 

 

During four separate sampling campaigns (2009-2015), 10 mL samples of 

water were collected using aseptic technique and immediately preserved by the 

addition of 1 mL 20% paraformaldehyde, to a final concentration of 2%. Samples 

were kept on ice for transportation and were stored at 4°C until processing 

(generally <1 week). For cell enumeration, samples were filtered onto a 25 mm 

diameter, 0.2 µm membrane filter (Anodisc or Cyclopore; Whatman, Piscataway, 

NJ) and stained with SYBR Green I (unless stated otherwise, all chemicals were 

obtained from Sigma-Aldrich, St. Louis, MO). Total cell counts were carried out 

using epifluorescence microscopy at 1000X, using either a Leica DMZ2500 (Leica, 

Wetzlar, Germany), or Olympus BX53 fluorescent microscope (Olympus America 

Inc., Center Valley, PA). Blank counts were determined at the beginning and the 

end of each working day, and the average blank value (52 cells mL-1) was 

subtracted from each cell count. Between 50 and 200 fields of view were inspected 

in order to achieve a total count of at least 20 separate samples. To reduce cell 

aggregation and more accurately count cell numbers in the samples we used a 
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number of techniques, including: (a) filtering the untreated sample straight onto the 

membrane, (b) immersing the sample vial into a sonication bath (Bandelin 

Sonorex, 10 min at 640 W) prior to filtration, (c) adding a detergent solution (100 

mM disodium EDTA dihydrate, 100 mM sodium pyrophosphate decahydrate, 1 % 

vol/vol Tween 80) and methanol to the sample and vortexing it for 30 minutes to 

dissolve extracellular polymers; and (d) a combination of methods (b) and (c) 

(Kallmeyer et al., 2008). For detection of eukaryotic species, 10 L volumes of lake 

water were collected in triplicate and filtered onto a 25 mm diameter 0.2 µm or 8.0 

µm filters, before staining with calcofluor white M2R and DAPI fluorescent stains 

(Sigma-Aldrich, St. Louis, MO) following the manufacturers recommended 

protocol. Nucleated cells were counted for 50 fields of view on an epifluorescence 

microscope at 400X, as described. The absence of observable eukaryotic 

organisms was confirmed by scanning the membrane at 100X magnification. 

For domain-specific cell counts, fluorescence in situ hybridization (FISH) 

was performed using the bacterial-specific primers EUB338, EUB338II and 

EUB338III labeled with Cy3, and the archaeal-specific primers CREN499 and 

ARC915 labeled with Cy5. Details on the nucleotide sequence, specificities and 

formamide concentrations for the primers were used as described in probeBase 

(Loy et al., 2007). Briefly, 10 mL of paraformaldehyde-fixed water was filtered onto 

a 25 mm 0.2 µm Anodisc filter (GE Healthcare Bio-Sciences, Pittsburgh, PA) and 

stained with 50 ng mL-1 of each of the fluorescent probes as previously described 

(Daims et al., 1999). The filters were then enumerated on the Olympus BX53 
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fluorescent microscope. Samples were examined at a 1000X magnification with 

final counts being estimated from the average of 100 fields-of-view.  

 

3.4 Molecular Techniques 

 

All DNA protocols were carried out in a laminar-flow hood using aerosol 

resistant pipette tips to reduce the likelihood of contamination, along with 

preparation controls (PCTL). These preparation controls were created by 

subjecting all the sampling equipment to experimental processing in the absence 

of sample, including assembly and processing within the lab and at the field site. 

The preparation controls were extracted in parallel with the samples throughout 

the DNA extraction, PCR amplified and pooled prior to pyrosequencing. Cells were 

dislodged from filters via vortexing in 10 mL of Buffer A [200 mM 

tris(hydroxymethyl)aminomethane pH 8.0, 50 mM ethylenediaminetetraacetic acid 

(EDTA), and 200 mM NaCl] with 0.3% wt/vol sodium dodecyl sulfate (SDS) as a 

surfactant, followed by centrifugation at 13,000 x g (Barton et al., 2006). Genomic 

DNA was extracted from the pelleted cells using a low biomass bead beating 

protocol (Barton et al., 2006).  

For pyrosequencing the DNA was PCR amplified using the universal 

primers 515F and 806R (Walters et al., 2011) in three separate reactions. Each 

sample was labeled with a unique barcode (Kozich et al., 2013) and the amplified 

DNA was sequenced using a Roche/454 pyrosequencer at University of Kentucky 
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Advanced Genetic Technologies Center (UK-AGTC; 

http://www.uky.edu/Centers/AGTC). The resulting read data were analyzed using 

the QIIME software (Caporaso et al., 2010b) with nucleotide sequences from each 

site separated using the PCR-encoded barcode. Poor quality reads were filtered 

out using the QIIME 454 denoising pipeline (Reeder & Knight, 2010), and chimeric 

sequences were identified and removed using UCHIME (Edgar et al., 2011) de 

novo and reference-based detection. OTUs were identified using UCLUST (Edgar, 

2010) and classified using the SILVA QIIME 16S database (SILVA 119; Quast et 

al., 2013). Sequences were aligned to the SILVA 119 core alignment using the 

QIIME PyNAST alignment function and used to generate an approximate 

maximum likelihood phylogenetic tree using the default FastTree parameters 

(Caporaso et al., 2010a; Price et al., 2010). Raw sequences for this study were 

uploaded to the NCBI sequence read archive (SRA) with the acquisition number 

SRP147561. Comparative 454-sequencing data sets from similar oligotrophic 

aquatic environments were obtained from the NCBI SRA, including accession 

numbers SRP010407, SRP058014, SRP021556, and ERP020663.  

For alpha-diversity metrics, rarefied OTU tables were generated from 

sequence data in QIIME using a step size of 100 sequences and an even sampling 

depth of 3,900 sequences. Species richness for each sample was calculated using 

the Chao 1 non-parametric estimator over 10 randomized iterations of sampling, 

with the median values used for a best fit line generated in R (Chao, 1984; 

Wickham, 2007, 2011; Venables & Ripley, 2013). The species richness of each 



 

 106 

sample was calculated using average tables (including standard error) for 

Simpson's Reciprocal Index generated in QIIME (Simpson, 1949; Caporaso et al., 

2010b). Normalized OTU tables were generated for beta-diversity analyses 

utilizing weighted- and unweighted-Unifrac metrics for community comparisons 

and Principle Coordinate Analyses (PCoA) in R (Lozupone & Knight, 2005; 

McMurdie & Holmes, 2013).  

 

4.1 Sample sites and sampling 

 

At the Wind Cave Lakes (WCL) site, the air temperature is a constant 

13.7°C with a water temperature of 13.8°C (Back, 2011). There is no variation in 

relative humidity at 99.9% measured using a RH300 Digital Psychrometer (Extech 

Instruments, Waltham, MA). Samples were collected in September 2017 and 

October 2018 using a SP200 variable speed peristaltic pump (Global Water 

Instrumentation, Gold River, CA), modified for reduced weight, and the Large 

Volume Concentration (LVC) kit (Innovaprep, Drexel, MO). Lake water was filtered 

at a rate of approximately 1 L min-1 for approximately 24 hours. Cells were 

collected from the LVC filter at the sampling location using the provided elution 

buffer canister (0.075% Tween 20/PBS), into a sterile 500 mL polycarbonate bottle. 

To ensure that all cells were released from the filter, multiple elution canisters were 

used (until the collected fluid came out clear), yielding ~400 mL of concentrated 

cells that were preserved with ethanol to a final concentration of 70% prior to 
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transport out of the cave and stored at 4°C for transport. Preparation controls 

(PCTL) were also created for all samples by handling all collection filters and 

equipment at the field site and throughout laboratory processing in the absence of 

sample.  

 

4.2 DNA extraction 

 

All DNA protocols were carried out in a laminar-flow hood using aerosol 

resistant pipette tips to reduce the likelihood of contamination, along with 

preparation controls (PCTL). The unfractionated concentrated cell samples and 

the ultrasmall filtrate samples were further concentrated via centrifugation at 

25,000 xg, after which the alcohol was removed, and the cell pellets were washed 

with PBS. Cells collected on membrane filters were dislodged via vortexing and 

then centrifuged to form a pellet (Barton et al., 2006). The pellets were 

resuspended in 500 µl 2x buffer A [200 mM NaCl, 200 mM Tris-HCl (pH 8.3), 20 

mM EDTA], treated with 3 mg mL-1 lysozyme, incubated at 37°C for 30 min, after 

which 1.2 mg mL-1 Proteinase K and 10 µl 20% sodium dodecyl sulfate were added 

(Barton et al., 2006). The solution was incubated at 50°C for 30 min, vortexing 

occasionally. Genomic DNA was extracted using phenol-chloroform-isoamyl 

alcohol as previously described (Barton et al., 2006) and quantified using the Qubit 

2.0 Fluorometer and dsDNA High Sensitivity Assay Kit (Life Technologies, 
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Waltham, MA); The average yield of total genomic DNA was ~275 ng from each 

sample collection trip. 

 

4.3 16S rRNA Illumina Sequencing and read processing 

 

For each sample and PCTL, the bacterial and archaeal 16S rRNA gene 

V3/V4 variable region was amplified using the universal primers 515F 

(GTGCCAGCMGCCGC GGTAA) and 806R (GGACTACHVGGGTWTCTAAT) 

containing Illumina iTag sequences for multiplexed sequencing runs (Caporaso et 

al., 2011). Each PCR reaction contained 25 µL Taq Master mix (New England 

Biolabs Inc, Ipswich, MA), 100 µM of the indexed primers, 4 ng of template DNA, 

and were brought to a final volume of 50 µL using molecular grade water. The PCR 

was carried out as described in (Caporaso et al., 2011). Amplified products were 

visualized using gel electrophoresis, excised with a sterile scalpel, and purified 

using the Zymoclean Gel DNA Recovery Kit (Zymo Research, Irvine, CA). The 

concentration of the PCR product was determined using the Qubit dsDNA High 

Sensitivity Assay Kit. Amplicons were sequenced using the Illumina Miseq 

(Illumina, Inc., San Diego, CA) with 2x250 read length at the University of Kentucky 

Genomics Core Laboratory (UK Healthcare, 

https://ukhealthcare.uky.edu/genomics-core-laboratory). Read denoising, quality 

filtering, and chimera checking using DADA2 and statistical analyses were carried 

out in QIIME2 (McKinney, 2010; Pedregosa et al., 2011; Callahan et al., 2016; 
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Bolyen et al., 2019). The remaining reads were then classified using a Naïve Bayes 

classifier pre-trained on the 515F/806R region from 99% clustered OTUS in the 

SILVA 138 reference database (Pruesse et al., 2007; Quast et al., 2012; Yilmaz et 

al., 2014; Bokulich et al., 2018; Robeson et al., 2020). 

 

4.4 Metagenomic Sequencing, Read Processing, and Assembly 

 

Potential upstream contaminants were removed from the extracted 

genomic DNA using 2.2 volumes of AMPure XP beads (Beckman Coulter A63881) 

per the manufacturer recommendations, followed by 3 washes with 80% ethanol 

on a tube magnet (Eppendorf 12321D). After drying, the genetic material was 

eluted off the AMPure beads using ultrapure water (Gibco 15230001). Each 

sample was then dual-indexed with unique 8bp indices using the Nextera XT DNA 

Library Preparation Kit (Illumina FC-131-1096). Following quality control analysis 

by the Qubit 4.0 fluorometer (Q33238) and Agilent 4200 Tape Station System, the 

amplified DNA library was sequenced (Paired End Sequencing, 2x 308 Cycles) on 

an Illumina MiSeq using a MiSeq 600 Cycle Reagent Kit v3 (Illumina MS-102-

3003) at Koch Institute BioMicro Center. 

Quality trimming and filtering were done using several publicly available 

software packages. First, reads were trimmed for quality using Trimmomatic 

version 0.36 with the following parameters: LEADING:3 TRAILING:3 

HEADCROP:5 SLIDINGWINDOW:4:15 MINLEN:36 (Bolger et al., 2014). Reads 
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were then processed using a combination of bbtools version 38.0 scripts similar to 

the rqcfilter used by the Joint Genome Institute (Bushnell, 2018). Briefly, reads 

were further trimmed for quality and length, followed by the removal of reads 

containing adapter sequences, phiX sequences, and short sequences known to 

be Illumina sequencing artifacts. Then, reads that mapped to masked contaminant 

sequences (human, dog, cat, and mouse) were removed using bbmap (Bushnell 

et al., 2019).  

Sequences present in the PCTL controls were removed from the WICA 

samples sequences to account for contamination that may have been introduced 

during the sampling process. To do this, regions of low entropy and repeating 

sequences were masked, and the sample reads were mapped to the masked 

control references. Reads that mapped to the controls were removed, and the 

remaining unmapped reads were corrected using a bbtools bloom filter error 

correction tool (Heo et al., 2014). Read pairs were then merged to reduce the 

computational resources needed for assembly. Reads sets were assembled de 

novo with metaSPAdes version 3.13.1 with kmer sizes 33,44,77,99,127, with no 

additional error correction during assembly (Bankevich et al., 2012). The quality of 

the resulting assemblies was evaluated with QUAST version 5.0.22 (Gurevich et 

al., 2013). 
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4.5 Metagenomic Annotation 

 

Metaxa2 version 2.2.3 was used to identify and extract partial 16S rRNA 

sequences from the assembled contigs (Bengtsson-Palme et al., 2015). For 

comparison to the 16S rRNA amplicon results above, classification of the extracted 

reads was carried out in QIIME2 using a full-length SILVA 138 16S rRNA classifier 

(Pruesse et al., 2007; Quast et al., 2012; Yilmaz et al., 2014; Bokulich et al., 2018; 

Robeson et al., 2020). Open reading frames (ORFs) were predicted from the 

assembled contigs using Prodigal version 2.6.3 with -p meta and defaults for all 

other parameters (Hyatt et al., 2010). The resulting ORF nucleotide sequences 

were searched against the SUPER-FOCUS version 0.34 (Silva et al., 2016) 

DB_100 reference dataset, which contains curated protein sequences from the 

SEED database (Overbeek et al., 2005) clustered at 100% sequence identify for 

highest functional resolution. The DIAMOND aligner option was used with the 

SUPER-FOCUS default parameters (minimum sequence identity 60%, minimum 

alignment length 15 amino acids, e-value 0.00001), resulting in a metagenomic 

profile organized into the SEED subsystem hierarchy (where Subsystem Level 1 

is the most general classification and Function Level is the most specific 

classification). Annotation using the Clusters of Orthologous groups were 

performed using WebMGA (http://weizhong-lab.ucsd.edu/webMGA/server/cog/) 

with -e-value 0.001 parameter (Wu et al., 2011). Specific genes involved in the 

chemolithoautotrophic microbial metabolism (including C, H, O, N, S, Mn and 
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others) were identified performing an hmmsearch against a set of curated HMM 

profiles with LithoGenie using contig_source meta and defaults for all other 

parameters (Anantharaman et al., 2016; Garber, 2020).  

Integron-associated genes were identified by locating and validating attC 

sites in the assembled contigs, then searching for ORFs located less than 500 

bases from the attC site using the default parameters in MIG-finder (Buongermino 

Pereira et al., 2020). Antibiotic resistance genes associated with integrons were 

identified using the Resistance Gene Identifier (RGI) software using the 

Comprehensive Antibiotic Resistance Database (CARD) version 3.1.2, with 

parameters -include_loose and -low_quality enabled (Alcock et al., 2020). The 

integron-associated genes were also processed using SUPER-FOCUS for SEED 

functional annotation and WebMGA for COG annotation as previously described. 

 

4.6 Comparative Statistical analysis 

 

 The WICA metagenome was compared to 22 publicly available 

metagenomes obtained from the Integrated Microbial Genomes and Microbiomes 

(IMG/M) database, as summarized in Tables A.2 - A.7 (Chen et al., 2019). This 

dataset represents 5 different biomes: caves, groundwater (GW), freshwater lakes 

(FW), the deep ocean subsurface (DeepOSub), and deep ocean trenches 

(Trench). The FASTA files containing the nucleotide sequences of predicted ORFs 
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were processed with SUPER-FOCUS and WebMGA using the same parameters 

as WICA. 

 All statistical analyses were performed in RStudio version 1.4.1106 (R Core 

Team, 2020). A metabolic profile for each comparative sample was made using 

SEED Function level assignments, with features present at an abundance less 

than 0.001% in all samples removed (Gloor, 2016). The datasets were converted 

from feature counts to ratios using a center log-ratio (clr) transformation using the 

CoDaSeq version 0.99.6 package (Gloor et al., 2017). Distance was calculated 

from the Euclidean distance of the clr transformation. The resulting Aitchison 

distance matrix was used to generate a principal component analysis (PCA) plot 

to visualize variance between sample groups and generate a dendrogram of 

individual samples (Gloor et al., 2017). The ALDEx2 package version 1.23.2 

(Gloor, 2015) was used for differential abundance analysis to identify any genes 

for metabolic function that were over- or under-represented (|effect size| > 1.5) in 

the WICA metagenome compared to the other biomes, including other 

groundwater sites, the deep oceanic subsurface, and freshwater lakes examined. 

We also included other sampled cave environments to rule out the general 

influence of cave physiochemical conditions. A generalized linear model was used 

to compare all biome groups with aldex.glm and aldex.glm.effect; each biome was 

compared to WICA separately with the Welch’s t, Wilcoxon rank test and effect-

size estimations performed with the aldex wrapper function. Plots were generated 

in ggplot2 (Wickham, 2009) in addition to CoDaSeq and ALDEx2 plotting functions. 
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4.7 Thin Section preparation 

 

For microbiological observations, double polished thin-sections were 

prepared from lengths along the longitudinal axis of speleothem sample EMP1 to 

a thickness approaching 30 μm, or until crystal grain loss began to occur from the 

action of grinding. Specimens were trimmed to size with a Buehler Isomet low 

speed saw (Lake Bluff, Illinois, United States) to fit the dimensions of petrography 

glass slides and to preserve excess material for SEM analysis. Trimmed and 

polished specimens were dried on a hotplate for 24 hours to minimize air pocket 

formation, before being mounted on Hillquist 26 mm x 46 mm thin section glass 

slides using Hillquist Thin Section Epoxy A-B resin and cured at 79°C for 30 

minutes. A Hillquist Thin Section Machine (Hudson, New Hampshire, United 

States) was used to grind sections to within a thickness of 200 μm. Silicon carbide 

powder (600 and 1000 grit) and aluminum oxide powder (1200 grit) were then used 

sequentially to further grind the samples by hand to the desired final thickness 

between 30-50 μm. The surface was brought to a polish with Buehler Micropolish 

0.3 μm Alpha Alumina powder on a Buehler Low Speed polishing wheel. Between 

each grit size, specimens were sonicated to remove excess grit powder. Bacterial 

cells and manganese-associated microstructures within the thin sections were 

observed using an Olympus BX53 light microscope (Shinjuku City, Tokyo, Japan) 

with QImaging Exi Aqua camera. Images were captured using Q Capture Pro 7 

software. 
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4.8 SEM/EDX Analysis  

 

Thin-sections for SEM/EDAX analysis did not undergo extensive grinding. 

Instead, samples were coated with a 3 nm layer of platinum (which can be 

penetrated via EDAX) using a Leica EM ACE600 high vacuum sputter coater 

(Wetzlar, Germany). SEM imaging and EDAX mapping was carried out using a 

Tescan Lyra 3 XMU scanning electron microscope (Brno, Czech Republic) 

equipped with EDAX module. Elemental mapping was performed using EDAX 

TEAM EDS software (Mahwah, New Jersey, United States). Initial X-ray counts 

per second were low during shorter duration scans and detection of elements 

besides C, O and Ca was minimal. Scanning was subsequently carried out for 1 

hour at 15KV under high vacuum with a working distance of 10 mm to obtain the 

EDX data presented for manganese detection.  
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APPENDIX

 

 

Table A.1. Estimated cell counts in other aquatic environments, Chapter 3 

Aquatic Environment 
 

Depth 
(m below surface) 

Typical bacterial abundance 
(cells/mL) Reference 

Open Ocean Various depths 1.0 x 104 – 1.0 x 107 Whitman et al., 1998 

Screened well, San Juan Basin, 
New Mexico 182 -190 2 x 106 Takai et al., 2003 

CO2 Sink Reservoir, Ketzin, 
Germany 647 2 - 6 x 106 Myrttinen et al., 2010 

Eutrophic River Warnow 0 2.4 x 106 Freese et al., 2006 

North Atlantic 5 -200 8.2 x 105 – 2.4 x 106 Rowe et al., 2012 

West Pacific 5 - 200 2.9 x 105 -1.2 x 106 Rowe et al. 2012 

Crater Lake 0 - 200 2.0 x 105 – 1 x 106 Urbach et al., 2001 

Sedimentary Rock Borehole, 
Hokkaido, Japan  0 - 482 4.61 x 104 - 5.06 x 106 Kato et al., 2009 

Sargasso Sea 5 - 200 4.6 - 8.8 x 105 Rowe et al. 2012 

Bangomb site, Gabon, Africa 5 - 105 4.5 x 104 - 5.8 x 105 Pedersen et al., 1996 

Artesian Well, Paris, France 800 1.0 x 104 - 2.5 x 105 Basso et al., 2005 

Swiss Cave Pool 950 5.2 x 105 Shabarova and Pernthaler, 2010 

Limestone Karst Aquifer Spring 0 6.8 x 104 Farnleitner et al. 2005 

Dolomite Karst Aquifer Spring 0 1.5 x 104 Farnleitner et al. 2005 

Fault-bordered aquifer, 
Northern Japan 550 3 x 103 Shimizu et al., 2006 

WICA lakes 200 2.3 x 103  This study 

Lake Vostok 1500 - 2750 2.0 x 102 -1.0 x 103 Karl et al. 1999 

Dolomite, igneous rock, South 
African Mines 1700 - 3600 2.0 x 102 - 3.4 x 103 Borgonie  et al., 2011 
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Table A.2. Wind Cave metagenomic annotation statistics 
 

Sample IMG 
Genome ID 

Genome 
Size (Mb) 

Gene 
Count 

GC % CDS 
Count 

CDS % COG 
Count 

COG % Seed 
Count 

Seed % 

Wind Cave, Large fraction, 
2017 

* 321.73 494833 54.89 489019 98.83 253883 51.92 65207 13.33 

Wind Cave, unfractionated, 
2017 (JGI) 

3300021357 320.06 1216485 45.79 1199541 98.61 544905 45.43 158892 13.25 

Wind Cave, Large fraction, 
2018 

* 293.88 440063 57.85 434709 98.78 263806 60.69 55350 12.73 

Wind Cave, unfractionated, 
2018 

* 87.00 135897 55.42 134051 98.64 79985 59.67 18844 14.06 

*Will be made available at Barton Lab GitHub 
 
Table A.3. Metagenomic annotation statistics for other Cave biomes examined 
 

Sample IMG 
Genome ID 

Genome 
Size (Mb) 

Gene 
Count 

GC % CDS 
Count 

CDS % COG 
Count 

COG % Seed 
Count 

Seed % 

Carbonate Cave, Grottes des 
Collemboles, Begium* 

3300005781 121.59 8556468 62.64 8515791 99.52 3565507 41.67 63807 0.75* 

Iron Ore cave, brazil 3300021476 564.26 1969152 60.41 1960276 99.55 929499 47.20 268697 13.71 

Wishing Well Cave, Virginia 3300031576 2021.13 4912229 59.30 4877777 99.30 2385555 48.56 454679 9.32 

Kartchner Caverns 

2209111007 195.24 555572 65.80 552953 99.53 252936 45.53 101339 18.33 

2199352033 138.88 384714 62.44 382582 99.45 170993 44.45 58573 15.31 

2199352032 168.97 488539 61.76 485931 99.47 218215 44.67 81063 16.68 

2199352031 181.90 529910 62.44 527210 99.49 228371 43.10 80194 15.21 

2189573024 138.50 365407 58.98 363306 99.43 170302 46.61 70017 19.27 

3300004454 136.51 424662 58.99 422609 99.52 199055 46.87 68224 16.14 

*unassembled  
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Table A.4. Metagenomic annotation statistics for Groundwater biomes examined 
 

Sample IMG Genome 
ID 

Genome 
Size (Mb) 

Gene 
Count GC % CDS 

Count CDS % COG 
Count COG % Seed Count Seed % 

Cold Creek Source, Nevada 3300025123 607.60 1070400 52.48 1064648 99.46 422441 39.47 176499 16.58 

Devils Hole, Nevada 3300025765 23.83 101703 58.79 100941 99.25 47343 46.55 16477 16.32 
Ash Meadows Crystal Spring, 

Nevada 3300025130 642.08 1179482 59.01 1171040 99.28 633860 53.74 237649 20.29 

Horonobe Underground 
Research Laboratory, Japan 3300029821 268.48 352146 49.47 348013 98.83 222594 63.21 30201 8.68 

Sanford Underground Research 
Facility (SURF), South Dakota 

3300007352 513.21 815222 54.17 807594 99.06 389944 47.83 85567 10.60 

3300007354 279.82 478086 53.08 473855 99.12 234652 49.08 53520 11.29 

 
 
Table A.5. Metagenomic annotation statistics for Freshwater biomes examined 
 

Sample IMG Genome 
ID 

Genome 
Size (Mb) 

Gene 
Count GC % CDS 

Count CDS % COG 
Count COG % Seed 

Count Seed % 

Glacier valley Borup Fiord, 
Nunavut, Canada 3300025140 734.59 1024020 52.41 1017046 99.32 533667 52.11 160697 15.80 

Lake La Cruz, Castile-La Mancha, 
Spain 3300028569 760.84 1458059 50.21 1445315 99.13 648956 44.51 150483 10.41 

Oligotrophic Sparkling Lake, 
Wisconsin, USA 3300018815 374.32 1160925 57.04 1152371 99.26 708308 61.01 333551 28.94 

Lake Erie, Canada 3300027870 1226.94 3394051 59.44 3375379 99.45 1966471 57.94 860231 25.49 

Lake Tanganyika, Tanzania 
3300020083 1362.07 3751598 55.93 3722470 99.22 1805666 48.13 429729 11.54 

3300020200 1080.30 2656613 53.82 2635641 99.21 1063291 40.02 244452 9.27 
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Table A.6. Metagenomic annotation statistics for Deep Ocean Subsurface biomes examined 
 

Sample IMG Genome 
ID 

Genome 
Size (Mb) 

Gene 
Count GC % CDS 

Count CDS % COG 
Count COG % Seed Count Seed % 

South Atlantic Ocean, Benguela 3300024263 695.06 2254741 46.28 2237440 99.23 1200063 53.22 223792 10.00 

Anholt, Denmark 3300024353 801.52 1233515 49.82 1222993 99.15 655552 53.15 112130 9.17 

Black Sea 3300024433 1387.49 2170781 46.71 2155214 99.28 830338 38.25 141341 6.56 

South Pacific Ocean, Chile 3300024429 1282.10 2084361 45.30 2067776 99.20 1080099 51.82 220933 10.68 

Indian Ocean, Sumatra 
3300024432 663.81 2422292 42.98 2405592 99.31 906837 37.44 170329 7.08 

3300024265 1672.78 3241927 44.81 3216648 99.22 1231436 37.98 266352 8.28 

 
 
 
Table A.7. Metagenomic annotation statistics for Deep Oceanic Trench biomes examined 
 

Sample IMG Genome 
ID 

Genome 
Size (Mb) 

Gene 
Count GC % CDS 

Count CDS % COG 
Count 

COG 
% Seed Count Seed % 

Kermadec Trench 3300024060 846.63 2663714 55.58 2649608 99.47 1307406 49.08 333281 12.58 

Mariana Trench 
3300024058 1619.15 2560110 54.55 2547840 99.52 1248475 48.77 336976 13.23 

3300024516 1425.61 2618447 54.37 2605477 99.50 1195719 45.67 330022 12.67 

 


